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How many roads must a man walk down 

Before you call him a man? 
 

How many seas must a white dove sail 

Before she sleeps in the sand? 
 

Yes, and how many times must the cannonballs fly 

Before they're forever banned? 
 

The answer, my friend, is blowin' in the wind 

The answer is blowin' in the wind 
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Abstract 

Biomedical research involving synthetic ligand-protected nanoparticles requires robust control 

over nanoparticle-cell interactions, which are ubiquitous in every in vivo and in vitro application. This 

requirement is essential to the rational design of tailored nano-bio technologies for bioimaging and 

advanced drug delivery and to the assessment of the potential adverse impact resulting from undesired 

nanoparticle-induced perturbation of the biological environment. The controlled behavior of 

nanoparticles at the cellular interface relies on the fundamental need to elucidate the physicochemical 

principles that define the interactions between nanoparticles and cell membranes. Despite numerous 

research efforts, the propensity of surface-modified particles to interfere – or not – with the organization 

and function of cell membranes is still far from clear due to the inherently complex, heterogeneous, 

and dynamic nature of these biological barriers. Based on a biomimetic approach, model lipid 

membranes are extensively exploited for selective and systematic investigations of isolated nanoparticle-

membrane interactions in vitro. It is within this bioinspired perspective that the work presented in 

this thesis was developed. 

Here, experimental investigations based on biophysical techniques were undertaken to tackle 

some aspects of nonspecific nanoparticle-membrane interactions that are still unclear or very poorly 

addressed. Small gold nanoparticles with a diameter of less than 6 nm and passivated by a mixed 

ligand monolayer composed of hydrophobic and hydrophilic (ω-charged) alkylthiols were considered. 

These amphiphilic particles possess high biomedical potential as they are able to enter living cells 

passively and nondisruptively for diagnostic or therapeutic purposes. Lipid vesicles and supported lipid 

bilayers with variable structural and morphological complexity were employed to mimic the lipid 

structure of cell membranes. Particular attention was devoted to the impact that nanoparticle features, 

such as size and surface charged density, have on membrane integrity and lateral organization during 

the passive penetration of the lipid bilayer. In turn, the role of membrane fluidity in nanoparticle 

internalization was also addressed.  

The findings of this work have shown that the sign of the nanoparticle surface charge is not 

responsible for different particle behavior in interacting with neutral membranes. For both negatively 

and positively charged ligand monolayers, amphiphilic nanoparticles were shown not to induce relevant 

damage to membrane integrity during passive bilayer penetration. Furthermore, small amphiphilic 

nanoparticles were revealed to perturb the lateral lipid phase separation of multidomain membranes 

in a concentration-dependent manner and form peculiar ordered aggregates embedded in the bilayer. 

Finally, studies on fluid vesicles with progressive membrane stiffening tuned by cholesterol content have 

allowed us to systematically quantify the impact that reducing membrane fluidity has on the 

equilibrium amount of particles capable of passive incorporation into the membrane. Overall, these 

results have provided a novel contribution in elucidating how amphiphilic entities endowed with surface 

conformational flexibility, such as ligand-protected nanoparticles, can interact with cell membranes.
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List of Acronyms
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Aim of the thesis 

In recent decades, nanotechnology-derived materials have been widely used in 

various areas of daily life, including environmental protection, food industry, 

medicine, and pharmaceutical industry. Cell membranes play a central role when 

considering the effects triggered by nanometric particles – or nanoparticles (NPs) – 

after they come into contact, by accident or design, with the biological environment. 

Indeed, they represent the initial site of interaction between NPs and living cells, 

which are found everywhere in our organism. Membrane organization and dynamics 

selectively drive early cell-matter interactions and determine the fate of NPs on the 

cell surface. A comprehensive understanding of the nano-membrane interface at the 

fundamental level can assist the design of versatile biomedical NPs with controlled 

biological behavior. On the other hand, the encounter between synthetic NPs and cell 

membranes can alter the membrane structure and function, leading to adverse health 

effects. Membrane damage is one of the potential mechanisms by which exogenous 

particles can induce cytotoxicity.  In recent years, significant effort has been focused 

on the study of the physicochemical mechanisms of NP interaction with cell 

membranes, but the progress made to date is still far from an exhaustive and 

universally accepted interpretation of these phenomena. This thesis aims to give a 

new contribution to this fundamental research field.  

Cell membranes can be described as complex, highly organized, self-assembled 

structures whose constituent elements are primarily lipids and proteins. These 

heterogeneous entities represent a key junction for several cellular mechanisms that 

are difficult to study separately on a molecular scale. Therefore, in this thesis, we used 

synthetic phospholipid assemblies as simplified membrane models to investigate 

selected NP-membrane interactions that would be problematic to isolate on living 

cells. The use of lipid models lacking protein receptors allowed us to focus only on 

nonspecific NP-lipid interactions. On the NP side, we opted for surface-modified 

gold NPs for two main reasons: 1) chemical syntheses available to date allow good 

control over core size and surface composition, and 2) they are currently involved in 

numerous biomedical technologies (some already included in clinical trials). In 

particular, we focused on small gold NPs protected by a mixed monolayer of 

hydrophobic and hydrophilic thiols. Amphiphilic NPs of this type possess high 

biomedical potential due to their colloidal stability in the biological environment, their 

ability to load hydrophobic drugs, and their interactions with cell membranes and 

other biological entities such as viruses and serum proteins. 
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Projects 

The experimental study described in this thesis is divided into three projects 

that focus on specific aspects of the NP-membrane interaction that are still debated 

or poorly addressed. 

1. Influence of NP surface charge in interacting with neutral lipid membranes. Once NPs 

have reached the target cells, NP-membrane interactions are governed by numerous 

features of both sides. The influence of the sign of the NP surface charge is certainly 

one of the most investigated aspects, but at the same time also one of the most 

debated. In this project, we compared the effects on membrane integrity of the 

interaction with either negatively or positively charged amphiphilic gold NPs. In 

particular, we used membranes composed exclusively of phosphocholines, ubiquitous 

zwitterionic (neutral) lipids that represent the most abundant class of membrane 

components. 

2. Effects of NP-membrane interactions on the lateral membrane organization. The 

segregation of lipids into separate lateral phases of different composition and 

dynamics represents a functional feature of cell membranes. In this project, the use 

of multicomponent, phase-separated membranes has been an important step towards 

the exploitation of more complex and biologically relevant biomimetic membrane 

models. In particular, we selected a lipid mixture aimed at modeling the neuronal cell 

membrane. Before this study, very little was known about the effect that NP-

membrane interactions have on lipid phase separation. 

3. Influence of the degree of membrane fluidity in the interaction with NPs. Membrane 

fluidity is directly related to lipid dynamics. The latter represents a key feature for the 

proper functioning of the cellular machinery and exhibits considerable biological 

variability depending on various parameters, including membrane composition. The 

interaction between NPs and cell membranes is inevitably modulated by the degree 

of membrane fluidity. While many investigations have examined the effects that NPs 

have on membrane integrity and fluidity, very few studies have quantitatively and 

systematically addressed how the intrinsic variability in lipid dynamics affects the 

interaction with NPs. Notably, for this project, we relied on fluid membranes with 

progressive stiffening of lipid dynamics induced by increasing cholesterol content. 
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In a multidisciplinary scenario, the projects presented in this thesis were addressed 

experimentally by the candidate by developing the following contributions: 

- the optimization of the chemical synthesis of monolayer-protected gold NPs 

and their characterization by dynamic light scattering, ζ-potential analysis, 

proton nuclear magnetic resonance, and UV-Vis spectroscopy 

- the preparation of model lipid membranes (lipid vesicles and planar bilayers) 

and their characterization by dynamic light scattering, ζ-potential analysis, and 

atomic force microscopy 

- the application of biophysical techniques – atomic force microscopy, quartz 

crystal microbalance, and fluorescence spectroscopy – to investigate the 

behavior of NPs interacting with lipid membranes. 

When experimental results were acquired thanks to collaborations, it is explicitly 

indicated. 

 Gold nanoparticles. The chemical synthesis and characterization of gold NPs were 

developed in two laboratories located at the Department of Chemistry and Industrial 

Chemistry (DCCI) of the University of Genova and at the École Polytechnique Fédérale de 

Lausanne (EPFL, Switzerland), during an internship in the group of Prof. Francesco 

Stellacci. 

Lipid membranes. The preparation and characterization of model membranes were 

performed at the Department of Physics (DIFI) of the University of Genova.  

Nanoparticle-membrane interaction. The experimental investigation of NP-membrane 

interaction was carried out at DIFI for projects 1-2-3 (atomic force microscopy and 

fluorescence spectroscopy experiments). Part of project 3 (atomic force microscopy 

and quartz crystal microbalance experiments) was carried out at the Istituto Italiano di 

Tecnologia (IIT, Genoa) working in collaboration with  Dr. Silvia Dante (Materials 

Characterization Facility, coordinator Dr. Mirko Prato). 

Simulations. For projects 1 and 2, the experimental investigation was developed 

within a continuous dialogue with results obtained in silico by means of Molecular 

Dynamics (MD) simulations. The computational study was carried out by the group 

of Prof. Giulia Rossi (DIFI) to interpret at the molecular level the nanoscale 

mechanisms underlying the NP-lipid interactions under investigation. 
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Structure of the thesis 

The thesis is divided into 7 chapters organized as follows: 

Chapter 1 introduces the topics of the thesis. It first addresses a general 

description of functionalized NPs used in biomedicine and their internalization by 

cell membranes. It then focuses on ligand-protected gold NPs, with particular 

emphasis on the amphiphilic NPs used in this work. The last part is devoted to the 

transition from real cell membranes to biomimetic lipid models, focusing on the 

behavior of membrane lipids. 

Chapter 2 provides a general but fundamental description of the techniques 

used in projects 1-2-3 to study experimentally the NP-membrane interaction. Other 

techniques used to perform routine characterizations of NPs and model membranes 

after preparation are not addressed because they are more widely used in experimental 

laboratories and their operation is assumed to be commonly known. 

Chapter 3 discusses the synthetic procedures employed and optimized to obtain 

small gold NPs passivated by hydrophobic and hydrophilic thiols. A description of 

NP characterizations is also reported. 

Chapters 4, 5, and 6 report and discuss the results of projects 1-2-3, respectively. 

Chapter 4 is based on the content of the paper Canepa et al., Scientific Reports (2021)1, 

while Chapter 5 of the paper Canepa et al., Nanoscale (2020)2. 

Chapter 7 finally summarizes the outcomes of project 1 (Chapter 4), project 2 

(Chapter 5), and project 3 (Chapter 6). This chapter also speculates on how these 

results may be used for future studies. 

Given the valuable contribution of the in silico investigation in interpreting and 

guiding the experiments of projects 1 and 2, Chapters 4 and 5 conclude with a section 

summarizing the key computational findings developed by collaborators. While 

projects 1 (Chapter 4) and 2 (Chapter 5) have been completed, project 3 (Chapter 6) 

is still  in progress and  comparison with simulations is not yet available for this study. 

Full details of materials and methods (synthesis and characterization protocols, 

experimental set-ups, data analysis, equipment specifications, etc.) are grouped in 

Appendices A (nanoparticles), B (lipid membranes), C (atomic force microscopy and 

quartz crystal microbalance), and D (fluorescence spectroscopy).  
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1.   The nanoparticle-cell interface 

1.1 Engineered NPs in biomedical research 

Over the last decades, biomedical research has witnessed outstanding results 

in the application in diagnosis and therapy of engineered NPs – i.e. particles with 

1÷100 nm size range and peculiar, well defined physicochemical properties. A wide 

variety of organic and inorganic NPs with different core material, size, shape, and 

surface functionalization is currently studied to such purpose (Figure 1)3. 

 
 
 
 
 

 
 
Figure 1. Variability in 
the rational design of 
NPs.  
 

The functionalization of 
NP surface is addressed 
in the next section. 

 

Functionalized NPs can be used in drug and gene delivery, cancer treatment 

(e.g. photothermal therapies and magnetic hyperthermia), bioimaging, biosensing (e.g. 

detection of pathogens and biomolecules), tissue engineering, and so on (Figure 2)3–

5. For instance, radioactive NPs are exploited in toxicokinetics studies and nuclear 

nanomedicine3,6, while magnetic iron oxide NPs are useful for contrast enhancement 

in magnetic resonance imaging (MRI) and for targeted hyperthermia3,7. Currently, 

plasmonic metal NPs (e.g. gold, silver, and copper) have attracted great interest in a 

wide range of applications (including biomedicine and environment protection) 

thanks to their unique optical behavior – i.e. the localized surface plasmon resonance 

(LSPR) in the UV-Vis/near IR region8,9. Noble metal NPs have been extensively 

studied for biotechnologies based either on their radiative light scattering, such as 

plasmonic nanoantennas10 and SERS (Surface Enhanced Raman Scattering) 

imaging11, or on their photothermal properties11,12. For such applications, the LSPR 

properties can be accurately tuned by careful selection of surrounding medium 

conditions (e.g. polarization), NP structural features (e.g. size, shape, and surface 

chemistry), and NP interaction effects (e.g. controlled interparticle aggregation)8,9,12.  
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Figure 2. Main applications of NPs in biomedical therapy and diagnosis. 

1.1.1 NP surface functionalization 

All NPs show a high surface area-to-volume ratio, with surface atoms differing 

from their bulk counterparts for higher reactivity, free energy, and different electronic 

state13,14. To become stable, the bare surface of NPs spontaneously tends to adsorb 

organic molecules – defined ligands – that organize into capping layers. Strategies for 

ligand shell formation onto inorganic NPs are various and flexible, ranging from non-

covalent physisorption (e.g. electrostatic adsorption) to chemisorption14–16. The latter 

offers the advantage of stronger NP-ligand binding and thus better stability of ligand 

shell. Ligands comprise simple or functionalized organic molecules, molecular ions, 

polymers, and biomolecules (lipids, peptides, carbohydrates, proteins, enzymes, and 

oligonucleotides such as DNA strands, etc.)15,17–19. In general, they significantly alter 

the interfacial properties of NPs; for instance, charged molecules like citrate ions are 

usually used to achieve colloidal stability through electrostatic repulsion, while bulky 

molecules like polyethylene glycol (PEG) chains mainly act as steric stabilizers19. 

Surface functionalization also provides NPs with tailored solubility in water – which 

is of paramount importance in biomedical technologies – or in organic phase. 

Depending on ligand nature, ligand shells can be composed of densely packed and 

highly oriented molecules stabilized by intermolecular forces (e.g. van der Walls 

interactions) or weakly bound, rather loose, molecules14,16. A well-known example of 

the former case is the formation of self-assembled monolayers (SAMs), i.e. ordered 

organic assemblies whose molecules exhibit specific affinity for a substrate through 

terminal chemical functionalities. 
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Designed manipulation of ligand monolayers has gained remarkable 

technological interest in nanomedicine18. Together with core size and shape, surface 

functionalization is a key parameter to investigate and control the behavior of NPs in 

all interactions at the nano-bio interface, which include protein adsorption and cellular 

uptake20–26. In biological media, ligand shells can provide NPs with reliable core 

protection, long-term colloidal stability, tailored permeation capability, improved 

biocompatibility and biomimicry, controlled bioaccumulation, reduced 

immunogenicity, higher blood circulation time, and low toxicity for given 

applications. Moreover, they are versatile platforms for the bioconjugation of 

molecular payloads, such as drugs, and targeting ligands, such as antibodies and 

enzymes13. Functionalized NPs show higher efficiency as diagnostic and therapeutic 

agents, capable of overcoming biological barriers to transport drugs, targeting 

diseased sites via selective binding to cell membrane receptors, and delivering site-

specific therapeutics in the optimal dosage range27. 

1.1.2 Cellular internalization of functionalized NPs  

In most biomedical applications, functionalized NPs must be able to enter 

cells28–31. For instance, this is required for NP-assisted intracellular administration of 

molecules such as oligonucleotides and anticancer drugs32. Yet, to reach the 

intracellular target efficiently, NPs first need to overcome the cell membrane barrier. 

NP-membrane interactions determine the outcome of NP intracellular transport, thus 

affecting their biological function. In well-defined experimental conditions, NP 

uptake by cells only occurs if NP-membrane adhesion is thermodynamically 

favored33,34. Once the NP is adsorbed onto the membrane surface, the highly flexible 

lipid bilayer elastically deforms to allow for NP internalization33–36. The subtle 

interplay between the energy gain due to attractive adhesion forces and the energy 

penalty of imposing membrane deformation eventually determines the NP-

membrane configuration that minimizes the energy of the system. In particular, the 

degree of bilayer deformation driving the NP incorporation varies depending on the 

interactions involved and may result in partial or complete membrane wrapping 

around NPs33,34.  

In general, the cell membrane employs either passive or active transport 

mechanisms to exchange substances with the extracellular fluid28–31. Passive 

transport is an energy independent process that requires no energy input, as solutes 

are able to diffuse freely through the membrane based only on a favorable 

concentration gradient37,38. Simple diffusion across the lipid bilayer is typical of 

lipophilic molecules (such as many drugs), while some hydrophilic molecules (such as 
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O2 and CO2 gasses) are small enough to passively translocate across specific 

membrane pores38. Since passive diffusion is spontaneous, it cannot be inhibited by 

cell membranes themselves; this may become toxicologically relevant when cells are 

exposed to high levels of potentially harmful substances. On the contrary, active 

transport takes place against the concentration gradient by using energy which is 

provided by the system. As a further distinction, membrane interactions with foreign 

substances can be mediated by specific membrane receptors (mainly proteins) or 

involve direct, nonspecific association with the lipid bilayer. 

In eukaryotic cells, endocytosis is an intrinsic fundamental process for active 

transmembrane transport of exogenous particles, including NPs39–42. In this energy-

dependent process, particles are wrapped by a small invagination of the cell 

membrane that finally buds off inside the intracellular space (or cytoplasm) to form a 

detached vesicle containing the internalized material (Figure 3a-f ). According to 

vesicle size,  cargo properties, and mechanism underlying membrane wrapping, 

endocytosis is divided into phagocytosis and pinocytosis43. Phagocytosis (Figure 3a) 

is a receptor-mediated mechanism exploited only by some specialized cells 

(macrophages, neutrophils, monocytes, etc.) to engulf and remove very large (≥ 500 

nm) particles such as pathogens (bacteria and viruses), cellular debris, or even intact 

cells. Due to their smaller size, NP internalization via pinocytosis (Figure 3b-f ) is way 

more common. In general, this process is activated by mobile membrane receptors 

(e.g. clathrin and caveolin) that recognize and selectively interact with NP ligands. Yet, 

the formation of pinocytotic vesicles can also be nonspecific, i.e. not mediated by 

ligand-receptor binding (Figure 3f )44,45. Some cells such as erythrocytes lack the 

molecular machinery promoting endocytosis and can only use passive diffusion to 

internalize NPs; this is also the case of NPs interacting with biomimetic lipid bilayers.  

The passive, direct NP translocation across the membrane is regulated by 

nonspecific NP-bilayer interactions such as van der Waals, electrostatic, hydrophobic 

interactions, hydration forces, and steric repulsion (Figure 3g)46. Within biological 

systems, nonspecific contributions also comprise thermal and entropic fluctuations46. 

In general, passive NP translocation does not require membrane wrapping to allow 

for NP internalization34, and in some cases, it can lead to loss of bilayer integrity by 

pore formation47–49. This behavior prompts a large fluctuation and structural 

rearrangement of the membrane structure and can represent a direct form of NP 

cytotoxicity in vivo if membrane damage is not transient50. In general, passive 

translocation shows higher delivery efficiency since NPs are free to directly reach the 

intracellular target without being trapped within endocytic vesicles from which they 

first have to escape (this step is often preclusive). However, numerous experimental 

https://en.wikipedia.org/wiki/Invagination
https://en.wikipedia.org/wiki/Cell_membrane
https://en.wikipedia.org/wiki/Cell_membrane
https://en.wikipedia.org/wiki/Pathogen
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observations demonstrated that endocytosis is the major entry pathway for 

functionalized NPs, while passive penetration is generally rarer51–53. Several studies 

have proposed to apply external forces (e.g. electric fields and ultrasounds) to 

promote direct membrane permeation by biomedical NPs47.  

 

Figure 3. Entry pathways of NPs of variable size within cells; (b-f ) correspond to different types of 
pinocytosis. Unlike direct, passive translocation illustrated in (g), all endocytic mechanisms reported 
in (a-f ) induce membrane wrapping around NPs and subsequent budding of NP-containing 
intracellular vesicles. After direct, passive internalization – which is nonspecific (i.e. nonmediated) – 
free NPs are directly released into the cytoplasm (g). Reprinted (adapted) with permission from45. 
Copyright (2015) American Chemical Society.  

Cellular mechanisms for NP internalization (and related uptake rate) strongly 

depend on the interplay of several NP physicochemical properties, such as size, 

surface charge, hydrophobicity, shape, and surface roughness and stiffness44,54–56. 

Core size is one of the key parameters governing NP cellular uptake34. Broadly, NPs 

with core sizes ranging from tens to hundreds of nm are usually internalized via 

endocytic processes, while for smaller NPs (usually sub-10 nm) passive translocation 

becomes more favorable. Thermodynamic calculations demonstrated that the energy 

cost for membrane wrapping around a single NP increases as the core size diminishes. 

Thus, endocytosis of very small NPs becomes energetically unfavorable because 

vesicle formation would induce higher elastic deformation of the membrane57,58. 

Roiter et al.48,49 reported that extremely small silica NPs (< 1.2 nm) can passively 

penetrate synthetic lipid bilayers without damaging the membrane, while they form 

pores when their size increases from 1.2 to 22 nm. Oppositely, the membrane tends 

to wrap NPs larger than 22 nm, thus hindering direct translocation. In general, the 

effect of NP size is never isolated and should be considered in combination with other 
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nanostructural parameters, such as surface charge. Jiang et al.25 reported that the 

quantitative cellular uptake of 2-4-6 nm AuNPs strongly depends on the presence of 

neutral (zwitterionic), anionic, or cationic ligands. In the case of zwitterionic and 

anionic NPs, the uptake was found to decrease by increasing the NP size, while for 

cationic NPs the behavior was the opposite. The authors attributed this contrasting 

tendency to a change in the internalization mechanism (from passive diffusion to 

multiple endocytic pathways) triggered by the sign of NPs. Another diversification in 

cell uptake between cationic and anionic NPs was observed by Sokolova et al.59 using 

calcium phosphate NPs ten times as large (~120 nm). In other cases, direct NP 

translocation has been observed for both anionic and cationic NPs regardless of the 

sign47, suggesting that surface charge may not be so determinant for such entry 

pathway. In general, NP surface charge (and charge density) is believed to affect the 

outcome of NP-cell interactions, especially when the NP sign is opposite to that of 

membrane bilayer or some membrane components such as protein domains. 

Electrostatic attraction can promote NP adsorption onto the membrane, and the sign 

of the NP surface charge can contribute to the potential toxicity of NP-membrane 

interactions, which usually identifies with destructive NP translocation. Although still 

debated, some observations seem to suggest that cationic nanomaterials (including 

AuNPs) induce stronger perturbation on lipid membranes than their anionic 

counterparts, and thus potentially higher toxicity60–63. Moreover, our group recently 

showed that not only the NP charge affects the NP-membrane interaction, but also 

it is the other way around. Indeed, Salassi et al.64 reported that passive NP 

translocation within the membrane can induce spontaneous protonation of anionic 

carboxylate groups on the NP surface. The change of NP surface potential is found 

to be responsible for a faster and less disruptive interaction with the lipid bilayer64. 

Besides electrostatic interaction, the degree of hydrophobicity/hydrophilicity 

of NPs is another important nonspecific factor governing NP-cell interactions due to 

the amphiphilic nature of most membrane components47,53. Since the membrane core 

acts as a hydrophobic barrier to the passive diffusion of hydrophilic molecules, water-

soluble NPs are typically endocytosed. More generally, NPs with different degrees of 

hydrophobicity exhibit various interaction mechanisms with the membrane bilayer, 

ranging from surface adsorption to direct permeation65,66. NP shape can also bias the 

mechanism and efficiency of NP incorporation, with spherical NPs generally favored 

over their rod or cylindrical-shaped counterparts of the same size67–69. Furthermore, 

even a small variation in the aspect ratio of anisotropic shapes can induce considerable 

differences in the uptake rates68. Even the NP surface roughness and stiffness can 

modulate NP-cell interactions. In some cases, the presence of a smooth NP surface 
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was found to increase the membrane wrapping efficiency in active pathways, which 

on the contrary was hindered by bumpy NPs of the same material and size49. Surface 

softness or rigidity, in turn, have been often found to define the adhesion energy 

needed for membrane wrapping57. Most NP surface properties like charge sign and 

density, roughness, rigidity, and hydrophobic content can be tuned by designed choice 

or manipulation of ligand shells (Section 1.1.1). Indeed, surface functionalization is a 

common and effective strategy to engineer tailored NP-membrane interactions. For 

instance, numerous ω-functionalized ligands, polymers, and peptides have been found 

to favor direct NP penetration into cells47.  

Together with NP properties, also membrane features (e.g. surface potential, 

composition, physical state, elasticity, thickness, surface tension, and lateral 

heterogeneity) strongly affect the cellular uptake of NPs26,44,53. Moreover, membrane 

electrical and mechanical properties significantly depend on the environmental 

conditions (e.g. temperature, pH, viscosity, and ionic strength) which in turn can thus 

modify the internalization ability of cells47,53. The latter is also sensitive to the 

formation of protein corona on NPs exposed to serum70. Adsorbed proteins can 

either trigger receptor-based entry pathways71 or drastically hinder cell uptake72. Over 

the years, a number of studies probing NP-membrane interactions has assisted the 

rational design of functionalized NPs with the tailored capability to enter cells via 

non-harmful, passive or active, mechanisms40. Together with experiments, 

computational techniques such as MD simulations have been extensively exploited to 

investigate at molecular level the different NP translocation pathways across cell 

membranes73,74. Despite numerous results, the key parameters for driving and 

controlling these processes are still far from clear and more effort is needed for a 

better understanding. Within this scenario, this thesis has been focused on the study 

of nonspecific NP-lipid membrane interactions driving the passive uptake of sub-6 

nm amphiphilic – anionic or cationic – gold NPs. 

1.2 Gold NPs in the biological environment 

Ligand-protected gold NPs (AuNPs) have gained central importance in 

biomedical research32,75,76. The tunable LSPR behavior of the gold (Au) core is used 

both in diagnostic (in vitro sensing and in vivo imaging77,78) and therapy (delivery 

applications79–81 and plasmonic therapies81–83). Some of these applications have 

already entered clinical trials84,85, while others have been successfully commercialized 

as new tools for clinical diagnosis and drug discovery86. This technological success is 

supported by the remarkable stability and biocompatibility of the Au core in the 
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biological environment and by the wide availability of synthetic approaches allowing 

for good control over Au core formation and surface functionalization.  

1.2.1 Ligand-protected gold NPs 

Ligand-protected AuNPs are mainly synthesized using bottom-up approaches 

based on the chemical reduction of Au(III) salts in solution. Freshly generated, 

metallic Au(0) atoms form atomic clusters that rapidly aggregate into nanosized 

particles87 in the presence of stabilizing agents. By passivating the growing Au nuclei, 

ligands govern the kinetics of NP growth. They inhibit and regulate inter-atom and 

inter-particle aggregation, thus defining nanostructural features such as core size (and 

relative polydispersion) and shape. For instance, AuNPs can be generated in the form 

of spheres, rods, cubes, stars, and cages. Core parameters (and their homogeneity) are 

also sensitive to reaction conditions such as pH, temperature, solvent, and reducing 

agent (type, concentration, and addition speed and mode)88,89. Both biological and 

physicochemical behavior of AuNPs (including the LSPR band) strongly depends on 

the interplay of core size, shape, and surface functionalization. The latter is particularly 

important to tune NP interfacial features such as solubility, chemical reactivity, 

surface charge, hydrophobicity, biocompatibility, and binding affinity to biological 

entities. This explains why bottom-up strategies have witnessed intensive efforts over 

the years for the development of novel chemical protocols to obtain ligand-protected 

AuNPs with controlled size, shape, and surface chemistry88,90–94.  

The first chemical synthesis of spherical ligand-protected AuNPs dates back 

to 1951 when citrate-stabilized AuNPs were reported by Turkevich et al.95. Further 

studies allowed refining this procedure to obtain controlled NP diameter in the 5÷150 

nm range by varying the gold-to-citrate feed ratio88,96. The stabilization of AuNPs by 

thiols, introduced with the Brust-Schiffrin method in 199497,98, marked a 

breakthrough in the chemical synthesis of spherical AuNPs with reduced core size 

(1.5÷5.2 nm). Thiols readily form SAMs on a gold surface by chemisorption through 

covalent Au-S bonds14,99. Fine control of NP diameter is achieved by adjusting the 

Au(III):thiol ratio and the reduction temperature100,101.  The original procedure dealt 

with the synthesis of hydrophobic AuNPs coated by 1-dodecanethiol; later, a wide 

range of alkyl chain lengths (C3÷C24) and apolar ω-functionalized alkylthiols was 

successfully tested by minor modifications101. Compared to other ligand shells, thiols 

exhibit peculiar stability due to synergistic contributions of the strong gold-sulfur 

affinity and the attraction between adjacent alkyl chains (mainly van der Waals and 

hydrophobic forces). The overall effect of thiol features (e.g. tail functional group and 

chain length) on final NP properties has been elucidated in numerous studies101,102. 
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Since thiol passivation only yields AuNPs smaller than ~6 nm, ligands with a faster 

desorption rate from the Au core (e.g. citrate ions) are used to obtain larger core sizes. 

Following the first Brust-Schiffrin syntheses, a plethora of effective ligand place-

exchange reactions was developed to broaden the functionalization strategies of small 

AuNPs14,101,103,104. In thiol-for-thiol ligand exchange, original alkylthiols are partially 

replaced by new thiolated species in a dynamic equilibrium process to obtain mixed 

monolayer-protected AuNPs for synergistic applications. The exchanging efficiency 

depends on the interaction time and ligand (molar) feed ratio. Ligand exchange with 

alkythiols featuring polar (e.g. charged) headgroups proved very useful to obtain sub-

6 nm water-soluble AuNPs exploitable in biomedical applications105,106. Over the 

years, both the gold-sulfur interface and the evolution of ligand shell structure in 

place-exchange reactions have been widely investigated107–112. In general, ligand 

exchange turned simple alkythiolated AuNPs into versatile synthetic platforms with 

decoupled control over NP core formation and surface manipulation (Figure 4). Since 

the complete thiol-for-thiol exchange is never achievable due to the strong Au-S 

affinity, weakly bound stabilizers (e.g. phosphines, amines, and carboxylate ions) are 

preferred when a totally replaced ligand shell is desired14.  

Figure 4. Functionalization possibilities of ligand-protected AuNPs (not to scale). Molecule-targeting 
ligands are introduced to selectively recognize cell surface receptors. In general, non-covalent 
conjugation is desirable when facile molecule release (together with process reversibility) is required 
(e.g. in sensing and delivery technologies). Oppositely, covalent conjugation is preferred when a stable 
gold-ligand complex is required (e.g. in imaging). 

More recently, numerous other organosulfur compounds than alkylthiols have 

been reported to form homo- or hetero-ligand SAMs on AuNPs94,113. These include 

thiol-modified polymers (e.g. thiol-PEG) and biomolecules such as cysteine and 
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glutathione. In addition to ligand exchange, other strategies for tailoring the surface 

of AuNPs include ligand modification via chemical reactions, covalent conjugation of 

molecule-targeting ligands, and non-covalent adsorption of biomolecules based on 

specific binding affinity (e.g. electrostatic or hydrophobic interactions)14,15,94. As 

shown in Figure 4, these processes allow combining functionalized AuNPs with 

drugs, oligonucleotides, proteins, antibodies, enzymes, and fluorescent dyes for 

imaging applications (to name a few)15,88,92. If properly thiol-modified, these 

molecules – regardless of their steric size – can be directly grafted onto AuNPs 

without the need for the interposition of other ligands (Figure 4)15,92,114. 

1.2.2 Case study: amphiphilic gold NPs 

The wide functionalization versatility of the Au core is precious to tune the 

behavior of ligand-protected AuNPs in the biological environment70. In particular, 

ligand hydrophobicity and surface charge are both decisive in governing nonspecific 

NP-bio interactions23,115–119. When coupled, the hydrophobic and electrostatic 

contributions provide the functionalized particle with amphiphilic behavior, as in the 

case of the thiolated AuNPs used in this thesis. Thiol passivation was chosen to obtain 

spherical NPs with core diameter ranging between ~2÷6 nm, a size compatible with 

passive NP translocation within lipid bilayers. Surface amphiphilicity was obtained by 

variably mixing the apolar alkylthiol 1-octanethiol (OT) with another thiol featuring 

both an apolar alkyl chain and a terminal charged headgroup, i.e. the anionic 11-

mercapto-1-undecanesulfonate (MUS) or the cationic (11-mercaptoundecyl)-N,N,N-

trimethylammonium (TMA) (Figure 5). Hereafter, these NPs will be referred to as 

MUS:OT and TMA:OT AuNPs.  

 

Figure 5. Cartoon of amphiphilic AuNPs used in the experiments described in this thesis. Anionic 
and cationic AuNPs were functionalized by MUS:OT and TMA:OT mixtures, respectively. Sulfonate 
(–SO3

-) and trimethylammonium (–N(CH3)3
+) headgroups were used to impart colloidal stability in 

water by electrostatic repulsion. NP charge density depends on the number of ω-charged ligands. 
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MUS and TMA, both comprising a C11 alkyl chain, were selected to 

disentangle those effects due to charge sign from those due to other physical 

parameters, such as chain length and flexibility. Notably, even when capped by solely 

MUS or TMA, AuNPs exhibit amphiphilic features due to the presence of such alkyl 

moieties. The MUS:OT or TMA:OT stoichiometric ratio defines the NP colloidal 

stability in aqueous solution120. In both MUS:OT and TMA:OT AuNPs used in this 

thesis, the amount of charged alkylthiol is at least twice as much as OT (i.e. less than 

33 mol % OT) to ensure long-term colloidal stability in ultrapure water and saline 

buffered solutions at pH 7.4121.  

1.2.3 Amphiphilic gold NPs and cell membranes 

Numerous amphiphilic proteins stably and nondisruptively reside within cell 

membranes122. Amphiphilicity is also a distinguishing feature of most cell-penetrating 

peptides (CPPs), i.e. short peptides alternating polar (cationic) and apolar amino acids 

and capable of efficiently penetrating multiple types of cells to deliver macromolecules 

(proteins, nucleic acids, etc.)123. In some cases, even large NPs can directly translocate 

into cells when bound to CPPs, thus escaping endocytic pathways53. Depending on 

the peptide, energy-dependent endocytosis and passive translocation have been 

suggested as the two main mechanisms involved in CPP internalization123–126. Direct 

CPP translocation requires the interplay of nonspecific electrostatic and hydrophobic 

effects46,124. Broadly, CPP cationic residues initially interact with negatively charged 

membrane components (e.g. the phosphate groups of the lipid bilayer), while the 

hydrophobic moiety translocates into the hydrocarbon region of lipid tails. Over the 

years, amphiphilic CPPs and transmembrane proteins have inspired an extensive 

investigation on the role of electrostatics and hydrophobicity in driving and affecting 

nonspecific NP-cell membrane interactions. Similar to these biological entities, 

several synthetic nanomaterials with amphiphilic features were found to 

spontaneously penetrate lipid membranes, revealing the possibility to be used for 

intracellular delivery of hydrophobic drugs and imaging technologies53. This is the 

case of the negatively and positively thiolated AuNPs used in this thesis (Section 

1.2.2). In particular, the core size distribution (~2÷6 nm) and surface composition of 

such amphiphilic AuNPs have become a reference for the study of nonspecific NP-

membrane interactions26,61,127–132.  

o Negatively charged MUS:OT AuNPs 

Over the last decades, small water-soluble AuNPs coated by MUS and OT 

ligands have been extensively studied for biomedical applications. Notably, they have 
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been consistently shown in vitro26,133–138 and in vivo139 to spontaneously and 

nondisruptively penetrate the cellular membrane of various mammalian cells via 

energy-independent diffusion. Passive cellular uptake of MUS:OT AuNPs was 

observed both at physiological temperature and at 4 °C, at which temperature energy-

mediated endocytosis is inhibited133,135. Even at 37 °C, after treating cells with 

endocytosis inhibitors, NPs were found to abundantly permeate cell membranes135. 

Proof of direct NP translocation is also given by erythrocytes, which are naturally 

non-endocytic cells137. At physiological temperature, NP incorporation by cell 

membranes occurs rapidly in a time scale of few minutes or even less135. After first 

observations in cells, passive and nondisruptive permeation of MUS:OT AuNPs was 

systematically observed also into biomimetic lipid bilayers composed of neutral 

zwitterionic phosphocholines in the fluid phase (Figure 6)127,140–142. Moreover, 1:1 

MUS:OT NPs with core size in the 2-3 nm range were reported to induce significant 

hemifusion between fluid membranes of lipid vesicles142, while full fusion is achieved 

upon addition of calcium ions143. Recently, 2:1 MUS:OT AuNPs of similar size have 

been successfully used as a broad-spectrum non-toxic antiviral agents144. In all cases, 

the hydrophobic content, charge density, and the core size of such NPs proved 

fundamental in determining their nano-bio interactions. 

 

Figure 6. a,c) Confocal and b) Differential Interface Contrast (DIC) images of BODIPY-labeled 
(red fluorescence) 1:1 MUS:OT AuNPs (2.2. nm core size) incubated with giant multilamellar vesicles 
(1,2-dioleoyl-sn-glycero-3-phosphocholine) surrounded by the membrane-impermeable dye calcein 
(green fluorescence). After NP-membrane interaction a) calcein emission is recorded only outside 
vesicles and c) BODIPY emission is localized to both interior and exterior membranes of 
multilamellar vesicles. d) CryoEM image of 1:1 MUS:OT AuNPs (2.6 nm core size) incubated with 
vesicles of the same composition as in (a-c). This experimental evidence clearly shows that MUS:OT 
AuNPs do interact with the lipid bilayer in a passive and nondisruptive manner. Reprinted (adapted) 
with permission from141 (a-c) and from142 (d). Copyright (2013) (a-c) and (2018) (d) American 
Chemical Society.  

The molecular mechanism of MUS:OT NP insertion into lipid bilayers has 

been elucidated by coarse-grained and atomistic MD simulations129,141,145–147; 

similarity has been proposed with the membrane incorporation of amphiphilic 

transmembrane proteins145. Despite this process is favored by the reduction of 

hydrophobic ligand surface exposed to water upon NP displacement from solvated 
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to embedded state, in principle, it should be considered energetically unfavorable due 

to charge insertion into the hydrophobic core of the bilayer. Yet, a key feature of small 

(sub-10 nm) AuNPs is the large portion of free volume available for each surface 

ligand, which provides considerable conformational flexibility148. This allows ligands 

to deform when entering the bilayer, favorably shielding apolar alkyl chains of both 

OT and MUS within the hydrocarbon lipid tail region, while positioning the charged 

sulfonate moieties at the polar aqueous interface. Such ligand reorganization, 

commonly referred to as “snorkeling” when observed in transmembrane 

proteins149,150, is schematically illustrated in Figure 7a. According to MD simulations, 

the anchoring mechanism leading to final snorkeling configuration is based on 

sequential translocation of charged groups across the bilayer (Figure 7b)129,146,147. 

Although the overall NP anchoring within the membrane is highly favorable from a 

thermodynamic point of view, the flipping of each charged terminal group is limited 

by the overcoming of an energy barrier146,147. The energy cost of ligand translocation 

has been estimated to be similar146 or lower147 than the cost of single monovalent ion 

translocations, depending on ligand nature and organization on the NP surface, on 

membrane lipid composition, and on the force field used to perform the free energy 

calculation64. Notably, both in silico and experimental evidence suggests that the 

presence of defects in lipid packing, e.g. hole edges in supported lipid bilayers127, can 

greatly reduce the cost of NP anchoring within the bilayer. Besides ligand snorkeling, 

the NP transmembrane state also benefits from bilayer elastic deformation near the 

NP interface to match the hydrophobic surface of the anchored NP (Figure 7a).  

 

Figure 7. Cartoon and simulation snapshots depicting the nonspecific MUS:OT AuNP-bilayer 
interaction. a) Instead of adopting a surface-adsorbed state stabilized by electrostatic interactions, NP 
is passively embedded by the bilayer. The final NP transmembrane state, stabilized by ligand 
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snorkeling, is illustrated. b) In detail, regardless of MUS:OT ratio, the NP uptake is a three-steps 
process: 1. NP adsorbs onto the bilayer surface, 2. hydrophobic contact between the hydrophobic 
ligand surface and the lipid tails triggers partial NP embedding into the membrane core (NP insertion 
into the entrance leaflet is driven by spontaneous protrusion of a solvent-accessible lipid tail)127, and 
3. part of charged ligand terminals are translocated one by one to the lipid head region of the opposite 
leaflet to stabilize the NP-membrane complex in the final snorkeling configuration. NP hydrophobic 
and charged beads are shown in red and green, respectively; lipid heads in blue (choline) and tan 
(phosphate) (lipid tails, water, and ions are not illustrated). Reprinted (adapted) with permission 
from141 (a) and from129 (b). Copyright (2013) (a) and (2015) (b) American Chemical Society. 

Considering this NP insertion pathway, some important considerations follow. 

Since ligand flexibility decreases as the NP core diameter increases, there is a threshold 

size above which snorkeling is severely hindered and insertion no longer occurs141. 

Carney et al.140 demonstrated experimentally that 2:1 MUS:OT AuNPs spontaneously 

penetrate fluid lipid bilayers only when the core size is less than ~6.5 nm. Oppositely 

to ligand flexibility, larger core size proportionally increases the NP hydrophobic 

surface area exposed to water and driving the NP embedding. The competition 

between ligand snorkeling ability (reduced by larger NP size) and hydrophobic contact 

(reduced by smaller NP size) is thus compensated at intermediate core sizes at which 

the tendency of NP passive penetration is maximized. Interestingly, both experiments 

and simulations show that the NP size thresholds at which direct and stable insertion 

into lipid bilayers is either maximized or arrested are composition-dependent141. In 

the case of this thesis, two different MUS:OT ratios are considered for NP-membrane 

experiments: ~80 % and ~68 % MUS (i.e. 4:1 MUS:OT and 2:1 MUS:OT, 

respectively). Van Lehn et al.141 accurately demonstrated that 2:1 MUS:OT AuNPs 

interacting with fluid bilayers report maximized uptake at ~3.5 nm core size and 

arrested uptake above ~6.5 nm (in agreement with140). By reducing the number of 

charged ligands (e.g. 1:1 MUS:OT ratio), both sizes increase, while by removing OT 

ligands (i.e. for the all-MUS monolayer) they decrease to ~2 nm and ~3.5 nm, 

respectively. Basically, the higher the hydrophobic content of the ligand shell exposed 

to the membrane, the wider the NP size range allowing for passive uptake. This trend 

allows predicting that the 4:1 MUS:OT composition used in this thesis lies somewhere 

in between the 2:1 MUS:OT and all-MUS cases, with a ~2÷3 nm core size as the most 

favorable for NP insertion. Several experimental results on cells match these size 

thresholds: indeed, abundant passive uptake of 2:1 MUS:OT AuNPs has always been 

observed in the core range of ~2÷6 nm, while all-MUS AuNPs of ~4.5 nm in 

diameter were only endocytized133,135.  

o Positively charged TMA:OT AuNPs 

In biomedical research, small positively charged TMA:OT AuNPs do not 

share the same popularity as anionic MUS:OT AuNPs of similar size. This is mainly 
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due to previous experimental data in vitro suggesting that cationic NPs – mostly 

assisted by some degree of hydrophobicity – can translocate through cellular 

membranes inducing permanent or transient loss of bilayer integrity, for example, 

through nanoscale poration or changes in membrane permeability. This is the case, 

among others, of polycationic polymeric NPs151 or positively charged quantum dots 

coated by amphiphilic thiols152. In general, the extent of membrane damage is shown 

to depend on NP size and charge density151, and usually, it is not observed using 

similar amphiphilic NPs bearing anionic charge. For instance, Verma et al.133 reported 

that the viability of dendritic cells after incubation with ~6 nm all-TMA AuNPs is 

remarkably more reduced than with 2:1 MUS:OT AuNPs of similar size due to pore 

formation in the membrane. Partial membrane disruption by TMA-coated AuNPs 

(~2÷3 nm core size) was also observed by Montis et al.153 in eukaryotic macrophages. 

These results seem to deviate from the behavior of several polycationic amphiphilic 

CPPs capable of penetrating cell membranes without affecting their structural 

integrity154. Moreover, amphiphilic AuNPs variably coated by TMA and OT mixtures, 

featuring ~2 nm core size, proved to efficiently transfect mammalian cell cultures 

without alarming toxic implications155
. Notably, 2:1 TMA:OT AuNPs – about the 

same composition used in this thesis – reported the highest transfection efficiency155.  

To provide insight into the interaction between small TMA:OT AuNPs and 

cell membranes, several studies have focused on biomimetic lipid bilayers composed 

of neutral zwitterionic phosphocholines. Although NP effects on membrane stability 

are still debated, there is a general consensus about the favorable passive NP-bilayer 

interaction. For instance, by means of calcein-leakage assays, Goodman et al.61 

reported that 2:1 TMA:OT AuNPs of ~2 nm core size can induce low dye release 

upon passive penetration into fluid phase vesicles. Using similar membranes but in 

the stiffer gel phase, neutron reflectometry experiments by Tatur et al.130 and Lolicato 

et al.132 demonstrated that the same AuNPs spontaneously and stably penetrate into 

the lipid tail region only when the bilayer fluidity increases by the effect of 

temperature. Moreover, the authors show that gradual destabilization of membrane 

integrity occurs only if the temperature is further increased to facilitate the passive 

embedding of more and more NPs. These results highlight the importance of 

membrane fluidity in favoring a passive, controlled, and thus safe uptake of small 

TMA:OT AuNPs. In silico simulations have also been performed to investigate the 

insertion pathway of cationic AuNPs, variably coated by amphiphilic thiol monolayers, 

within zwitterionic lipid bilayers132,156–158. On a molecular level, the formation of an 

irreversible NP-membrane complex is found to be either spontaneous or modulated 

by a small free energy barrier. As demonstrated experimentally by ref130,132, the latter 
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can be overcome by increasing the temperature. Interestingly, simulations suggest that 

the incorporation of cationic TMA:OT AuNPs (~2÷6 nm core size) within the lipid 

bilayer follows the same mechanism previously described for MUS:OT AuNPs 

(Figure 7)132. Therefore, NP-membrane interactions are expected to lead to a final NP 

transmembrane configuration where ligand alkyl chains are buried within the 

hydrocarbon core of the bilayer, while cationic trimethylammonium groups – divided 

between the two membrane leaflets – extend toward the polar aqueous interface. 

1.3 Cell membranes: from real systems to bioinspired 
models 

Focusing on the behavior of membrane lipids in the biological environment, 

this section addresses the transition from real cell membranes to bioinspired synthetic 

models. 

1.3.1 The cell membrane 

The cell membrane, or plasma membrane, is a thin barrier separating the 

cytoplasm from the extracellular fluid. By anchoring the cytoskeleton, it provides the 

cell with shape and mechanical resistance, thus protecting its integrity. Due to its 

selective permeability, it contributes to regulating cellular metabolism by controlling 

the flow of species (e.g. ions, nutrients, breakdown products) entering and exiting the 

cell. It also plays an important role in endocytosis and exocytosis and facilitates 

communication and signaling between cells. In 1972, Singer and Nicolson first 

proposed the theory of the fluid mosaic model to explain the complex structure of plasma 

membranes159. Although this model has been improved in terms of structural 

complexity over the years, it still provides a robust basic description of the 

organization and dynamics of biological membranes160. As shown in Figure 8, the 

membrane structure is depicted as an ensemble of components embedded in a bulk 

matrix of phospholipids self-associated into a lipid bilayer with fluid-like properties. 

This fluidity is vital to the healthy functioning of most membrane processes. In 

weight, lipids constitute about 50 % of most animal cell membranes, nearly all of the 

remainder being integral and peripheral membrane proteins (by number, the ratio is 

~50 lipids/protein). Plasma membranes also accommodate considerable amounts of 

cholesterol and minor percentages of carbohydrates bound either to proteins 

(glycoproteins) or lipids (glycolipids). The exact membrane composition depends on 

the species and type of cell and is sensitive to changes induced by molecular 

fluctuations and variations in the surrounding biological environment.  

https://en.wikipedia.org/wiki/Cytoskeleton
https://en.wikipedia.org/wiki/Integral_protein
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Figure 8. Schematic cartoon of the fluid mosaic model for the structure of cell membranes. 

1.3.2 Membrane lipids  

Eukaryotic cells invest outstanding resources in synthesizing a complex 

repertoire of membrane lipids with remarkable chemical and functional diversity161,162. 

As the main membrane building blocks, they are fundamental players in barrier 

function. Besides, they take part in cell division, gamete fusion, and intracellular 

membrane trafficking, contribute to aggregation and dispersion mechanisms of some 

membrane proteins, and participate in signal transduction and molecular recognition 

processes161. Though we understand most functions of membrane lipids, many of 

their roles have yet to be fully elucidated161,162. In mammalian cells, the main 

membrane lipids are glycerophospholipids, sphingolipids, and sterols. As an example, the lipid 

composition of erythrocyte membranes of different mammals is shown in Table 1. 

Table 1. Lipid composition (weight %) of the plasma membrane of mammalian erythrocytes163. 

Lipids Species 

human pig cat rabbit horse rat 

 
 
 

Glycerophospholipids 

phosphatidylcholine 17.5 13.9 18.7 22.3 22.0 31.8 

phosphatidylethanolamine 16.6 17.7 13.6 21.0 12.6 14.4 

phosphatidylserine 7.9 10.6 8.1 8.0 9.4 7.2 

phosphatidylinositol 1.2 1.1 4.5 1.0 < 0.2 2.3 

phosphatidic acid 0.6 < 0.2 0.5 1.0 < 0.2 < 0.2 

lysophosphatidylcholine 0.9 0.5 < 0.2 < 0.2 0.9 2.6 

Sphingolipids sphingomyelin 16.0 15.8 16.0 12.5 7.0 8.6 

glycosphingolipids 11.0 13.4 11.9 5.3 23.5 8.3 

Sterols cholesterol 26.0 26.8 26.8 28.9 24.5 24.7 
 

Glycerophospholipids are the major structural components of plasma membranes. 

Their chemical structure is composed of a backbone of glycerol esterified to two long-

chain fatty acids and to a negatively charged phosphate group, which in turn is 
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esterified to a terminal alcohol (Figure 9a). Common alcohols of natural 

glycerophospholipids are reported in Figure 9b; their names define specific 

subfamilies: phosphatidyl-cholines (PC), phosphatidyl-ethanolamines (PE), 

phosphatidyl-serines (PS), phosphatidyl-inositols (PI), and phosphatidyl-glycerols 

(PG). All glycerophospholipid species (PC, PE, etc.) naturally occur in the form of 

mixtures including dozens of saturated or unsaturated fatty acids, which vary in chain 

length (normally 14÷24 C atoms), number and type (cis or trans) of unsaturations, and 

in bonding position to the glycerol carbons. The predominant mammalian 

glycerophospholipids are PCs, followed by PEs and PSs (Table 1)161,164. Notably, PCs 

account for more than 50 % of all phospholipids in most eukaryotic membranes161. 

Other membrane glycerophospholipids, far less abundant, show some structural 

variations. For example, lysophospholipids (e.g. lysophosphatidylcholine) have only 

one fatty acid. All glycerophospholipids are amphiphilic: the phosphate and the 

terminal alcohol form the polar head, the hydrocarbon chains of the fatty acids 

represent the apolar tails, and the glycerol backbone reside at the interface between 

the hydrophilic and the hydrophobic region (Figure 9). Glycerophospholipids can be 

either zwitterionic (e.g. PC and PE) or anionic (PS), based on the net charge of the 

headgroup at physiological conditions (cationic heads do not exist in nature). 

 

Figure 9. Chemical structures of a) a generic glycerophospholipid, b) terminal alcohols at 
physiological pH, and c) a generic phosphosphingolipid. In all sphingolipids, the hydrophobic 
ceramide takes the structural role of diacylglycerol in glycerophospholipids. In the center: a simplified 
representation of the amphiphilic structure shared by all glycerophospholipids and sphingolipids.   
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Sphingolipids include 1) phosphosphingolipids and 2) glycosphingolipids. The backbone 

of their structure is a sphingoid base, a long-chain aminoalcohol165,166. In mammals, 

the most common sphingoid base is sphingosine, which in turn is amide-linked to 

a fatty acid to form a ceramide (Figure 9c). The chain length of ceramide fatty acids 

usually ranges between 14÷30 (or more) C atoms (on average, it is somewhat longer 

than that of glycerophospholipids). Ceramide fatty acids are predominantly saturated 

and, in general, polyunsaturation is not found.  

1) Phosphosphingolipids share the same amphiphilic nature as glycerophospholipids 

(Figure 9c). As the names suggest, both of these lipid families contain a phosphate 

group, so they are generally referred to as phospholipids. In phosphosphingolipids, 

the ceramide is esterified to a phosphate group which in turn is esterified to a terminal 

alcohol, such as choline, ethanolamine, or serine. The most abundant 

phosphosphingolipid in mammalian cell membranes is the ubiquitous sphingomyelin 

(SM)167, which includes a phosphocholine headgroup (Figure 9c). In humans, SM 

represents about 85 % of all sphingolipids; it typically makes up 10÷20 mol % 

of membrane lipids and is particularly abundant in the brain, where it is a key 

constituent of the myelin sheath. Its concentration is usually lower than that of the 

major PC, with rare exceptions168. Similar to glycerophospholipids, the fatty acid 

composition of SM also exhibits considerable variability, thus forming SM mixtures.  

2) Glycosphingolipids are less abundant than phosphosphingolipids but represent the 

major glycolipids in animal cell membranes169. Their structure is considerably more 

complex since the ceramide is linked, through a glycosidic bond, to one or more 

saccharide units. The bulky oligosaccharide head is hydrophilic and protrudes from 

the membrane plane towards the extracellular fluid, acting as a specific receptor on 

the cell surface. This family includes gangliosides, predominantly found in the nervous 

system. Besides sugars, the polar head of gangliosides contains one or more sialic acid 

molecules. We know more than 60 gangliosides, whose “prototype” is the GM1 

reported in Figure 10a: according to nomenclature, G states for ganglioside, M (or D, 

T, etc.) refers to the number of sialic acids (mono, di, tri, etc.), and 1 represents the 

order of migration on thin-layer chromatography (e.g. GM3 > GM2 > GM1).  

Sterols are counted among membrane lipids, although they are technically 

alcohols. The most common sterol in mammalian plasma membranes is 

cholesterol170. Its structure, mainly hydrophobic and relatively small compared to 

previous lipids, consists of a rigid steroid nucleus (composed of four fused rings) 

linked to a branched alkyl chain at one end and an esterifiable hydroxyl group at the 

other (the latter makes up < 5 % of total mass171) (Figure 10b). Most cell membrane 

cholesterol is unesterified and its content highly depends on cell type172–174; a typical 

https://en.wikipedia.org/wiki/Sphingosine
https://en.wikipedia.org/wiki/Fatty_acid
https://en.wikipedia.org/wiki/Ethanolamine
https://en.wikipedia.org/wiki/Serine
https://en.wikipedia.org/wiki/Plasma_membrane
https://en.wikipedia.org/wiki/Cholesterol
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range is 19÷53 mol %175. In humans, the highest concentrations reside in the brain, 

especially in myelin176. Its main task consists of regulating membrane fluidity, as 

detailed in Section 1.3.4.  

Figure 10. Chemical structures of a) GM1 ganglioside with generic chains (sodium salt), and b) 
cholesterol.  

1.3.3 Lipid self-assembly 

Amphiphilic lipids spontaneously self-assemble into large and well-defined 

supramolecular aggregates when placed in water at a relevant concentration177. This 

process combines the complex interplay of thermodynamics, intermolecular forces, 

and the geometry of lipid molecules.  

The tetrahedral model for water distribution reported in Figure 11 assumes 

that each molecule in liquid water at ambient conditions has two donor and two 

acceptor bonds available with four adjacent molecules178.  

Figure 11. a) Tetrahedral hydrogen-bond network in the coordination shell of liquid water; b) all 
water orientations available within this network. Small thermal distortions in the tetrahedral 
configuration can induce a significant asymmetry in the strength of the interactions involved178. 

The presence of apolar solutes reduces the possible water orientations assured 

by this configuration. Hence, water entropy remarkably decreases, and the system 
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becomes entropically unfavorable. This explains why lipid amphiphiles spontaneously 

self-assemble in aqueous solution to avoid contact between the apolar surface and 

water. The entropic driving force of this process is known as the hydrophobic effect.  

Within phospholipid self-assemblies, the apolar chains are segregated from 

water and induced to closely pack by lipid-lipid hydrophobic attraction. Though 

mitigated by interchain steric repulsion, this effect is remarkably strong at the 

hydrocarbon-water interface where polar headgroups reside. Oppositely, the latter are 

governed by hydrophilic repulsion, which imposes the constraint to maximize the 

contact with water179. These contrasting intermolecular forces tend, on the one hand, 

to decrease and, on the other, to increase the interfacial area per lipid in contact with 

water, leading to the optimization of the surface area per headgroup (a0) at which the 

total free energy per lipid is minimum. The value of a0, along with the volume of the 

hydrocarbon chains (which are assumed to be deformable but incompressible) and 

the maximum extendible chain length, determines how lipids can associate. Both 

chain volume and length depend on the presence of branches or unsaturations. 

Double bonds – in particular in the cis conformation – promote kinks in the chains 

of packed lipids, thus increasing the area per lipid with consequent weaker lipid-lipid 

association; saturated chains, instead, are more linear and stack tightly, with restricted 

possibility of bending and deformation. The overall molecular geometry defines the 

dimensionless packing parameter 𝑝: 

𝑝 =
𝑣

𝑎0·𝑙𝑐 
      (1) 

where: a0 is the optimal headgroup surface area, v is the chain volume, and lc is 

the critical chain length. As illustrated in the table of Figure 12, the value of 𝑝 defines 

the lipid packing shape, and thus the conformation and curvature of the lipid self-

assembly. Such considerations explain why single-chained glycerophospholipids only 

form micellar aggregates, whereas most common membrane lipids – i.e. diacyl PCs 

and SM – self-assemble into bilayers (or lamellar phase).  

As introduced in Section 1.3.1, the lipid bilayer represents the structural basis 

of all plasma membranes. Its thickness is very limited compared to the membrane 

lateral extension and varies depending on lipid composition (chain length and 

unsaturation degree)180,181. Usually, it ranges between 4÷5 nm (~3 and ~1 nm for the 

apolar and the polar region, respectively)179–181. The lipid composition between the 

two membrane monolayers, or leaflets, shows a remarkable asymmetry whose 

biological functionality still remains partially unclear182. The cytoplasmic leaflet is 

about twofold more unsaturated than the extracellular one, whose lipids are more 

tightly packed. The latter is mainly composed of PCs, SM, and a variety of glycolipids  
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(including GM1, if present)167, while the former mainly contains PEs, PSs, and PIs. 

 

Figure 12. Lipid shape – and corresponding packing parameter 𝑝 – determining the structure of lipid 
aggregates. Changes in solution conditions (ionic strength, pH, temperature, surfactant addition, etc.) 
can alter the effective lipid shape inducing the transformation from one structure to another.  

1.3.4 Lipid dynamics  

According to the fluid mosaic model, lipid molecules self-assembled into the 

lamellar phase are involved in collective undulations and are free to laterally diffuse, 

rotate, bend, or flip from one leaflet to the other (Figure 13a)179,183. Since transverse 

diffusion of lipids is seriously limited by the hydrophobic effect, the lipid bilayer 

behaves similarly to a two-dimensional fluid, thus forming a liquid-crystalline state. 

Upon heating, the lipid bilayer can undergo multiple thermotropic phase transitions 

at well-defined temperatures161,184. Lipid phases differ in molecular packing and 

ordering. Most phospholipids exhibit the transition from the gel (Lβ’) – or solid-

ordered (So) –  phase to the liquid-crystalline (Lα) phase shown in Figure 13b, which 
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occurs at a critical temperature known as gel-to-liquid melting temperature (or Tm). The 

highly disordered Lα phase corresponds to maximum bilayer fluidity, and thus lipid 

mobility, while hydrocarbon chains in the ordered Lβ’ phase are fully extended, closely 

packed, and exhibit stiffer orientations (lateral diffusion is reduced by at least two 

orders of magnitude compared to Lα).   

 

Figure 13. a) Molecular motions in lipid bilayers. Lipids can also protrude out of the leaflet and 
exchange with lipids in solution. Together with transverse diffusion (or “flip-flop”)185, this exchange 
is extremely rare (rate of the order of 103 s, or even days, compared to 10-5-10-6 s of the others; 
molecular vibrations even occur in about 10-14 s). b) Lβ’→Lα (gel to liquid-crystalline) phase transition. 
Packing irregularities and extra motional space appear in the disordered Lα phase.  The tight packing 
of fully extended lipids in the ordered Lβ’ phase corresponds to a thicker bilayer. 

Tm strongly depends on lipid type181,186,187. It increases with chain length due 

to intensified lipid-lipid association limiting lipid mobility. Oppositely, unsaturations 

hinder lipid close packing reducing Tm. As reported in Table 2, Tm is remarkably 

sensitive to double bonds. This explains why most membrane phospholipids – mainly 

unsaturated PCs – already self-assemble into the fluid Lα phase at temperatures 

significantly lower than the physiological ones.  Saturated phospholipids exhibit Tm 

closer – or much higher – to that of the human body, revealing tighter intermolecular 

interactions. This is also the case of sphingolipids, including SM. 

Table 2. Melting temperatures (Tm) of main membrane diacyl phospholipids at ambient pressure.  

Saturated PCs Tm (°C) Saturated PEs Tm (°C) Other  Tm (°C) 

12:0 (DLPC) -2 12:0 (DLPE) 29 SMs a ~37 

14:0 (DMPC) 24 14:0 (DMPE) 50 GM1b 19-43 

16:0 (DPPC) 41 16:0 (DPPE) 63  

18:0 (DSPC) 55 18:0 (DSPE) 74 

Unsaturated PCs Tm (°C) Unsaturated PEs Tm (°C) 

18:1(ᐃ9) (DOPC) -17 18:1(ᐃ9) (DOPE) -16 

16:0-18:1(ᐃ9) (POPC) -2 16:0-18:1(ᐃ9) (POPE) 25 

18:0-18:1(ᐃ9) (SOPC) 6  
 

a this value refers to most SMs present in biological membranes167. 
b Tm of pure GM1 is not well defined since it strongly depends on its structural arrangement188. 
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Cholesterol plays an important role in stabilizing membrane fluidity of 

mammalian cells. According to the umbrella model171,189, when this species is 

incorporated into lipid bilayers, the steroid nucleus is buried in between the 

phospholipid chains, with the hydroxyl group residing at the hydrocarbon-water 

interface (Figure 14)190.  Here, cholesterol spans approximately one membrane leaflet 

– protected against exposure to water by the phospholipid headgroups – and exhibits 

discrete possibility of fluctuation (it can either tilt or displace transversely)190. In any 

lipid bilayer, cholesterol incorporation is limited by the elastic stretch exerted on the 

phospholipid headgroups171. Excess cholesterol precipitates out as monohydrate 

crystals171 (in PC bilayers, the maximum cholesterol solubility is ~67 mol %191). Once 

incorporated within the bilayer, cholesterol strongly affects the local membrane order, 

dampening the effects of temperature. It imposes higher conformational order on the 

chains of lipids in the disordered liquid phase, decreasing the bilayer fluidity but 

affecting in a minor way the lipid lateral mobility. When considering the cholesterol-

induced stiffening of the bilayer, the initial liquid-crystalline state is more commonly 

referred to as the liquid-disordered phase (Ld). Oppositely, cholesterol separates the 

chains of lipids in the ordered gel phase, increasing the degree of membrane fluidity 

without significantly perturbing the lipid conformational order. In both cases, 

cholesterol leads to the formation of a new hybrid state defined liquid-ordered phase 

(Lo) (Figure 14). The Lo phase is characterized by solid-like features similar to the gel 

phase (high conformational order) and by a lateral diffusion only partially slowed 

down compared to the Ld phase. Thus, cholesterol-induced regulation of membrane 

fluidity prevents lower or higher temperatures from inducing excessive stiffening or 

fluidification of the bilayer, respectively. This mechanism preserves the functional 

fluidity of plasma membranes over a wide range of temperatures. 

 

Figure 14. Effect of cholesterol uptake within the hydrophobic region of lipid bilayers. In particular, 
cholesterol exerts a condensing effect on the liquid-crystalline phase and a fluidizing effect on the gel 
phase. In the former case, it increases the thickness (2t ) of the bilayer, while in the latter, it leads to 
a membrane thinning. 
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1.3.5 Membrane lateral organization 

The main limitation of the fluid mosaic model is to neglect the heterogeneity 

of lateral lipid organization192. In plasma membranes, lipids can separate laterally into 

highly condensed moving platforms – termed lipid rafts – with distinct composition, 

dynamics, and physical properties192–194. As shown in Figure 15, lipid rafts are self-

assembled and specialized nanodomains enriched in cholesterol, relatively saturated 

lipids, and glycosylated species. They are governed by differential miscibility of 

lipids195 and selective lipid-protein interactions that can recruit specific membrane 

proteins194. Moreover, they are highly dynamic in terms of both lateral mobility and 

association-dissociation. Rafts are functional platforms directly involved in specialized 

receptor and protein trafficking processes, signal transduction, as well as endocytic 

and exocytic membrane translocation pathways196,197. In living cells, they have long 

remained ignored because of the lack of direct microscopic detection, ascribable to 

their tiny size and dynamic, transient nature198–200. Initially, indirect proof of raft 

existence was identified with the evidence that plasma membranes separate into 

detergent-soluble and insoluble fractions upon detergent extraction with non-ionic 

detergents at 4 °C193. The resistant portion was found to be enriched in cholesterol, 

SM, and glycosphingolipids193. Detergent-resistant domains, initially identified with 

membrane rafts, were then recognized as artifactual structures that were not present 

before detergent extraction201,202; therefore, it has been argued that they were unlikely 

to reflect the membrane organization at 37 °C. Only later, experiments on intact cells 

revealed the existence of lipid microdomains with specialized composition in the 

plane of the membrane168,200,203. After labeling sphingolipids with stable 

nonperturbative isotopes, secondary ion mass spectrometry was used to quantitatively 

determine the sphingolipid organization in the plasma membrane. Specifically, 

sphingolipids were found to segregate into domains with an average diameter of ∼200 

nm that clustered nonrandomly into sphingolipid-rich membrane micro-patches. 

Depletion of 30 % cellular cholesterol did not eliminate the sphingolipid domains but 

moderately decreased their abundance and long-range organization203.  

Evidence for selective lipid segregation has also been provided by model lipid 

membranes, which are assumed to recreate the same lipid-lipid interactions as real 

systems (see Section 1.3.6). Indeed, combining a relatively saturated phospholipid 

with high Tm (e.g. sphingolipids), an unsaturated phospholipid with low Tm (e.g. 

natural phosphatidylcholines), and cholesterol in a synthetic membrane often results, 

on the micron scale,  in spontaneous Lo – Ld phase separation, where the more ordered 

Lo phase is reasonably believed to represent a potential physical model of rafts193,204,205. 

Domains with raft-like properties, coexisting with Ld regions, were observed both in 
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planar supported bilayers206 and in giant unilamellar vesicles207,208. Due to higher 

degree of lipid packing, both real and model rafts are thicker than the surrounding 

bilayer206, resulting in height mismatch at the phase boundary. This imposes the 

membrane leaflet to elastically deform in the proximity of phase separation to avoid 

exposure of hydrophobic surfaces to water (Figure 15)209. The height mismatch at the 

domain edge can been investigated experimentally by atomic force microscopy and 

X-ray scattering measurements205,210. Synthetic models for Lo domains differ from 

lipid rafts by their larger size, simplified composition, and greater difficulty in 

recruiting raft-associated membrane proteins (Figure 15)211. Recently, direct imaging 

of micro- and nano-domains in giant lipid vesicles obtained from native, protein-rich 

extracts of plasma membranes has reinforced the belief that the physical forces 

driving liquid-liquid phase separation in synthetic membranes are the same as those 

governing the appearance of lipid nanodomains in real plasma membranes211–215. 

 

Figure 15. Schematic representation of the liquid-liquid phase separation originating lipid rafts (top 
view and transverse section). Since the Lo phase is thicker than the surrounding bilayer, the monolayer 
deforms at domain boundary to compensate the phase hydrophobic mismatch. 

1.3.6 Biomimetic membrane models 

Due to the complex nature of plasma membranes, elucidating the mechanism 

of nanoscale interactions occurring at the cell–particle interface is extremely 

challenging. Thereby, such research primarily relies on simplified models capable of 

mimicking the natural organization of specific membrane components216,217. 

Synthetic lipid bilayers of growing complexity are robust in vitro models to explore 

how particle physicochemical properties might perturb the basic structure of plasma 

membranes33,218,219. Within this thesis, only lipid vesicles – or liposomes – and supported 

lipid bilayers – or SLBs – prepared via vesicle fusion have been considered, and thus 

described in this section.  Besides basic research, model membranes are widely used 

in synthetic biology and medical applications216. For example, numerous liposome-
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based drug formulations have been successfully translated into real-time clinical 

applications220. 

Liposomes consist of a spherical lipid bilayer containing an aqueous 

compartment (Figure 16a). The simplest vesicles are unilamellar – i.e. composed of 

only one bilayer – and their size varies considerably depending on the preparation 

method. Small unilamellar vesicles (SUVs, ~20÷100 nm diameter) are generally 

prepared by sonicating or extruding multilamellar vesicle suspensions (MLVs) that 

spontaneously form upon hydration of dried lipid films (Figure 16a). MLVs consist 

of several concentric lipid bilayers intercalated by water; most times, their formation 

is facilitated by mild sonication (Figure 16a). By increasing the pore size of the 

extruder filters, the same procedure is used to prepare large unilamellar vesicles 

(LUVs, diameter from ~100 nm to ~1 µm). Giant unilamellar vesicles (GUVs, 

~1÷100 µm diameter), instead, are commonly generated using a variety of much more 

complicated protocols221 that include electroformation from plasma membrane 

extracts purified from cells222,223. GUV size is the best-suited to mimic the curvature 

of eukaryotic plasma membranes and GUVs are mainly used for optical microscopy 

and micromanipulation  studies221,224. Despite the smaller size of SUV and LUV tends 

to overestimate the plasma membrane curvature, these vesicles are significantly easier 

and faster to prepare using highly reproducible and controllable methods. 

Furthermore, as in this thesis, they are commonly employed for spectroscopy studies 

and for the efficient preparation of SLBs via deposition and fusion of vesicles on solid 

substrates. 

SLBs are planar model membranes widely used in biomimetic studies225. Both 

planarity and the stability imposed by the rigid support are extremely useful when 

studying membrane-based molecular processes using surface characterization 

techniques, such as atomic force microscopy (see Section 2.1)226. This technique, for 

instance, is a useful tool for studying the lateral liquid-liquid phase separation in model 

membranes206. SLBs are generally prepared via the vesicle fusion technique first 

proposed by McConnell's group226–228. After initial adsorption of vesicles onto a 

hydrophilic solid surface, vesicles tend to deform, flatten, and finally rupture and fuse 

on the substrate to form a stable SLB, distanced from the support by an ultrathin 

water layer (Figure 16b)229. Despite initial hypotheses, it is now known that this 

nanometric gap is not sufficient to prevent the substrate from imposing a physical 

constraint on the membrane, altering – albeit limitedly – the lipid dynamics218,230. To 

facilitate the deposition of defect-free SLBs the system can be heated up to ~60 °C 

for a few minutes226. The substrate has to be flat and clean229,231, and its constituent 

material may remarkably affect both vesicle stability and lipid mobility in deposited 

https://en.wikipedia.org/wiki/Lipid_bilayer
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SLBs232. The most common substrate material is mica232, a nonconducting mineral 

that can be easily cleaved by using adhesive tape to obtain an atomically flat surface. 

Borosilicate glass and silica can be used as well, but their preparation is more 

laborious. Pathways of SLB deposition strongly depend on several parameters, such 

as vesicle composition, concentration, surface charge, and osmotic pressure; substrate 

material (roughness and hydrophilicity); vesicle incubation time and temperature; pH 

and ionic strength (ions can have screening and charge compensating effects). All 

these factors may induce remarkable variation in vesicle-support, vesicle-vesicle, and 

intrabilayer interactions, thus governing the fate of SBL formation231,233. Under 

certain conditions vesicles do not adsorb, while under others they do but remain 

immobilized as a stable vesicular layer; in some cases, vesicles may slowly form the 

SLB only after reaching a sufficiently high critical coverage, or their rupture may be 

instantaneous, leading to direct formation of SLB patches. In the case of mica, for 

example, in the absence of bivalent cations such as Ca2+, zwitterionic vesicles adsorb 

but do not merge even at relatively high lipid concentration233,234.  

 

Figure 16. Preparation of a) unilamellar lipid vesicles and b) SLBs (via vesicle fusion). Vesicle 
formation starts from stoichiometric lipid mixtures dissolved in a suitable organic solvent; MLV 
sonication and extrusion lead to homogeneous and remarkably reproducible vesicle suspensions. The 
scheme of the extruder used in this thesis is reported in Figure 55 (Appendix B1). 

Within this thesis,  SUVs, LUVs, and SLBs were prepared as detailed in 

Appendices B1 and C. 
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2.   Experimental techniques 

In this thesis, several experimental techniques have been used to thoroughly 

investigate the NP-membrane interaction and to characterize the mechanical and 

morphological features of model membranes; these include atomic force microscopy, 

quartz crystal microbalance with dissipation monitoring, and fluorescence assays based on dye-

leakage and emission anisotropy. In addition, other techniques (dynamic light scattering, 

ζ-potential analysis, proton nuclear magnetic resonance, and UV-Vis spectroscopy) 

have been employed by the candidate to perform routine characterizations of both 

nanoparticles and model membranes after preparation (see Appendices A and B). 

This chapter provides a general introduction only to the techniques shown in italics, 

as they were essential to developing the results discussed in Chapters 4, 5, and 6. 

2.1 Atomic Force Microscopy 

Atomic Force Microscopy (AFM) is a surface characterization technique 

belonging to the family of Scanning Probe Microscopies235,236. It is best known for 

high-resolution topographic imaging, but it is also employed for measuring 

mechanical properties with nanoscale spatial resolution237. AFM functioning is based 

on scanning the sample surface with a sharp mechanical probe. The scanning 

mechanism can be attached either to the probe base or to the sample stage without 

changing the operating principle since it is the relative probe-surface distance that 

needs to be controlled. AFM scanners mainly consist of piezoelectric ceramic tubes 

designed to undergo – when a specific voltage is applied – tiny but extremely accurate 

and precise displacements along x-y and z directions (Figure 17a)238,239. The probe is 

a sharp tip attached under the free-swinging end of a micrometric cantilever (Figure 

17a). Most cantilevers are made of silicon, silicon nitride, or borosilicate glass and can 

have different geometries. When the probe is brought very close to the sample 

surface, the cantilever is deflected by the forces between the atoms of the tip and 

those of the sample. In this way, it behaves like a spring governed by Hooke’s law F 

= –kd, meaning that the tip-surface force F, deflecting the cantilever, depends linearly 

on d, the cantilever deflection (Figure 17b). Tip-surface interatomic forces depend on 

the mutual tip-surface distance, as described by the Lennard-Jones potential (Figure 

17c). Van der Waals attractive forces and capillary forces prevail in the long-range 

attraction, while repulsive interatomic forces take over only at short ranges (~few Å). 

Depending on the operation conditions, the interactions can include water meniscus 

https://en.wikipedia.org/wiki/Cantilever
https://en.wikipedia.org/wiki/Silicon
https://en.wikipedia.org/wiki/Silicon_nitride
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forces, dipole-dipole interactions, chemical bonding, electrostatic forces, solvation 

forces, hydrophobic forces, etc. The most common method to measure the tiny 

bending of the cantilever is the beam-deflection system illustrated in Figure 17b240. 

Here, a laser beam is first focused on the reflective end of the cantilever, and then 

reflected and redirected to a photodiode generating an output signal. When the 

cantilever deflects due to tip-surface forces, the detected laser position shifts 

accordingly, modulating the output signal. Vertical shifts in the laser spot allow 

measuring the cantilever deflection – thus calculating the tip-surface interaction 

(Figure 17b) – while horizontal displacements are induced by cantilever torsion. 

Output signals recorded during scanning are then reported in a pseudocolor image, 

in which each pixel corresponds to a specific x-y surface position, and its color reflects 

the signal associated with that position (in a topographic image, the height of surface 

features). Since the tip-surface interaction depends on their mutual separation, AFM 

signals can be used to reconstruct the surface topography. Within this thesis, AFM 

imaging was performed using the constant-signal mode. During scanning, a Z-

feedback loop constantly compensates the signal variation caused by modulation in 

surface height by regulating the tip-surface distance. This adjustment is based on 

extending or retracting the piezo to keep unchanged the tip-surface interaction and 

restore the cantilever response to a constant user-defined value defined setpoint (Figure 

17a).  

AFM topographic images can be acquired with different modes, which exploit 

different tip-surface interaction regimes. In this context, the description will be limited 

to the two modes used in this thesis: the contact mode and the intermittent contact 

mode – best known as tapping mode. As shown in Figure 17c,d, the contact mode 

constantly operates in the repulsive regime. The setpoint compensated by the 

feedback system is the cantilever deflection, which is generally low enough to avoid 

excessive tip-surface interaction but high enough to ensure stable tip-surface contact. 

Despite the remarkable high-resolution imaging provided by this mode, the friction 

force occurring as the tip moves pushing on the surface can induce undesired 

cantilever torsion241. Moreover, it may be not trivial to prevent the probe from 

sticking to the sample. This is common in the presence of a liquid meniscus layer due, 

for instance, to air humidity. The dynamic tapping mode – constantly moving between 

attractive and repulsive forces – was developed to bypass this problem (Figure 

17c,d)242. Here, the cantilever is externally driven to oscillate near the sample surface 

with a frequency close to the acoustic resonance. The amplitude of cantilever 

oscillation remains unperturbed as long as no quantifiable damping occurs through 

short-range repulsive tip-surface interactions. Thus, the amplitude oscillation varies 

https://en.wikipedia.org/wiki/Pseudocolor
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according to the surface height profile and is used as dynamic setpoint instead of the 

static cantilever deflection (the lower the setpoint, the higher the tip-sample 

interaction, and the harsher the imaging conditions). Unlike the contact mode, the tip 

is not in contact with the surface for most of the oscillation cycle and tip-surface 

friction is significantly reduced. This explains why tapping mode is preferred with soft 

samples in liquid, such as the biological ones. Moreover, the phase shift between 

cantilever excitation and response induced by tip-surface interactions can be recorded 

and mapped in images discriminating sample areas with similar topography but 

different mechanics243.  

 

Figure 17. a) AFM instrumental configuration (not to scale); a v-shaped cantilever is taken as an 
example. b) Beam-deflection system. c) Lennard-Jones potential curve describing the local tip-surface 
force F as a function of the mutual interatomic distance. This curve is a generally valid approximation 
since each situation depends on the specific sample, tip geometry, and operation conditions. d) AFM 
modes used in this thesis: 1. contact mode – operating in the repulsive regime shown in (c) – and 2. 

tapping mode – involving both repulsive and attractive regimes shown in (c). 

Besides imaging, AFM can be used for force spectroscopy measurements235,244. 

This method consists of approaching, at a fixed x-y position, the probe to the sample 

until a certain deflection setpoint is reached, after which the probe-sample distance is 

restored to the maximum initial value. The cantilever deflection, and thus interaction 

force, is monitored during the whole displacement and plotted against the piezo 

movement. Besides the cantilever deflection recorded in the static contact mode, 

other parameters can be monitored, but within this thesis, only this specific situation 

will be considered. Thanks to its nanometric radius, the AFM probe is capable of 

sensing extremely small interaction areas, providing high sensitivity also to very low 
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forces. Figure 18a describes in detail the steps of the simplest case of tip-surface 

interaction, i.e. a hard and incompressible sample analyzed in air in the absence of 

long-range interactions. During approach, after passing the non-contact region at zero 

force, attractive forces overcome the spring constant of the cantilever inducing the 

tip to jump into contact with the surface. As the distance decreases further, the 

repulsive contact force rises linearly with a slope equal to the cantilever constant k. 

During retraction, the tip often remains in partial contact with the surface due to some 

adhesion; only after overcoming it, the tip returns to the flat non-contact regime. 

When analyzing soft (compressible) samples in liquid, as in this thesis, the 

interpretation of the curves becomes more difficult (Figure 18b)237. Here, sample 

deformability and long-range electrostatic interactions attenuate considerably the 

clear detection of the jump into contact, and a more gradual force increase in the 

contact region – often characterized by a non-linear behavior – is more commonly 

observed. Moreover, due to complex adhesion phenomena inducing viscoelastic 

losses, it is common to observe hysteresis upon retraction.  

 

Figure 18. Schematic representation of the cantilever deflection d vs the piezo displacement during 
the contact-based acquisition of force curves in the case of a) hard samples analyzed in air in the 
absence of long-range interactions, and b) soft samples in liquid. Approach (blue) and retract (red) 
curves are reported separately. 

For quantitative analysis of tip-surface interactions, the piezo displacement 

reported in Figure 18 has to be corrected for the nanometric bending of the cantilever 

to calculate the tip-sample distance. The nanometric distance that the cantilever 

actually deflects for a certain measured change in photodiode voltage is defined 

sensitivity and is obtained by calibrating the cantilever. This can be done, for instance, 
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using the thermal noise method245,246. This procedure also allows measuring the exact 

spring constant k necessary to convert deflection into force values. Only afterward, 

force vs tip-sample separation curves can be fitted with a proper model to calculate 

the Young’s or elastic modulus of the sample – a measure of surface stiffness237,247.  

The capability of the AFM probe of acting as a force sensor can be combined 

with lateral scanning to reconstruct maps of tip-surface interactions, nanomechanical 

properties, and topographic images. In this last case, the procedure is known as Force 

Volume237: for each scanned x-y position, a force-distance curve is measured, and the 

z coordinate is extracted from the curve at the selected setpoint. As in conventional 

imaging based on contact mode, height information is derived fixing as setpoint the 

maximum cantilever deflection. The main drawback of this technique is that it is 

remarkably time-consuming, and the less data is acquired, the more penalized is the 

image resolution. In the last years, different techniques have been developed by the 

manufacturers to provide high-speed Force Volume with improved resolution imaging, 

including the Quantitative Imaging (QITM) mode by JPK used in this thesis. In QI™ 

mode, a complete force-distance curve is acquired at each pixel thus allowing mapping 

the Young’s modulus of the sample with the advantage of sampling speed and spatial 

resolution. 

In this thesis, AFM imaging in liquid – tapping mode and QITM mode – was 

performed for the projects described in Chapters 5 and 6. All details of equipment 

specifications and analysis methods are reported in Appendix C1. 

2.2 Quartz Crystal Microbalance  

The Quartz Crystal Microbalance (QCM) is an ultra-sensitive technique for 

real-time detection of mass and structural changes involved in surface processes. The 

sensing unit is a thin disk of piezoelectric quartz crystal sandwiched between a pair of 

gold electrodes; when applying an alternating voltage, the crystal is excited to oscillate 

at its acoustic resonance frequency f0. The piezoelectric performance of quartz disks 

(including the frequency stability) can be tuned in the production process. The 

decisive factor is the cutting direction to the main crystallographic axes at which the 

disk is removed from the source quartz blank. In mass production of oscillator 

materials, the most widely used angular cut is the AT-cut, which provides quartz 

crystals with remarkable oscillation stability (0.5÷300 MHz frequency range), thus 

allowing high accuracy in f0 registration. In addition to the fundamental mode, QCM 

device allows replicating the measure at higher harmonics, or overtones. Besides other 
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variables kept constant during normal operation, the resonance frequency depends on 

the total mass oscillating on the sensor surface. When a mass is deposited, the quartz 

oscillation is slowed down due to inertia (Figure 19a). The frequency decrease as the 

attached mass increases is described by the Sauerbrey equation248: 

ᐃ𝑚 = −𝐶𝑓
ᐃf

𝑛
      (2) 

where: ᐃf/n is the observed frequency shift (Hz) normalized by n, the 

harmonic number at which the crystal is driven (in the field of acoustic waves, only 

odd harmonics are measured), ᐃm is the change in mass per unit area of the 

piezoelectrically active surface (g/cm2), and Cf is the linear sensitivity factor of the 

quartz crystal, i.e. a coefficient that describes the sensitivity of the sensor to mass 

changes249,250. Cf  only depends on the acoustoelastic properties of the crystal (f0, 

quartz density, and shear modulus). The Sauerbrey model considers the attached mass 

as a thickness extension of the underlying quartz, and thus only applies to uniform 

thin-film deposits rigidly coupled to the sensor (in this condition, the foreign film 

does not experience any shear forces during vibration). For thick films or large mass 

loads, corrections have been developed251.  

For many years, the QCM was used as a gas-phase mass detector; only recent 

developments in electrical circuitry allowed the quartz crystal to oscillate stably also 

under the viscous loading of a liquid environment252,253. The Sauerbrey equation can 

be used also in solution if its conditions are met. When covered by a liquid, the sensor 

resonance frequency changes proportionally to the square root of the liquid density-

viscosity product254. Using standard AT-cut disk-typed quartz crystals with f0 in the 

4÷6 MHz range, QCM allows resolution down to 1 Hz in normalized frequency shift, 

corresponding to ng/cm2 mass sensitivity252. QCM-D in liquid is extremely useful for 

monitoring the deposition of thin molecular biofilms, such as the SLBs prepared via 

vesicle fusion232,233 (see Section 1.3.6 and Figure 19c), and to investigate their 

interactions with nanoparticles. For example, it provides accurate quantification of 

the NP mass either tightly adsorbed onto or inserted into the lipid bilayer. 

When dissipation monitoring is integrated into the QCM set-up (QCM-D), it 

is possible to extract simultaneously both the frequency and the energy dissipation 

response of the oscillator. Dissipation (D) is measured from the time it takes for the 

oscillation to stop when the driving voltage to the crystal is shut off (Figure 19b). It 

is directly proportional to the energy dissipated from the oscillating crystal during one 

oscillation period divided by the total energy stored in the oscillator255. The 

disconnection of the AC voltage can be repeated over 200 times per second, giving 
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QCM-D remarkable sensitivity and high resolution. While frequency shifts (Δf ) can 

be traced back to changes in the attached mass, variation in energy dissipation (ΔD) 

measures the damping in the resonator oscillations, thus enabling qualitative analysis 

of the structural properties of adsorbed layers. By measuring ΔD it is possible to 

determine if the deposited film is rigid or viscoelastic, since the latter dampens the 

sensor oscillation, increasing ΔD, as shown in Figure 19b,c. Moreover, Δf and ΔD 

values can be analyzed to extract quantitative information on layer thickness, density, 

shear elastic modulus, and viscosity when the Sauerbrey regime is not met, as in the 

case of viscoelastic samples. The simplest way to determine such properties is to fit 

the QCM-D data into the Voigt model described in ref256,257.  

 

Figure 19. a) Top: mass-induced variation in the resonance frequency of the sensor; bottom: QCM 
sensing unit (a SiO2 coated sensor is taken as an example). b) Dissipation for rigid and viscoelastic 
films when the AC voltage is disconnected. c) SLB formation via vesicle fusion onto hydrophilic  

SiO2 monitored by QCM-D: 1. sensor oscillating in liquid (ᐃf=0, ᐃD=0), 2. lipid vesicle injection, 

3. rapid deposition of water-filled lipid vesicles on the sensor (ᐃf<0, ᐃD>0), 4. critical sensor 

coverage (ᐃf min, ᐃD max), 5. water release upon vesicle merging on the sensor (ᐃf>0, ᐃD→0), 

and 6. stable SLB (typical normalized ᐃfSLB~25 Hz, ᐃD=0). Vesicle deposition between 2 – 4 leads 

to the formation of a viscoelastic supported vesicle layer, as revealed by ᐃD2-4>0; as shown in (b), 
viscoelastic deposits dampen the sensor oscillation. The final SLB is rigidly coupled to the sensor; 
indeed, in 6 the sensor oscillates exactly as it did before vesicle insertion in 1 (during vesicle fusion, 

between 4 – 6, dissipation returns to the initial value ᐃD=0). 

In this thesis, QCM-D measurements in liquid were performed for the projects 

described in Chapters 4, 5, and 6. For data processing, both the Sauerbrey model and 

the Voigt model were used depending on the nature of the deposited layer. All details 

of equipment specifications and analysis methods are reported in Appendix C2. 

https://en.wikipedia.org/wiki/Damping
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2.3 Fluorescence assays 

2.3.1 Dye-leakage  

In intact cells, passive intracellular penetration is strictly regulated by the 

selective permeability of the cell membrane. Some exogenous agents, such as 

antimicrobial peptides258,259, proteins260,261, and toxins262, can permeabilize plasma 

membranes compromising their integrity. This can induce transient membrane 

poration or gradual or all-in-one release of the cellular content, potentially leading to 

cell lysis. A similar perturbation can be induced by the uptake of nanoparticles. Dye-

leakage assays are commonly used for probing the damage extent induced by 

nanoparticles during passive penetration of synthetic lipid bilayers61,263,264. In this 

thesis, nanoparticle-induced membrane perturbation was investigated with the 

calcein-leakage assay265–267. Calcein is widely exploited in such experiments involving 

Au nanoparticles61,263. The fully deprotonated form of calcein (Figure 20) is 

commonly used as membrane-impermeant fluorescent dye267. For a typical leakage 

assay, lipid vesicles are loaded with a buffered calcein solution at self-quenching 

concentrations (above 70 mM). The non-encapsulated dye is removed from the 

vesicle suspension by gel filtration268,269. Filtered vesicles are then placed in a 

fluorometer cuvette and continuously stirred at constant temperature (Figure 20, step 

1). The calcein fluorescence is recorded in real time and nanoparticles are added after 

a few minutes (Figure 20, step 2). All NP-induced changes in membrane permeability 

– allowing calcein to leak – involve the external dilution of the probe and thus 

dequenching (Figure 20, step 3). The concomitant rise in fluorescence emission can 

be attributed to transient pore formation or vesicle disruption.  

 

Figure 20. Scheme of the calcein-leakage assay used in this thesis: 1. liposomes before nanoparticle 
addition, 2. nanoparticle injection, and 3. liposomes after nanoparticle addition. Concentrated calcein 
solutions are red-brownish and become green upon dilution. 



• Chapter 2 
 

• 37 • 

 

At the end of the experiment, a detergent is added to obtain complete vesicle 

breakage into micelles with complete calcein release. This step is necessary to calibrate 

the fluorescence data since the percentage of vesicle leakage is expressed as:                           

                                         𝑙𝑒𝑎𝑘𝑎𝑔𝑒 % (𝑡) =  
𝐹(𝑡)−𝐹0

𝐹𝑚𝑎𝑥−𝐹0
 %     (3) 

where: F(t) is the time-dependent fluorescence, F0 is the fluorescence level 

immediately before nanoparticle addition, and Fmax is the fluorescence level obtained 

with 100 % calcein release.  

In this thesis, dye-leakage assays were performed for the project described in 

Chapter 4. All details of equipment specifications and analysis methods are reported 

in Appendix D1. 

2.3.2 Fluorescence anisotropy  

Fluorescence anisotropy assays are based on the principle that the anisotropy 

of the fluorescence emission of a fluorophore is inversely related to its motional 

freedom. Such measurements are commonly used to explore the rigidity of several 

molecular environments, including lipid bilayers. In this case, the probe 1,6-diphenyl-

1,3,5-hexatriene, or DPH, and its derivatives are widely used270–273. These 

fluorophores exhibit a strong increase in fluorescence emission when associated with 

membrane lipids, and their anisotropy response is highly sensitive to dynamical 

alterations in the physical state of the bilayer caused, for instance, by changes in 

temperature, pressure, cholesterol content, and phospholipid (or ionic) composition. 

As shown in Figure 21, DPH is a hydrophobic, rigid, and highly linear molecule. The 

addition of small amounts of DPH in the liposome preparation results in complete 

embedding of the fluorophores within the apolar core of the bilayer, where DPH 

molecules are mostly oriented parallel to lipid tails (Figure 21)274. Here, they exhibit 

diffusional, rotational, and torsional motion275. DPH derivatives are chosen to probe 

the fluidity of other regions of the bilayer. For instance, 1-(4-(trimethylamino)phenyl)-

6-phenylhexa-1,3,5-triene, or TMA-DPH, is anchored at the hydrocarbon–water 

interface and provides information on the polar headgroups (Figure 21). In this 

position, its dynamics is remarkably more hindered than that of deeper DPH276.  

When irradiated with polarized light, fluorophore molecules emit polarized 

fluorescence. This is due to the presence of absorption and emission transition 

moments277–279 characterized by specific axes along which radiation is absorbed and 

emitted. In general, determining the actual orientations of the transition moments in 

a fluorophore is not trivial280,281. In the case of DPH (and most derivatives), it is 
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possible to assume that they lie almost parallel to the elongated axis of the molecule 

(Figure 21)278,279,282. This electronic structure represents a great advantage in 

anisotropy measurements. Upon excitation, fluorophore molecules with the 

absorption transition moment parallel to the electric field of the polarized light exhibit 

the highest probability of excitation (in this description, the polarization direction will 

be always considered along the z-axis).  More precisely, the absorption dipole 

moments do not need to be exactly aligned to the z-axis to get excited: the absorption 

probability is proportional to cos2θ, where θ is the angle between the axis of the 

absorption dipole and the z-axis277 (Figure 21). Hence, when polarized light is applied 

to an ensemble of mobile fluorophores randomly distributed, there will be some 

preferential orientation of the excited-state fluorophore population along the z-axis, 

and very few excited molecules will have their absorption transition moments 

oriented perpendicularly in the x-y plane277 (Figure 21). This selective excitation 

process is known as photoselection and represents a key concept in fluorescence 

anisotropy experiments. A typical instrumental configuration used in these 

measurements is reported in Figure 21. The fluorescence intensity emitted by 

fluorophores is measured using an emission polarizer whose polarization axis is 

oriented sequentially parallel and perpendicular to the z-axis. The corresponding 

intensities I∥ and I⊥ are used to calculating the anisotropy of the fluorescence emission 

(𝑟)277,283: 

                                            𝑟 =
𝐼∥−𝐼⊥

𝐼∥+2𝐼⊥
=  

𝐼∥−𝐼⊥

𝐼𝑡𝑜𝑡
                     (4) 

 

Figure 21. Excited-state distribution for immobilized fluorophores with colinear absorption and 
emission transition moments – such as DPH and TMA-DPH – irradiated by monochromatic light 
polarized along the z-axis. In the bilayer cartoon, phospholipids and probes are not to scale. 
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As shown by Equation 4, 𝑟 is a dimensionless parameter, normalized by the 

total fluorescence intensity emitted by the sample (Itot). This means that r does not 

depend on fluorophore concentration. In the limit case of a single fluorophore aligned 

to the z-axis, if the fluorescence emission is completely polarized along the 

transmission direction of the emission polarizer, I⊥=0, I∥=Itot, and 𝑟=1.0. Thanks to 

its highly polarizable electronic structure, this is the theoretical case for DPH. 

However, it is not possible to obtain a perfectly oriented excited-state population of 

relatively mobile DPH molecules randomly distributed in an isotropic environment. 

Here, 𝑟  unavoidably decreases due to the angular dependence of photoselection. 

Only if the surrounding environment is sufficiently viscous, photoselected DPH 

molecules do not rotate significantly between absorption and emission events, and 

the emitted fluorescence will also be highly polarized within a particular range of 

angles with respect to the polarization direction (i.e. I∥ » I⊥ ). According to geometrical 

considerations277, in the case of colinear absorption and emission dipoles, the 

maximum anisotropy reaches a value of 0.4 (I⊥=1/3 I∥) (Figure 21). Instead, if the 

medium shows fluid-like features, DPH molecules undergo continuous random and 

fast reorientations with consequent depolarization of emitted fluorescence. When the 

emission is completely depolarized, I∥ is statistically equal to I⊥ and 𝑟=0.0. Thus, 

considering DPH embedded in a lipid bilayer, measuring the change in polarization 

of radiation between absorption and emission is extremely useful to determine the 

angular rotation the probe undergoes in between these events and, accordingly, to 

estimate the order of surrounding lipid acyl chains. 

In this thesis, fluorescence anisotropy assays were performed for the project 

described in Chapter 6. All details of equipment specifications and analysis methods 

are reported in Appendix D2.
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3.   Synthesis of amphiphilic gold NPs 

Amphiphilic AuNPs with spherical shape and variously functionalized by 1-

octanethiol (OT), 11-mercapto-1-undecanesulfonate (MUS), and (11-

mercaptoundecyl)-N,N,N-trimethylammonium (TMA) were synthesized using two 

chemical procedures: 1) a one-phase variant of the Brust-Schiffrin method97,98, and 2) 

the thiol-for-oleylamine ligand exchange. The transition from the first to the second 

synthetic route resulted in a remarkable reduction of the NP size dispersion (i.e. 
𝑠𝑡𝑎𝑛𝑑𝑎𝑟𝑑 𝑑𝑒𝑣𝑖𝑎𝑡𝑖𝑜𝑛

𝑚𝑒𝑎𝑛 𝑑𝑖𝑎𝑚𝑒𝑡𝑒𝑟
 ·100). This improvement is important when strict comparability of 

NP sizes is required in systematic studies involving biological membranes.  Under 

some circumstances, even a small variation in NP size may induce slightly different 

outcomes of NP-membrane interactions141. 

3.1 One-phase synthesis 

As introduced in Section 1.2.1, the synthesis of small spherical AuNPs 

protected by apolar alkylthiols has been dominated by the Brust-Schiffrin two-phase 

approach since the early 90’s97. Subsequently, AuNPs synthesized with this strategy 

can undergo thiol-for-thiol ligand exchange to obtain mixed monolayers of 

hydrophobic and ω-functionalized (e.g. hydrophilic) ligands101,104. This procedure is 

easy and only requires ambient conditions, but it comes with some drawbacks: 1) it 

needs a phase-transfer reagent to displace the Au(III) ions from the water phase, in 

which they are solubilized, to the organic phase, in which the thiol-assisted reduction 

takes place; 2) final NPs usually have large dispersion in size, even higher than 50 %; 

3) thiol-for-thiol exchange is time consuming and usually requires daylong 

procedures; 4) since the exchange occurs in the presence of large excess of the 

incoming thiol and reaches a dynamic equilibrium between the exchanging ligands, 

fixing (and modulating) the desired amount of alkylthiol to be replaced is not trivial; 

and finally, 5) because of the strong Au-S association, complete replacement of the 

original ligand shell is not achievable. More recently, significant effort has been made 

to develop more reliable and versatile one-phase protocols in which the thiol-assisted 

reduction of Au(III) ions occurs in a homogeneous phase instead of the two-phase 

interface of Brust’s synthesis284. The homogeneity of the reaction mixture is 

fundamental to obtain colloidal NPs with reduced core size dispersion. Moreover, the 

one-phase approach allows for quick one-pot preparation of water-soluble AuNPs 

capped by a mixed thiol monolayer, without the need for further thiol-for-thiol ligand 



• Chapter 3 
 

• 41 • 

 

exchange. This considerably reduces the time of NP synthesis and the number of 

involved chemicals whose residues are laborious to remove from final NPs. Finally, 

this synthetic route allows for discrete control over final ligand shell composition and 

it is commonly used to obtain homoligand hydrophilic shells. Within this thesis, one-

phase amphiphilic AuNPs were prepared following a modified, scaled-down, 

literature procedure285; a scheme of the synthesis is reported in Figure 22.  

 

Figure 22. Scheme of the one-phase procedure in EtOH used to obtain small amphiphilic AuNPs. 
MUS and TMA confer a negative or positive surface charge to the NP ligand shell, respectively. The 
stoichiometric ratio of the thiol mixture is defined as the ligand feed ratio. Monocomponent thiol 
solutions can be used to obtain homoligand shells, as in the case of all-MUS and all-TMA AuNPs. 

The reaction was performed at 0 °C under continuous magnetic stirring to 

minimize the effect of any temperature gradients on NP size distribution. The gold 

precursor, hydrogen tetrachloroaurate (III) trihydrate (HAuCl4∙3H2O), was first 

dissolved in ethanol (EtOH) and then let to stir for a few minutes with an equimolar 

thiol mixture prepared in a small amount of methanol (MeOH). In this step, the 

alkylthiols (RSH) pre-reduce Au(III) to Au(I) to form a polymeric Au(I)-thiol 

complex (Equation 5)100–102. This reaction is confirmed by the color change of the 

gold solution from bright to turbid yellow (Figure 22). 

pre-reduction  AuIIICl4– + RSH → [–AuISR–]n (polymer)             (5) 

The 1:1 Au(III):RSH molar ratio is sufficient to obtain a fast and homogeneous NP 

coverage, while at the same time avoiding excessive unbound thiols. In general, more 

diluted thiol mixtures lead to larger NP diameters with broader distributions. Au(I) 
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was then slowly reduced to metallic Au(0) by dropwise addition of a concentrated 

ethanolic solution of sodium borohydride (NaBH4), an effective reducing agent. This 

step triggers the formation of Au(0) clusters and concomitant growth into small thiol-

protected AuNPs or Au0
x(SR)y (Equation 6)101.  

reduction  [–AuISR–]n + BH4
– → Au0

x(SR)y                             (6) 

After a few hours from the end of reductant addition, the product was isolated from 

the reaction mixture, repeatedly washed, and finally vacuum dried. Using the same 

reaction protocol but slightly different washing cycles, amphiphilic AuNPs were 

prepared with either heteroligand (i.e. MUS:OT and TMA:OT) or homoligand (all-

MUS and all-TMA) shells. Unlike the former, the latter have not been tested in 

experiments with lipid membranes. The detailed protocols followed to synthesize 

one-phase AuNPs, together with the material list, are reported in Appendix A1. 

In the case of mixed monolayers, it was possible to tune with discrete accuracy 

the ligand shell composition onto the Au core by defining the ligand feed ratio in 

solution (Figure 22). In particular, for the project described in Chapter 4, MUS:OT 

and TMA:OT AuNPs with a 2:1 (mol:mol) feed ratio were synthesized. The same 

MUS:OT AuNPs were also used in the experiments discussed in Chapter 5. In EtOH, 

ω-charged alkylthiols like MUS and TMA generally show a higher tendency to graft 

onto the Au core than OT or other hydrophobic alkylthiols285. Therefore, to target 

the preset ligand shell composition, an excess of OT must be used. This behavior may 

be related to the different solubilities of gold salt, ω-charged ligands and OT in EtOH: 

while AuIIICl4– ions, MUS and TMA are nicely solubilized, the highly hydrophobic 

OT prefers more apolar solvents (e.g. MeOH, or better, toluene and 

dichloromethane) and tends to slightly aggregate. Such a tendency may disfavor the 

readiness of OT to bind to the surface of growing Au(0) nuclei, thus explaining why 

the grafting yield of better-dispersed ligands is always higher285. Within this thesis, the 

ligand composition of MUS:OT and TMA:OT monolayers was quantified after 

iodine-mediated etching of the Au core, a procedure that allows to quantitatively 

release the thiolated ligands as disulfides286,287. By proton nuclear magnetic resonance 

(1H NMR), the ligand molar ratio can be calculated by comparing the integrals of 

peaks individually contributed by OT, MUS, and TMA (see Appendix A2). The 

reliability of this method is well-established and strongly depends on the purity of 

AuNPs285. Therefore, before iodine etching, it is necessary to accurately eliminate any 

contamination due to unbound ligands or other impurities (e.g. reaction by-products 

or reagents residues). Moreover, when considering the ligand shell composition, even 

the purity of reagents and solvents is of paramount importance to obtain reproducible 
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results. All the chemicals used in this synthetic protocol are commercially available 

with a high degree of purity, except for MUS. Therefore, MUS was synthesized in 

house according to a modified literature procedure144,285. Notably, we have proposed 

a protocol to quantify for the first time the organic purity of MUS (i.e. 93 %) by 

quantitative nuclear magnetic resonance (qNMR). This step provides an important 

new contribution to the outcome of this synthetic route285. All details of MUS 

synthesis and characterization are reported in Appendix A3.  

3.1.1 NP characterization  

In general, the experimental characterization of ligand-protected AuNPs is 

based on a variety of methods, including thermogravimetric analysis (TGA)100,112, 

scattering techniques (e.g. dynamic light scattering (DLS) and ζ-potential)288, 

microscopy (e.g. transmission electron microscopy (TEM) and AFM289), and 

spectroscopy (e.g. ultraviolet-visible (UV-Vis)290 and NMR)291,292. Combining the 

weight loss determined by TGA and the mean core size derived by TEM analysis, it 

is possible to calculate the ligand density onto the Au core approximating the NP 

shape to a sphere. In general, the ligand density of one-phase AuNPs obtained with 

this protocol is highly reproducible and well established in the literature, i.e. ~4.8 

ligands/nm2  145,285.  

Within this thesis, amphiphilic AuNPs prepared with the one-phase approach 

were characterized by TEM, DLS, ζ-potential, 1H NMR, and UV-Vis techniques. 

TEM analysis was performed to characterize the NP shape and core size distribution, 

while DLS was used to analyze the overall hydrodynamic NP size. The NP surface 

potential (ζ-potential) in aqueous solution was also determined. 1H NMR was used 

before and after iodine etching of the Au core to assess the presence of unbound 

ligands and the thiol molar ratio within the ligand shell, respectively. Results on NP 

size analyses are reported in Figure 23 (TEM images) and Table 3. Final AuNPs 

showed spherical shape and a mean core diameter distributed between ~2÷6 nm; 

notably, ~20÷30 % core size dispersion was obtained independently of surface 

functionalization. Table 4 reports the final ligand shell composition and the ζ-

potential of MUS:OT and TMA:OT AuNPs used in the experiments with lipid 

membranes (Chapters 4 and 5). UV-Vis characterization results of MUS:OT and 

TMA:OT AuNPs are reported in  Appendix A2, together with all characterization 

details not included in this chapter (i.e. sample preparation methods, equipment 

specifications, and data statistical analyses). 
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Figure 23. Bright‐field TEM (BF‐TEM) (left) and high-angle annular dark-field scanning TEM 

(HAADF‐STEM) (right) images of one-phase AuNPs with different surface composition: a) 2:1 
MUS:OT, b) 2:1 TMA:OT, c) all-MUS), and d) all-TMA. MUS:OT AuNPs in (a) and TMA:OT 
AuNPs in (b) were used in the experiments with lipid membranes described in Chapters 4 and 5. 
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Table 3. Core size and hydrodynamic size of amphiphilic one-phase AuNPs.  

Ligand composition Ligand feed ratio  
(mol:mol) 

TEM DLS 

core size (nm) a hydrodynamic size in water (nm) b,c 

MUS:OT 2:1 2.7  0.8 6.5  0.2 

TMA:OT 2:1 4.5  1.1 7.7  1.4 

all-MUS only MUS 5.2  1.3 5.9 ± 1.2 

all-TMA only TMA 5.4  1.2 8.1 ± 1.4 
a mean diameter ± one standard deviation. 
b mean diameter ± error calculated using Student’s statistics (95 % confidence level, n=12).  
c water purified with a Milli-Q ultrapure water system (MilliPore). 
 
Table 4. Ligand shell composition and ζ-potential of one-phase MUS:OT and TMA:OT AuNPs 
used in the experiments of Chapters 4 and 5.  

Ligand composition Ligand feed ratio 
(mol:mol) 

1H NMR after iodine etching ζ-potential (mV) 

% of ω-charged ligand a in water b,c in buffer b,d 

MUS:OT 2:1 80 ± 8 −48  4  −31  3 

TMA:OT 2:1 72 ± 11 +38  3  +25  2 
a average (mol %) ± error calculated using Student’s statistics (95 % confidence level, n=3). 
b mean ζ-potential ± error calculated using Student’s statistics (95 % confidence level, n=9). 
c water purified with a Milli-Q ultrapure water system (MilliPore). 
d experimental buffer used in the project of Chapter 4 and containing 100 mM NaCl (pH 7.4). 

3.2 Thiol-for-oleylamine ligand exchange 

Even though the one-phase approach has significantly improved the 

uniformity in size of thiol-protected AuNPs, core size dispersion less than 20 % 

cannot be achieved by using this synthetic route (unless a subsequent size-

fractionation process is adopted140). To obtain thiol-protected AuNPs with stricter 

size control over a wide choice of surface compositions, a viable route is to decouple 

the controlled growth of the NP core from the subsequent formation of a tailored 

ligand shell. Within this perspective, intermediate stabilizing agents with labile affinity 

to gold have attracted remarkable interest to promote fast, complete, and controllable 

thiol-for-agent ligand exchanges. Among weakly bound capping agents, oleylamine 

(OAm) is well-known to act as a stabilizer, solvent, and reducing agent293,294. When 

combined with stronger reductants, it allows generating spherical OAm-capped 

AuNPs (OAm-AuNPs) with remarkably narrow size dispersion, even less than 10 

%293–295. Moreover, the core size can be finely tuned between 1÷10 nm by varying the 

reaction temperature at which the reducing agent is injected. Typical reaction 

temperatures range from 1 to 50 °C and, in general, smaller core sizes are favored by 

higher temperatures294,295. Once OAm-AuNPs with target sizes are generated, OAm 

can be completely replaced by a wide variety of ligands with higher gold-binding 

strength, such as alkylthiols and mixtures thereof. Since the structure of the NP core 
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is not modified during ligand exchange, OAm-AuNPs are an ideal precursor to 

generate monodisperse thiol-protected AuNPs of identical size but with different 

ligand shell composition294. Such AuNPs are particularly suited for systematic studies 

in which those effects due to NP size must be disentangled from those attributed to 

NP surface chemistry. The thiol-for-OAm ligand exchange also allows obtaining NPs 

with tailored solubility for solvents ranging from polar protic liquids (e.g. water, and 

EtOH) to highly apolar hydrocarbons. 

Within this thesis, thiol-protected AuNPs were prepared following, with minor 

modification, the two-step approach described by Yang et al.294 This procedure 

comprises the synthesis of monodisperse OAm-AuNPs with tunable core size, 

followed by the complete exchange of the hydrophobic OAm by thiol mixtures to 

generate water-soluble amphiphilic AuNPs with target surface functionality296. This 

synthesis was performed during an internship in the group of Prof. Francesco Stellacci 

at the EPFL (Lausanne, Switzerland). As for the previous one-phase method, 

MUS:OT, TMA:OT, all-MUS, and all-TMA AuNPs were synthesized. Additional 

AuNPs were prepared by combining MUS with a branched variant of OT, i.e. the 3,7-

dimethyl-1-octanethiol (br-OT); these NPs will be referred to as MUS:br-OT AuNPs. 

Though MUS:OT and MUS:br-OT AuNPs share nearly identical surface composition 

(in particular, the same degree of hydrophobicity), the former are capable of 

spontaneous membrane penetration, while the latter fail to enter lipid membranes 

passively and are mainly endocytosed by cells133,135,138,141. Hence, they are usually used 

in control experiments. Ligand branches are believed to decrease the free volume 

accessible to each ligand in the monolayer, thus inhibiting the chain deformability 

necessary to stabilize the NP in the snorkeling configuration (see Section 1.2.3)145. 

Step 1: synthesis of OAm-AuNPs. Monodisperse OAm-AuNPs with tunable 

core size were synthesized following the scheme illustrated in Figure 24. The gold 

precursor HAuCl43H2O was dissolved in a mixture of OAm (the capping agent) and 

a linear hydrocarbon, i.e. the n-octane. Linear or planar hydrocarbons (e.g. n-octane, 

n-hexane, and toluene) have proven to be the best solvents in optimizing the final size 

dispersion of OAm-AuNPs297. Interestingly, the role of solvent in controlling the NP 

size dispersion is generally not observed in the previously described one-phase system 

(Figure 22, Section 3.1). This difference may be due to the weaker binding affinity of 

amines on the Au core compared to thiols, thus making the OAm protective layer 

more sensitive to solvent influence297. After a few minutes of stirring, an excess of the 

reducing agent tert-butylamine borane complex (tBAB) was rapidly injected into the 

reaction flask. Stoichiometrically, as shown by Equation 7, for the reduction of 

Au(III) ions the moles of tBAB must be at least half those of gold297. 

https://www.epfl.ch/
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2HAuIIICl4 +(CH3)3CNH2·BH3
 +3H2O → 2Au0 +(CH3)3CNH2

 +8HCl +H3BO3         (7) 

 

Figure 24. Scheme of the reaction system in n-octane used to synthesize monodisperse OAm-AuNPs 
with tunable size.  

The core diameter of OAm-AuNPs was varied in the ~2÷4 nm range by 

increasing the reduction temperature from room temperature (RT, 22 °C) to ~45 °C, 

as shown in Figure 25. In line with the literature, an additional temperature increase 

above 50 °C did not result in a further decrease of NP size294. According to the 

original literature protocol294, core diameters between 4 and 7 nm can be obtained by 

reducing the reaction temperature up to 1 °C. Differently, within this thesis, OAm-

AuNPs with core diameters between 4÷5 nm were obtained at RT using a scale-up 

procedure with a decreased OAm-to-Au(III) molar ratio. After intensive washing, all 

OAm-AuNPs were vacuum dried before following thiol-for-OAm ligand exchange. 

The detailed protocols followed to synthesize OAm-AuNPs of different sizes, 

together with the materials list, are reported in Appendix A4.  

 

 

 

Figure 25. Core size of monodisperse 
OAm-AuNPs as a function of the 
reduction temperature (22÷52 °C). 
Mean diameter ± error (Student’s 
statistics, 95 % confidence level, n=3-
10). Size data were acquired by TEM 
analysis. 
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Step 2: thiol-for-OAm ligand exchange. The exchange procedure was carried out 

overnight at RT upon continuous stirring (Figure 26)294,296. After intensive washing 

both in organic solvents and water, amphiphilic AuNPs were either vacuum- or 

freeze-dried. Protocol details are reported in Appendix A4. 

         

Figure 26. Schematic illustration of the thiol-for-OAm ligand exchange onto the Au core in solution. 
OAm-AuNPs were vigorously mixed in solution with an excess of thiols. In the case of mixed thiol 
monolayers, preset ligand feed ratios were used. Due to the strong chemisorption of thiols on Au, 
OAm is completely replaced in several hours (~12÷15 h). This procedure was used to obtain anionic 
MUS:OT, MUS:br-OT, and all-MUS AuNPs and cationic TMA:OT and all-TMA AuNPs.  

As for the previous one-phase procedure, the thiol yield ratio onto final 

AuNPs does not match the thiol feed ratio added in solution (Figure 26). In particular, 

the molar yield (%) of hydrophobic thiols (OT and br-OT) onto the Au core is always 

way lower than the molar feed (%) mixed with OAm-AuNPs. Within this thesis, the 

exchange efficiency of OAm by OT and br-OT in combination with either MUS or 

TMA was extensively investigated to establish an accurate and reliable relationship 

between the stochiometric ligand ratio stirred in solution and the resulting ligand 

composition on the surface of AuNPs. In the case of MUS:OT, TMA:OT, and 

MUS:br-OT coatings, several NP samples with different molar feed (%) of OT or br-

OT were prepared and analyzed by 1H NMR after iodine etching of the Au core to 

determine the corresponding molar yield (%). As reported in Figure 27, NMR data 

were finally plotted as a function of the NP size in steps of ca. 1 nm. While initially 

the yield data seemed extremely unreproducible from batch to batch, the systematic 
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subdivision by NP size revealed diverse trends in the exchange efficiency of OAm by 

hydrophobic thiols on sub-5 nm AuNPs of different core diameters. Interestingly, 

OT and br-OT tend to exchange OAm more effectively as the size decreases. On 

smaller NPs, the exchange process may be facilitated by the larger free volume 

accessible to each ligand in the surface monolayer (see Section 1.2.3)148.  

 

Figure 27. Molar yield (%) of the hydrophobic thiol onto the surface of AuNPs as a function of the 
molar feed (%) in solution. Ligand shell with a) MUS:OT, b) TMA:OT, and c) MUS:br-OT 
composition. Average yields (mol %) – determined by 1H NMR after iodine etching of the Au core 
– were plotted separately for different NP core sizes with steps of ca. 1 nm. Error bars were calculated 
using Student’s statistics and assuming a confidence level of 95 % (n=3-7); in general, uncertainties 
between 0.5 and 6.5 % were obtained. In all samples, the yield (mol %) of the hydrophobic thiol was 
always significantly less than the feed (mol %), i.e. the ω-charged ligand (MUS or TMA) was always 
overexpressed.  

Within this synthetic route, these plots have been – and still are – an extremely 

useful tool to obtain accurate and reliable control over the surface functionalization 

of monodisperse AuNPs with target ligand shells. Indeed, thanks to their use, it was 

possible to prepare NP batches that differed by even a few percentage units of the 
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hydrophobic ligand. Therefore, this result provides an important new contribution to 

the outcome of this bottom-up synthetic strategy. 

3.2.1 NP characterization  

All OAm-AuNPs were analyzed by TEM to characterize the NP shape and 

core size distribution. NP average diameters (2÷4 nm) are plotted in Figure 25 as a 

function of the reaction temperature (larger values were obtained at RT with the scale-

up protocol). In general, spherical AuNPs with 0.3÷0.6 nm standard deviation were 

obtained regardless of the mean core size; therefore, smaller NPs (2÷3 nm) always 

result slightly more polydisperse than larger ones. BF-TEM images of OAm-AuNPs 

of three representative sizes are reported in Figure 28. TEM characterization was also 

repeated after OAm replacement to confirm that the core diameter did not vary upon 

the exchange process. Notably, the thiol-protected AuNPs reported in Figure 29 

derived from the same OAm-coated precursor. This result clearly shows that this two-

step synthetic route is ideal to generate monodisperse amphiphilic AuNPs variously 

functionalized but with identical core size. Moreover, all thiol-protected AuNPs were 

characterized by 1H NMR after iodine etching of the Au core. This analysis was 

performed both to calculate the yield (mol %) of the hydrophobic thiol and to verify 

the absence of OAm residues in the final ligand shell. As a matter of fact, complete 

OAm removal is evidenced by the disappearance of its characteristic footprint from 

the 1H NMR spectrum294. NMR results are summarized in Figure 27. The thorough 

TEM and NMR characterizations carried out on several samples have allowed 

outlining the experimental conditions necessary to reliably and accurately design the 

amphiphilic NPs studied in this thesis. Before the experiments with lipid membranes, 

additional DLS and ζ-potential analyses were performed. Table 5 and Figure 30 report 

all characterization results of the monodisperse AuNPs used in the project of Chapter 

6. These NPs have different sizes but identical 2:1 MUS:OT surface ratio designed 

using the plot in Figure 27a. All characterization details not included in this chapter 

(i.e. sample preparation methods, equipment specifications, and data statistical 

analyses) are reported in Appendix A5. 

Table 5. Characterization of monodisperse 2:1 MUS:OT AuNPs of two different sizes. Among all 
monodisperse NPs prepared in this thesis, only these were selected for the experiments with lipid 
membranes (Chapter 6).  

TEM 1H NMR after iodine etching DLS - hydrodynamic size (nm) c  ζ-potential (mV) c 

core size (nm) a % of OT b in water d in buffer e in water d in buffer e 

2.4 ± 0.4 32 ± 5   5.6 ± 1.7 11.2 ± 0.4 –46 ± 5 –38 ± 2 

4.8 ± 0.5 32 ± 5 13.1 ± 3.8 25.3 ± 1.2 –61 ± 1 –36 ± 1 
a mean diameter ± one standard deviation. 
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b average (mol %) ± error calculated using Student’s statistics (95 % confidence level, n=3). 
c mean value ± error calculated using Student’s statistics (95 % confidence level, n=12-18) 
d water purified with a Milli-Q ultrapure water system (MilliPore).  

e experimental buffer: PBS (Phosphate Buffered Saline; 1x, pH 7.4).  

 

 

Figure 28. BF-TEM images of OAm-AuNP samples with different core size: a) 2.8  0.4 nm, b) 3.7 

 0.3 nm, and c) 4.6  0.4 nm (mean core size  one standard deviation). NPs were synthesized at 41 
°C, 30 °C, and 22 °C (scale-up protocol), respectively. See Appendix A5 for full details on TEM 
characterization. 

https://www.aatbio.com/resources/buffer-preparations-and-recipes/pbs-phosphate-buffered-saline
https://www.aatbio.com/resources/buffer-preparations-and-recipes/pbs-phosphate-buffered-saline
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Figure 29. BF-TEM images of monodisperse AuNPs after thiol-for-OAm ligand exchange: a) 
MUS:OT AuNPs (4.9 ± 0.5 nm, 16 % OT yield %), b) TMA:OT AuNPs (5.1 ± 0.5 nm, 14 % OT 
yield %), c) MUS:br-OT AuNPs (5.0 ± 0.3 nm, 11 % br-OT yield %), d) all-MUS AuNPs (4.7 ± 0.3 
nm), and e) all-TMA AuNPs (4.7 ± 0.6 nm). For each NP population, mean core size  one standard 
deviation is reported. Notably, all these thiol-protected AuNPs derive from the same OAm-AuNP 
precursor (4.9 ± 0.5 nm); this confirms that the average NP diameter did not change upon ligand 
exchange. In the case of mixed monolayers (a-c), AuNPs share a similar yield (mol %) of the 
hydrophobic thiol.  
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Figure 30. BF-TEM images of monodisperse 2:1 MUS:OT AuNPs used in the experiments reported 
in Chapter 6. Average core diameter: a) 2.4 ± 0.4 nm, and b) 4.8 ± 0.5 nm (characterization details 
are reported in Table 5). 
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4.   Effect of NP surface charge at the NP-
membrane interface 

4.1 NP surface charge: a debated role in NP-membrane 
interactions 

Among NP surface properties, surface charge is crucial in determining the 

behavior of ligand-protected NPs interacting with lipid membranes. When looking at 

the interaction between charged amphiphilic NPs and model lipid membranes, it is 

tempting to interpret the experimental data by simple electrostatic arguments. 

Electrostatic attraction between oppositely charged NPs and bilayers certainly favors 

the formation of stable NP-lipid complexes. This is the case, for example, for 

positively and negatively charged metal or oxide NPs interacting with charged 

bilayers61,298,299. The interaction between oppositely charged NPs and lipid bilayers 

can cause transient damage to the membrane, as well. Liposome leakage assays by 

Goodman et al61., for example, reported the disruptive effects of cationic amphiphilic 

AuNPs on negatively charged bilayers composed by a mixture of 1-stearoyl-2-oleoyl-

sn-glycero-3-phospho-L-serine (SOPS) and 1-stearoyl-2-oleoyl-sn-glycero-3-

phosphocholine (SOPC). Recently, combined experimental measurements and 

computer simulations have reported the favorable adsorption and aggregation, upon 

interaction, of cationic amphiphilic AuNPs on negatively charged model 

membranes131,132. Furthermore, perturbation of membrane composition and fluidity 

is shown, since negatively charged lipids cluster around cationic AuNPs131. The NP-

membrane interaction is also associated with lipid extraction possibly causing 

membrane perturbation and destabilization132. The same reasoning is generally 

invoked to explain why, in vitro, cationic NPs are more toxic than anionic NPs to 

Gram-negative bacteria300,301. Nevertheless, electrostatic attraction is not a necessary 

ingredient to the formation of stable NP-bilayer complexes, nor to toxicity, which can 

take place also when the NP and the membrane have a ζ-potential of the same 

sign299,300,302.  

Even more subtle is the interpretation of the available experimental data on 

the interaction of charged amphiphilic AuNPs with the surface of membranes 

exposing neutral (zwitterionic) lipid headgroups, like in the extracellular leaflet of 

mammalian plasma membranes. As described in Section 1.2.3, thiolated AuNPs 

capped by negatively or positively charged amphiphilic monolayers – with mean core 
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diameters in the 2÷6 nm range – can interact passively with mammalian cell 

membranes and model lipid bilayers130,132,133,141. The role played by the sign of the NP 

charge, though, is still debated. Neutron reflectometry studies by Tatur et al.130, 

suggest that anionic AuNPs could adhere to the surface of 1,2-distearoyl-sn-glycero-

3-phosphocholine (DSPC) bilayer without penetrating it, at variance with cationic 

AuNPs that would interact with the zwitterionic DSPC membrane in a more 

disruptive way. According to Goodman et al.61, in pure zwitterionic SOPC bilayers, 

the membrane leakage induced by anionic AuNPs is larger than that of cationic 

AuNPs. On the contrary, Van Lehn et al.141, showed no membrane translocation of 

the fluorophore in multilamellar 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC) 

vesicles in the presence of anionic AuNPs co-localized with the vesicle bilayers. From 

computer simulations of NP-membrane interaction, there is a general consensus 

about the favorable interaction between anionic or cationic amphiphilic AuNPs and 

model neutral lipid bilayers (Section 1.2.3)129,132,141,142,146,156–158. Such interaction can 

occur spontaneously or require that small free energy barriers are overcome. Though, 

the role of the NP charge, at the molecular level, is again still unclear and debated. 

4.2 Project: objective and methods 

This project aimed to clarify the role played by charged ligands during the 

nonspecific interaction between amphiphilic AuNPs and model zwitterionic lipid 

membranes. To disentangle the effects due to the NP surface charge from those due 

to other physical parameters (e.g. core size or ligand length and flexibility), sub-6 nm 

anionic MUS:OT and cationic TMA:OT AuNPs with a comparable core size 

distribution and a controlled surface ligand composition (2:1 ligand feed ratio) were 

used. As shown in Figure 5 (Section 1.2.2), the main difference between these 

amphiphilic NPs is the opposite charge of the polar headgroup of MUS and TMA 

ligands. For the sake of compactness, within this project anionic amphiphilic 

MUS:OT AuNPs and cationic amphiphilic TMA:OT AuNPs will be referred to as 

NP– and NP+, respectively. As reported in Section 1.2.3, many experimental results 

indicate the existence of a stable NP-membrane interaction with both ligand types, 

though a coherent molecular interpretation of the results is still lacking. Model neutral 

lipid bilayers were prepared using the zwitterionic 1-palmitoyl-2-oleoyl-sn-glycero-3-

phosphocholine (POPC), one of the predominant mammalian glycerophospholipids 

The chemical structure of POPC is illustrated in Figure 54 (Appendix B1). The NP-

membrane interaction was investigated by means of two experimental techniques: 

QCM-D in liquid (Section 2.2) and dye-leakage assays (Section 2.3.1). Experiments 
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were carried out in 100 mM NaCl, 2 mM histidine, 2 mM TES, 0.1 mM EDTA 

buffered solution adjusted to pH 7.4. QCM-D investigation was performed thanks to 

the precious contribution of Dr. Silvia Dante (IIT, Genoa). This technique was used 

to quantify the extent of NP– and NP+ uptake by the membrane, while fluorescence 

leakage assays allowed probing the resultant damage induced to the integrity of the 

lipid bilayer.  

Thanks to the collaboration with the computational group of Prof. Giulia 

Rossi (DIFI, University of Genoa), a molecular-level interpretation of the 

experimental results was offered using coarse-grained MD simulations303. This 

combined experimental and computational approach provided a close match between 

the experimental investigation and the models in silico. Since the nature of this thesis 

is experimental, and simulations have been elaborated by collaborators, only the main 

computational results will be described within this chapter (Section 4.3.3). This 

inclusion is fundamental to provide a comprehensive discussion of the outcomes of 

this multidisciplinary study. More information on the in silico investigation is reported 

in Canepa et al.1 

4.3 Results and discussion 

4.3.1 NPs and lipid membranes 

For convenience of the reader, details on NPs and lipid membranes used in 

this project are resumed here. 

NP– and NP+ were synthesized using the one-phase procedure described in 

Section 3.1. From TEM measurements, the mean Au core diameter was 2.7 ± 0.8 nm 

for NP– and 4.5 ± 1.1 nm for NP+ (Figure 23a,b and Table 3, Section 3.1.1). DLS 

measurements yielded compatible hydrodynamic diameters of 6.5  0.2 nm for NP− 

and 7.7  1.4 nm for NP+ (Table 3). The fraction of charged ligands was 80  8 % 

for NP− and 72  11 % for NP+, as determined by 1H NMR measurements after 

decomposition of the Au core (Table 4, Section 3.1.1). The NP ζ-potential, measured 

in the experimental buffer in which the NP-membrane interaction took place, was 

−31  3 mV for NP− and +25  2 mV for NP+ (Table 4). These ζ-potential values 

show that NP dispersions retained a sufficiently high colloidal stability in the 

experimental conditions to avoid considerable NP aggregation. Details on NP 

characterization are reported in Appendix A2. In all experiments, NP– and NP+ were 

added in the form of filtered aqueous dispersions (see Appendix A1).  
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Zwitterionic lipid bilayers were prepared in the form of POPC unilamellar 

vesicles of two different hydrodynamic diameters, i.e. 23 ± 2 nm and 105 ± 6 nm 

(Table 11, Appendix B2). Smaller vesicles were obtained by sonicating multilamellar 

vesicle suspensions, whereas larger unilamellar vesicles were prepared by extrusion of 

multilamellar vesicles. For dye-leakage assays, sonicated and extruded POPC vesicles 

were loaded with a self-quenched buffered calcein solution (175 mM, pH 7.4). For 

QCM-D measurements, sonicated calcein-free POPC vesicles were prepared using 

the experimental buffer instead of the self-quenched calcein solution. The ζ-potential 

of the POPC bilayer in the experimental buffer was −5.5  0.4 mV. This value, 

although slightly negative, can still be considered as characteristic of a neutral 

membrane304. All details of vesicle preparation and characterization are reported in 

Appendix B. 

4.3.2 QCM-D and membrane leakage experiments 

QCM-D: NP uptake in zwitterionic membranes. Within the experimental 

time scales considered in this study, extensive NP incorporation in PC-based 

zwitterionic membranes has already been reported for MUS:OT and TMA:OT 

AuNPs of similar core size and ligand molar ratio130,132,140,141. In this project, to 

quantify the uptake of NP– and NP+ in the POPC membrane, QCM-D 

investigations were performed using SiO2-coated gold-quartz sensors. It is known 

that POPC vesicles rapidly tend to adsorb and fuse onto SiO2 to form an essentially 

defect-free supported lipid bilayer (SLB) completely covering the sensor surface305. 

As shown in Figure 31a, NP– or NP+ were incubated with POPC vesicles in the 

experimental buffer before insertion into the QCM chamber and SLB deposition. All 

experimental details on QCM-D set-up, analysis methods, and sample preparation are 

described in Appendix C2. QCM-D traces for POPC vesicles alone and POPC 

vesicles incubated with either NP– (POPC/NP–) or NP+ (POPC/NP+) are reported 

in Figure 31b (frequency shift, ᐃf ) and Figure 31c (dissipation change, ᐃD). The 

frequency traces clearly indicated that the SLB generated via vesicle fusion (Figure 

19c, Section 2.2) with different kinetics depending on the charge of the system, as 

often reported in the literature for anionic and cationic vesicles233,306. In particular, 

SLB formation took place within ~700 s in the case of POPC vesicles alone and 

POPC/NP–, whereas for POPC/NP+ a direct SLB formation occurred. After SLB 

deposition, the ᐃf plateau values were converted into mass values (ᐃm) using the 

Sauerbrey equation reported in Section 2.2; indeed, the rigid film approximation can 

be applied to a thin SLB (4÷5 nm thick) uniformly distributed onto the crystal sensor. 

The final masses adsorbed onto the sensor surface, ᐃm, amounted to 343  35 
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ng/cm2 for POPC vesicles alone and very similar values of 479  34 ng/cm2 and 445 

 43 ng/cm2 for POPC/NP– and POPC/NP+, respectively. The larger masses found 

in the experiments with NPs (~136 ng/cm2 for NP– and 102 ng/cm2 for NP+) clearly 

confirmed the uptake of NP– and NP+ in the zwitterionic bilayer during incubation. 

Furthermore, as shown in Figure 31b, ᐃf did not change after rinsing, indicating that 

all SLBs were stable and those with NPs stably retained their NP content. 

 

Figure 31. QCM-D quantification of NP uptake into the POPC bilayer. a) Schematic drawing of 
sample preparation: POPC vesicles and NPs (NP– or NP+) were incubated and allowed to interact 

before vesicle fusion onto the sensor. b) Frequency change, ᐃf, and c) dissipation change, ᐃD, 
recorded in real time (3rd overtone) before and after injection in the QCM-D chamber (t=300 s) of 
POPC vesicles alone and POPC vesicles incubated with either NP– or NP+.  Since the traces in (c) 

and (d) were recorded simultaneously, ᐃD follows the same kinetics of SLB formation shown by ᐃf 

(i.e. its maximum corresponds to the ᐃf minimum). In the case of POPC vesicles alone and 
POPC/NP–, the dissipation variations are comparable. In the case of POPC/NP+, only a small 
increase right after NP injection was recorded, followed by the instantaneous formation of the SLB 

which is evidenced by the ᐃD decrease to zero. Images by Canepa et al.1 licensed under CC BY 4.0. 

Membrane leakage: NP effect on zwitterionic membrane integrity. After 

confirming the uptake of NP− and NP+ in the POPC membrane, the NP ability to 

destabilize the zwitterionic bilayer was tested by dye-leakage assays on small, sonicated 

https://creativecommons.org/licenses/by/4.0/
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vesicles (Section 4.3.1) loaded with a self-quenched calcein solution. Full details on 

the experimental set-up, analysis methods, and sample preparation are provided in 

Appendix D1. As introduced in Section 2.3.1, dye-leakage assays on lipid vesicles 

interacting with NPs can be divided into three steps: 1) vesicles before NP addition, 

2) NP addition, and 3) vesicles after NP addition (the system is constantly stirred 

throughout the experiment). A schematic illustration of the assay timeline appears in 

Figure 32a. Typical membrane leakage curves recorded before and after the addition 

of NP− and NP+ (NP/lipid mass ratio, Rm=
𝑚𝑁𝑃

𝑚𝑙𝑖𝑝
=0.03) are reported in Figure 32b. 

Calcein fluorescence was monitored as a function of time and the fluorescence level 

did not change significantly after the injection of both NP– and NP+. The portion of 

the curve before and immediately after NP addition is enlarged in Figure 32c and 

compared with a control experiment in which a low amount (250 nM) of the pore-

forming peptide gramicidin307 was added to sonicated vesicles (for the sake of clarity, 

only the NP– case is reported). The membrane permeabilization induced by 

gramicidin corresponded to a fast, small but clearly detectable fluorescence increase 

indicating that POPC vesicles were sensitive to membrane permeability changes. As 

shown in Figure 32b, the calcein fluorescence intensity remained stable overtime after 

the injection of NP– and NP+, suggesting that no membrane permeabilization 

occurred. The addition of detergent (sodium cholate) at the end of the experiment 

caused a fast vesicle rupture with the complete release of the fluorescent dye. The 

instantaneous large fluorescence change recorded after the detergent-induced vesicle 

rupture confirmed that vesicles still retained their contents after NP addition. The 

final fluorescence level (Fmax, Figure 32b) was used to normalize the leakage data, as 

described by Equation 3 of Section 2.3.1. Experiments were repeated increasing the 

NP concentration to Rm=0.05, but no changes were recorded in fluorescence 

intensity. All leakage results are summarized in Figure 32d, which reports the mean 

normalized fluorescence intensity of calcein (i.e. mean leakage %) recorded 1 h after 

the addition of NP– and NP+. Oscillation around zero of the values shown in Figure 

32d was attributed to minor fluctuations in fluorescence intensity recorded after NP 

addition. To understand whether the origin of these fluctuations could be due to the 

membrane uptake of charged NPs, control experiments were performed adding 

similar volumes of water aliquots (without NPs). As shown by Figure 32e,  the effect 

of water alone on vesicle suspensions was comparable to that of both NP– and NP+. 

This confirmed that no minor leakage effect could be attributed to the NP interaction 

with the zwitterionic bilayer. Further leakage assays were carried out on larger POPC 

vesicles obtained by extrusion (Section 4.3.1). Even in this case, no membrane leakage 

was induced by the addition of NP– and NP+ at both Rm=0.03 and 0.05 (Figure 32f).  
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Figure 32. Dye-leakage assays on calcein-loaded POPC vesicles. a) Schematic drawing of the assay 
timeline: 1. vesicles before NP addition, 2. NP addition, and 3. vesicles during the passive NP uptake 
within the lipid bilayer. Simulation snapshots of a membrane portion are reported in the second row:  
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lipid heads are shown in blue (surface representation), lipid tails in light-gray, calcein molecules in 
red, charged terminal groups of NP ligands in orange, hydrophobic moieties of NP ligands in white, 
and Au atoms in yellow. b) Typical leakage traces recorded before and after NP addition (t=1800 s) 

to sonicated vesicles at Rm=0.03 (VNP–=14.6  µL, VNP+=23.4  µL); F0: fluorescence level just before 

NP addition; Fmax: fluorescence level after the detergent-induced vesicle rupture. In general, for both 
NPs, no content release (i.e. fluorescence intensity increase) was recorded after NP addition. c) First 
3600 s of the curve in (b) compared to the leakage-inducing effect by a low amount of gramicidin. d) 
Mean leakage % as a function of the added volume of NPs (sonicated vesicles). Comparison of the 
addition effects of NPs and water aliquots on e) sonicated and f ) extruded vesicles. See Appendix 
D1 for all assay details. Images by Canepa et al.1 licensed under CC BY 4.0 (minor changes were 
made). 

Overall, the wide set of leakage results reported in Figure 32 indicates that the 

destabilization of the zwitterionic membrane following passive incorporation of 

amphiphilic AuNPs was negligible for both NP– and NP+. This experimental 

evidence shows that if defects were formed in the lipid bilayer during NP uptake, they 

were transient and did not allow a significant leakage of the encapsulated dye.  

4.3.3 MD simulations 

By means of unbiased coarse-grained MD146,308,309 and biased metadynamics310 

calculations performed by collaborators, the NP-membrane interaction was simulated 

and the free energy surface of the NP-membrane complex was sampled. Simulation 

set-ups were prepared with and without the presence of calcein fluorophores used in 

leakage experiments (175 mM). MUS:OT NP– and TMA:OT NP+ were modeled 

with a core diameter of 2 nm, identical surface charge density, and a random surface 

arrangement of ω-charged and hydrophobic ligands.  

Previous MD simulations by Simonelli et al.129 showed that the interaction 

between charged amphiphilic AuNPs with random ligand distribution and the lipid 

bilayer is characterized by two metastable energy minima, corresponding to the 

surface-adsorbed configuration and the snorkeling configuration. The transition 

between these metastable states requires that part of the ω-charged ligands, initially 

bound to the polar region of the entrance leaflet, translocate across the apolar core of 

the membrane to anchor to the opposite leaflet (see Section 1.2.3). Within this study, 

the ligand anchoring transition, illustrated in Figure 33a, was compared for NP– and 

NP+. Since this process is associated with a free energy barrier, metadynamics was 

used to accelerate ligand translocation310. In particular, the dynamics of a single 

charged ligand terminal was biased along the reaction coordinate, i.e. the z component 

of the distance between the charged terminal and the center of mass (COM) of the 

membrane.  

https://creativecommons.org/licenses/by/4.0/
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Figure 33. a) Simulation snapshots of the anchoring transition of a single anionic ligand from the 
entrance to the distal leaflet; color code as in Figure 32a (water beads not shown). The same 
mechanism of interaction was observed with the cationic ligand. The snapshot at the bottom discloses 
the bilayer deformation induced by such transition. b) Time-average number of contacts between the 
biased ligand terminal and coarse-grained water beads as a function of the reaction coordinate (shaded 
areas correspond to standard deviations associated with the time average). Potential of mean force as 
a function of the reaction coordinate for the anchoring transition of a single charged ligand: c) 
without calcein, and d) with and without calcein (shaded areas correspond to standard errors). For 
the sake of readability, in (d), errors are reported only with calcein. See Canepa et al.1 for all calculation 
details. Images by Canepa et al.1 licensed under CC BY 4.0 (minor changes were made). 

The anchoring transition of both MUS and TMA ligands was found to induce 

significant – but transient – membrane deformation, with the translocation of a few 

water beads across the bilayer (Figure 33a, lower simulation snapshot). As reported 

https://creativecommons.org/licenses/by/4.0/
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in Figure 33b, when the charged terminals of the ligands approach the COM of the 

membrane (i.e. z=0), they are hydrated equally in the anionic and cationic case. 

Despite the NP-induced membrane destabilization146, no translocation of large 

calcein molecules was observed in any simulation. Moreover, biased metadynamics 

calculations310 were used to quantify the free energy barriers for the anchoring 

transition of anionic and cationic ligands146. As shown in Figure 33c, no significant 

difference was observed for the anchoring barriers of oppositely charged ligands, 

which are 76 ± 6 kJ/mol for NP– and 77 ± 5 kJ/mol for NP+. Calcein was found to 

have a minor effect in slowing down the kinetics of the NP-membrane interaction by 

increasing the translocation barrier by approximately 10 kJ/mol regardless of the sign 

of the NP charge. Therefore, the inner dye was not found to induce any preferential 

interaction with NP– or NP+ (Figure 33d). 
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5.   Effect of NPs on the membrane lipid 
phase separation 

5.1 Lateral lipid heterogeneity: a less in-depth 
contribution of the NP-membrane interface 

On the lipid side of the NP-lipid interface, lipid heterogeneity is a key 

ingredient of any model system aiming to approach the complexity of real plasma 

membranes. As described in Section 1.3.5, lipids can separate in the plane of the cell 

membrane to form highly dynamic, relatively ordered membrane domains, referred 

to as lipid rafts, which are enriched in cholesterol and sphingolipids194. The lateral 

phase separation originating the liquid-ordered phase of rafts is driven by selective 

lipid-lipid and lipid-protein interactions and provides different lipid and protein 

diffusion rates and the possibility of spatial compartmentalization and segregation194. 

Due to the small size and dynamic nature of lipid rafts, their direct microscopic 

detection is a challenging task which has been fulfilled in few selected cases311,312, 

while systematic studies involving interaction of rafts with biological entities are 

primarily addressed by biomimetic approaches211. For instance, multicomponent lipid 

membranes exhibiting, on the micron scale, spontaneous phase separation into liquid-

ordered (Lo) and liquid-disordered (Ld) lipid phases have long been used as synthetic 

models of raft-forming biological membranes.  

Despite the important role played by rafts at the biological level, the study of 

the effects of ligand-protected metal NPs on the phase separation of model lipid 

membranes is still at an early stage. Both experimental and computational evidence 

suggest that the distinct lipid composition and liquid ordering of ordered and 

disordered regions in the lipid bilayer can influence membrane interactions with NPs. 

For the smallest NPs (< 4 nm in diameter), the higher fluidity of the liquid-disordered 

phase has been found to favor stronger, spontaneous NP-membrane interactions156 

and passive NP embedding137. Using phase segregated vesicles, Atukorale et al.142 

showed that small amphiphilic MUS:OT AuNPs only bind to fluid phase lipid vesicles 

and, by contrast, they are excluded from highly ordered gel-phase membranes. 

Another driving force for the localization of small NPs in the Lo – Ld bilayer is the 

minimization of the hydrophobic mismatch between the NP size and the 

hydrophobic thickness of the lipid phase; this behavior may be modulated by tuning 

the NP size and surface physicochemical properties, such as ligand hydrophobicity, 



• Chapter 5 
 

• 65 • 

 

length, and density313,314. Larger metal NPs (up to ~30 nm in diameter), which are 

expected to adsorb at the surface of model bilayers without being embedded, have 

also been reported to affect lipid packing and membrane rigidity315,316. On the 

membrane surface, bilayer curvature at the boundary between Lo and Ld domains has 

been shown to favor the adsorption of small, positively charged amphiphilic AuNPs 

to phase-segregated bilayers156,317. Overall, the picture emerging from these studies 

shows a subtle dependence of the interaction between NPs and phase-separated 

bilayers on specific NP features (e.g. size and surface chemistry) and on the lipid 

bilayer composition, structure, and mechanical properties. Yet, a comprehensive view 

is still lacking, and – most important – with the available knowledge no prediction on 

the effect that a specific NP may have on the stability of phase separation can be 

attempted. Such results point to the need for further investigation on the role of NP 

on the lipid phase separation of multicomponent lipid membranes. 

5.2 Project: objective and methods 

This project aimed at investigating the effect of small amphiphilic AuNPs on 

the stability of the coexistence of ordered and disordered liquid domains in 

multicomponent lipid membranes. The same negatively charged amphiphilic AuNPs 

used in Chapter 4 (referred to as NP–) were tested. Model multidomain lipid bilayers 

were prepared using a lipid mixture of biological relevance composed of the low-

melting di-unsaturated DOPC (a naturally abundant phosphocholine in the outer 

leaflet of animal cell membranes), the high-melting relatively saturated sphingomyelin 

(SM), cholesterol (chol), and the ganglioside GM1. The chemical structures of these 

lipids are reported in Figure 54 (Appendix B1). This lipid mixture was selected to 

model the neuronal plasma membrane, where rafts enriched in SM, cholesterol, and 

GM1 have been shown to regulate fundamental membrane functions (e.g. signal 

transduction and membrane elasticity), thus impacting the exocytosis of synaptic 

vesicles and the release of neurotransmitters196,318,319. The NP-membrane interaction 

was investigated using AFM imaging and QCM-D measurements in aqueous solution 

(Sections 2.1 and 2.2, respectively). QCM-D investigation was performed thanks to 

the precious contribution of Dr. Silvia Dante (IIT, Genoa); as in the previous project, 

this technique allowed quantifying the extent of the passive NP– uptake by the 

multidomain membrane. AFM images were collected to study the effect of 

nonspecific NP-bilayer interactions on the morphology of the lipid phase separation.  

Even in this case, computational simulations by the group of Prof. Giulia Rossi 

(DIFI, University of Genoa) allowed interpreting the experimental results at a 
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molecular level. Interestingly, this multidisciplinary study provided a close match 

between the experimental investigation and the models in silico.  Moreover, a general, 

yet simple thermodynamic model based on simulations was developed to explain the 

effect of NP− on lipid phase separation. The findings of this project will be addressed 

as in Chapter 4: the thorough discussion of the experiments will be followed by a 

more concise description of the main in silico results elaborated by collaborators 

(Section 5.3.3). More information on simulations can be found in Canepa et al.2 

5.3 Results and discussion 

5.3.1 NPs and lipid membranes 

As described in Chapter 4, NP− were functionalized by a thiol mixture of the 

hydrophobic OT and the negatively charged MUS. The NP core and hydrodynamic 

diameters were 2.7 ± 0.8 nm and 6.5  0.2 nm, respectively (Figure 23a,b and Table 

3, Section 3.1.1). The MUS:OT molar ratio in the ligand shell was 4:1 and the NP ζ-

potential in water was −48  4 mV, corresponding to high, long-term colloidal stability 

(Table 4, Section 3.1.1). Details on NP characterization are provided in Appendix A2. 

Before experiments, NP aqueous dispersions were filtered as shown in Appendix A1.  

Multidomain lipid vesicles with three different compositions – referred to as 

M1, M2, and M3 – were used. The vesicles representative of the neuronal plasma 

membrane (M1) were composed by DOPC:SM:chol:GM1 63:31:1:5 (molar 

ratio)161,320. M1 vesicles showed a -potential of −64  3 mV, due to the negatively 

charged GM1. M1 composition spontaneously leads to ordered – disordered lateral 

phase separation in the bilayer, with ordered domains enriched in SM, cholesterol, 

and GM1194,317,321. Control experiments were performed on other two membrane 

compositions showing ordered – disordered phase immiscibility: M2 vesicles 

composed of DOPC:SM:chol 66:33:1 (molar ratio)320 and M3 vesicles composed of 

DOPC:DPPC:chol 40:40:20 (molar ratio)322, where DPPC is the saturated 

phospholipid 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (Figure 54, Appendix B1). 

All details of vesicle preparation and characterization are reported in Appendix B. 

5.3.2 AFM and QCM-D experiments 

Membrane phase separation without amphiphilic NPs. After 

preparation, multidomain vesicles were deposited on mica to form multidomain SLBs 

for AFM imaging. Figure 34 shows the typical morphology of M1, M2, and M3 SLBs.  
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Figure 34. AFM images showing the typical morphology of membrane phase separation in a) M1 
SLBs mimicking the neuronal membrane composition; b) M2 and c) M3 SLBs both used in control 
experiments. Ordered domains of different size and shape are surrounded by the continuous 
disordered phase; since ordered regions are thicker than disordered ones, they are lighter in color. In 
(a), the height profiles of two ordered domains taken along the lines in the zoomed AFM scan are 

reported on the right. The distribution of the height difference (ᐃz) between ordered and disordered 
domains is shown for each bilayer composition (see Appendix C1 for calculation details). In some 
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cases, M1 ordered domains exhibited protruding subdomains which can be assigned to regions with 
higher GM1 concentration. This behavior has already been observed in SLBs formed by mixtures 
DOPC:SM:chol:GM1323. AFM images and height profiles by Canepa et al.2 (published by The Royal 
Society of Chemistry) licensed under CC BY-NC 3.0 (minor changes were made). 

As typical of the morphology of synthetic phase-separated membranes, the 

shape and lateral size of ordered domains exhibited an intrinsic degree of variability 

within M1, M2, and M3 samples (Figure 34). In the case of the M1 bilayer, where 

ordered domains appear more roundish, the height difference between the two phases 

(ᐃz) is 2.4 ± 0.3 nm, whereas for the control M2 and M3 membranes, lower ᐃz were 

obtained (Table 6). These values are in good agreement with previous AFM 

measurements on GM1-containing and GM1-free ordered domains of similar 

composition320,324,325. The phase boundary involves an energy penalty per unit length, 

which is referred to as line tension (γ) 208,326. To minimize the latter, the domain contour 

tends to shrink, and a bilayer deformation arises to compensate for the height 

mismatch between different phases. The line tension has a strong effect on phase 

separation, including the regulation of the ordered domain morphology327: the higher 

the γ, the greater is the tendency of ordered domains to assume more circular (i.e. less 

fractal) shape. Based on a theoretical model, Kuzmin et al.209 have shown that γ 

depends quadratically on the phase height mismatch. In the present project, a simple 

geometric evaluation of the shape of M1, M2, and M3 ordered domains was 

performed by calculating the domain circularity from AFM images; results are 

reported in Table 6. As expected from AFM images of Figure 34 and other AFM 

studies328, the higher ᐃz of M1 membranes is related to the formation of more circular 

domains to minimize the higher energetic cost associated with the domain interface 

length. This behavior may be due to the presence of GM1 ganglioside, which has been 

previously shown to increase γ at ordered – disordered phase boundary in model 

membranes329. A more in-depth study of the effect of lipid composition on γ, in the 

context of the membranes used in this project, is under development. 

Table 6. Average height difference (ᐃz) between the ordered and disordered phase and average 
circularity of ordered domains in the multidomain bilayers used in this study. Data were obtained 
from the analysis of AFM images acquired at room temperature. 

Multidomain 
bilayer 

Lipid  
composition 

Molar  
ratio 

Phase height difference 

or ᐃz (nm) a 

Ordered domain  
circularity b 

M1 DOPC:SM:chol:GM1 63:31:1:5 2.4 ± 0.3 0.85 ± 0.01 

M2 DOPC:SM:chol 66:33:1 1.0 ± 0.1 0.55 ± 0.01 

M3 DOPC:DPPC:chol 40:40:20 1.1 ± 0.1 0.60 ± 0.01 
a average ± one standard deviation. 

b average ± standard error; domain circularity calculated as 4π ·
𝑎𝑟𝑒𝑎

𝑝𝑒𝑟𝑖𝑚𝑒𝑡𝑒𝑟2  (see Appendix C1). 

NOTE: for perfectly circular domains, circularity is equal to 1. 
 

https://creativecommons.org/licenses/by-nc/3.0/
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All experimental details on the AFM set-up, analysis methods, and sample 

preparation used in this project are described in Appendix C1. 

Amphiphilic NPs weakly adsorb on the SLB disordered phase. To verify 

whether NP− interact with the model neuronal membrane, different amounts of NP− 

were deposited on preformed multidomain M1 SLBs and let to interact for different 

incubation times before AFM imaging. This sample preparation method, based on 

direct NP-SLB interaction, was the most intuitive at the beginning of this study (see 

Figure 58a, Appendix C1). The kinetics of NP− interaction with the M1 SLB resulted 

remarkably slow, without giving any experimental evidence over several minutes 

(Figure 35a). Only after several hours, regardless of NP– concentration, it was 

possible to detect large NP− clusters adsorbed on the surface of the disordered phase, 

often residing at the phase boundary (Figure 35b-f). Presumably, such NP– aggregates 

slowly formed as a consequence of NP− diffusion on top of the SLB. In general, NP– 

clusters were often dragged by the AFM tip and most of them could be easily removed 

from the bilayer upon rinsing, thus suggesting a weak interaction between NP– and 

preformed M1 SLBs.  

The slow kinetics of NP-membrane interaction observed by AFM was 

confirmed by QCM-D investigation. Even in this case, NP− were injected in the 

QCM chamber after the formation of the M1 SLB onto the sensor surface. The 

frequency signal reported in Figure 35g clearly indicates that NP− interacted with the 

preformed SLB on a time scale of hours. Furthermore, ᐃf acquisition denoted that 

the interaction between NP− clusters and the SLB was weak, leading to a slow, 

transient adsorption of NP− that began to desorb spontaneously from the SLB after 

a few hours of incubation; finally, the adsorbed mass was completely removed from 

the sample after a gentle rinse (t=17 h, Figure 35g). After complete NP− removal, the 

preformed SLB was intact, as indicated by the recovery of the starting frequency (i.e. 

ᐃf=0). The maximum adsorbed mass after NP− injection, calculated from the 

normalized frequency decrease in the first two hours, corresponded to ᐃmNP=54 

ng/cm2. Regarding dissipation monitoring, Figure 35g shows that ᐃD acquisition was 

almost unaffected by NP− addition and subsequent aggregation on the SLB surface. 

Moreover, after rinsing, the recovery of the initial dissipation value (i.e. ᐃD=0) 

showed that the SLB was as rigid as before the interaction with NP−. This result 

confirmed that NP– were not incorporated within the bilayer but were only weakly 

adsorbed on its surface. All experimental details on the QCM-D set-up, analysis 

methods, and sample preparation used in this project are provided in Appendix C2. 
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Figure 35. Incubation of NP− on preformed model neuronal SLBs with M1 composition:  NP− 
slowly and weakly adsorb on the disordered phase. a-f ) AFM images acquired after adding different 

NP− amounts (µL) from the same stock solution and waiting for different NP/SLB incubation times. 
NP– clusters are higher (i.e. lighter in color) than the ordered domains. g) QCM-D curves showing 

the frequency change (ᐃf ) and dissipation change (ᐃD) recorded after NP− injection onto a 
preformed M1 SLB (7th overtone). All details are reported in Appendix C1 (AFM investigation) and 
C2 (QCM-D investigation). Images by Canepa et al.2 (published by The Royal Society of Chemistry) 
licensed under CC BY-NC 3.0 (minor changes were made). 

This weak adsorption of NP– on the surface of the supported lipid bilayer is 

coherent with the state-of-the-art knowledge about the mechanism of interaction 

between MUS:OT AuNPs and neutral phosphatidylcholine bilayers. The partial or 

total embedding of small amphiphilic NPs within the bilayer is characterized by large 

free energy barriers146,147, which can be lowered by the presence of membrane 

https://creativecommons.org/licenses/by-nc/3.0/
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defects127. The molecular mechanism allowing for the stabilization of the NP-

membrane interaction requires the transient exposure of one or more hydrophobic 

lipid tails to the NP interface330,331. Such lipid tail protrusions are more likely to occur 

at bilayer edges, such as those forming at the perimeter of hole defects in SLBs127. 

The M1 SLBs prepared in this project, though, are defect-free on a scale of tens of 

µm (Figure 34 and Figure 35a-f ). Furthermore, the physical constraints imposed by 

the solid support on the planar SLB is likely to suppress lipid dynamics in both in-

plane230 and out-of-plane directions, slowing down the kinetics of NP-bilayer 

interactions. In particular, the lipid diffusion coefficient in supported bilayers is about 

two-fold less than that observed in lipid vesicles332,333. 

Membrane fluctuations affect the NP uptake. The slow and relatively 

loose adsorption of NP− onto the preformed M1 bilayer is consistent with previous 

experimental observation of little to no adsorption of negatively charged AuNPs (with 

similar size) injected on GM1-containing multidomain SLBs of slightly different 

composition317. On the other hand, small MUS:OT AuNPs are known to stably 

interact with the fluid bilayer of DOPC-based vesicles141,142 and with multicomponent 

vesicles containing significant percentages of DOPC and SM137. Even in the project 

described in Chapter 4, NP– were shown to stably penetrate within the zwitterionic 

membrane of POPC vesicles. Moreover, previous computational results published by 

Rossi and co-authors64,129,146 also indicated that the spontaneous incorporation of 

MUS:OT AuNPs in free-standing, liquid-disordered phosphatidylcholine bilayers is 

possible, though characterized by a slow kinetics. Membrane fluctuations and 

unrestrained lipid diffusion in the vesicle bilayer allow for the transient defects that 

stabilize the contact with the amphiphilic NP and, if the NP size permits it, also allow 

for the incorporation of the NP into the membrane core.  

To overcome the motional constraints imposed on the membrane by the solid 

support, and yet exploit AFM imaging and QCM-D investigation for the 

characterization of a stable NP-bilayer complex, a second experimental set-up was 

devised for the preparation of NP-containing samples. NP− were first pre-incubated 

with the free-standing bilayer of lipid vesicles for a variable lag of time; only then 

vesicles were let to merge onto the solid substrate to form an SLB with embedded 

NP− (see Figure 58b, Appendix C1). The NP− uptake by M1 vesicles was checked by 

QCM-D after 4 h of pre-incubation. The traces reported in Figure 36a clearly indicate 

the adhesion of a larger mass, during the entire process of SLB formation, in the case 

of pre-incubated vesicles than without NP−. After rinsing, the difference in frequency 

shift between pre-incubated vesicles and vesicles without NP− corresponded to a 
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mass difference of 267  18 ng/cm2, which was interpreted as the mass of embedded 

NP− (ᐃmNP). Such value is considerably higher than that recorded after NP− 

incubation onto preformed M1 SLBs (Figure 35g); besides, no additional frequency 

shift was recorded upon rinsing, indicating a stable, strong NP-bilayer association. 

This result demonstrated that the reduced lipid mobility in the preformed SLB could 

indeed interfere with the NP-membrane interaction, thus pointing out the 

effectiveness of the pre-incubation method in obtaining stable NP-lipid complexes. 

To further confirm the role of membrane fluctuations in favoring the NP– 

embedding into the M1 bilayer, the NP− uptake was monitored using a control 

membrane with a larger mechanical rigidity. M2 bilayers, which differ from M1 

membranes only in the removal of the GM1 component (Table 6), have been reported 

to have a stiffer disordered phase than M1 bilayers325,334. After the same pre-

incubation time waited for M1 vesicles (i.e. 4 h), QCM-D confirmed that the NP− 

uptake by M2 vesicles is severely reduced in comparison to the GM1-containing 

bilayer (Figure 36b). At variance with the M1 case, the frequency shifts were similar 

both when M2 vesicles attached to the sensors (i.e. in correspondence to the 

continuous line minima) and when the formation of M2 SLBs was completed (i.e. 

after reaching the final plateau).  In particular, the normalized frequency shifts at the 

plateau were ~25 Hz; these values are consistent with the formation of an SLB and 

comparable to the value obtained with GM1-containing vesicles alone (Figure 36a). 

Since almost no difference in frequency shift was detected before and after vesicle 

pre-incubation, little or no NP– insertion into the M2 bilayer was expected. However, 

in contrast to the M1 case, Figure 36b reports a slower kinetics of M2 vesicle 

adsorption and rupture after pre-incubation with NP–. This phenomenon is 

consistent with a weak interaction between NPs and the hydrophilic headgroups of 

the vesicle bilayer. NP– reversibly adsorbed at the surface of the more rigid M2 

vesicles, but not fully incorporated into the membrane core, may indeed have affected 

the vesicle interaction with the sensor. In addition to QCM-D, AFM imaging was 

performed to characterize the M2 bilayer deposited after 4 h of NP−/vesicle pre-

incubation. As expected from QCM-D, NP– did interact with the M2 bilayer but only 

sparse, relatively little NP– aggregates were observed (Figure 36c); notably, NP– 

clustered in the stiffer disordered phase or at the edges of ordered domains. The 

formation of small, rare holes revealed by AFM imaging after deposition of M2 

vesicles pre-incubated with NP– (Figure 36d) – if it also occurred on the quartz sensor 

surface –  may have contributed to an underestimation of the frequency shift, and 

thus the adsorbed mass, during the QCM-D analysis of NP-containing samples 

(Figure 36b). 
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Figure 36. Membrane fluidity favors NP– embedding into the M1 bilayer. Frequency (ᐃf) and 

dissipation (ᐃD) changes (7th overtone) during the QCM-D deposition of a) M1 and b) M2 lipid 
vesicles alone or pre-incubated with NP– for 4 h (see Appendix C2). The traces are typical of SLB 
formation via vesicle fusion; in both cases, the SLBs were stable after rinsing. c,d) AFM images of 
the M2 bilayer after 4h of pre-incubation with NP– (see Appendix C1). In (c), the inset shows a 
zoomed scan of the NP– cluster framed above in the image (other NP– clusters are indicated by 
arrows). d) During AFM imaging of pre-incubated M2 bilayers, small holes (appearing as deeper and 
thus darker regions, as shown by the arrow) were observed in final SLBs. Images (a-c) by Canepa et 
al.2 (published by The Royal Society of Chemistry) licensed under CC BY-NC 3.0 (minor changes 
were made). 

Effect of amphiphilic NPs on the stability of membrane phase 

separation. The large NP– uptake within the M1 bilayer recorded by QCM-D and 

reported in Figure 36a was further confirmed by AFM imaging. This technique 

proved fundamental in investigating the effects of NP− adsorption on the properties 

of the multidomain bilayer. Figure 37b,c shows the AFM images of M1 SLBs formed 

after vesicle pre-incubation with NP– for 10 min and 4 h, respectively. Contrary to 

what happened when NP− were incubated with preformed M1 SLBs (Figure 35a-f ), 

only 10 min of NP−/vesicle pre-incubation were sufficient to alter the morphology 

and compactness of ordered domains, which in Figure 37b appear with irregular 

shapes and ragged boundaries. Such domain morphology is dramatically different 

https://creativecommons.org/licenses/by-nc/3.0/
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from that observed in the absence of NP– (Figure 37a and Figure 34a). After a few 

minutes of pre-incubation, the ᐃz distribution between ordered and disordered 

domains was way broader than without NP−, shifting from 2.4  0.3  nm (Figure 34a 

and Table 6) to 1.5  0.5 nm, as shown in Figure 37d. When NP− and M1 vesicles 

were pre-incubated for longer times (i.e. 4 h), the membrane phase separation was 

suppressed (Figure 37c). In this case, it was possible by AFM to identify sparse, 

restricted membrane patches of disordered phase and few NP− clusters, but most of 

the sample was characterized by a new rough phase containing both lipids and NP−.  

 

Figure 37. NP-induced perturbation of membrane phase separation in model neuronal bilayers. M1 
SLBs imaged by AFM a) before and b,c) after interaction with NP–. Image (b) shows the ordered 
domain fragmentation induced by NP– after only 10 min of pre-incubation, while image (c) discloses 
the suppression of ordered – disordered phase separation induced by the same amount of NP– after 
4 h of pre-incubation (see Appendix C1). In (c), a new rough phase was homogeneously distributed 
over almost the entire bilayer surface (the dashed white contours point out some of the sparse 
disordered patches remained within such phase). In general, when depositing pre-incubated M1 

vesicles, no holes were observed in final SLBs. d) Comparison of ᐃz distributions between 
ordered/disordered domains in M1 SLBs deposited before or after 10 min of pre-incubation with 
NP– (mean ± one standard deviation). Images (b-d) by Canepa et al.2 (published by The Royal Society 
of Chemistry) licensed under CC BY-NC 3.0 (minor changes were made). 

Interestingly, the NP-induced perturbation of phase separation reported above 

for the model neuronal bilayer was not observed in control membranes with 

composition M2 (as anticipated in Figure 36c,d) and M3. In these cases, after 4 h of 

https://creativecommons.org/licenses/by-nc/3.0/


• Chapter 5 
 

• 75 • 

 

NP−/vesicle pre-incubation the ordered domains were still clearly distinguishable and 

only a low NP– uptake was detected by AFM imaging and QCM (Figure 38a-g and 

Figure 36b, respectively). Moreover, for control M2 and M3 bilayers the average ᐃz 

between ordered/disordered domains did not change significantly following vesicle 

pre-incubation with NP–: as shown in Figure 38h, this behavior is clearly different 

from that observed for the GM1-containing M1 composition. 

 

Figure 38. AFM images showing M2 and M3 SLBs deposited before – (a) and (d), respectively – 
and after – (b,c) and (e-g), respectively – 4 h of NP–/vesicle pre-incubation. NP– were added in the 
same amount as for the M1 bilayer in Figure 37c (see Appendix C1 for details). White asterisks in the 
zoomed AFM scans indicate ordered domains. For both control membranes, sparse and relatively 
little NP– clusters – distributed in the disordered phase, at the phase border, or at hole edges – were 
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observed. h) Comparison of the height difference ᐃz between the ordered and disordered phase, 
without and with  pre-incubation of  M1, M2, and M3 vesicles with NP–; error bars refer to standard 

deviation. In the case of M1 SLBs, ᐃz could only be measured after 10 min of pre-incubation, since 
after 4 h the phase separation was no longer present. Images (c,g) by Canepa et al.2 (published by 
The Royal Society of Chemistry) licensed under CC BY-NC 3.0 (minor changes were made). 

 

Amphiphilic NPs form ordered supramolecular aggregates within the 

membrane. A more in-depth AFM investigation of the new rough phase observed 

after pre-incubation of M1 bilayers with NP− for 4 h (Figure 37c) revealed membrane 

patches containing ordered NP− aggregates. Such aggregates were completely absent 

after NP− incubation on preformed M1 SLBs on a time scale of hours (Figure 35a-

f). Figure 39a shows a representative image of these peculiar patches already after pre-

incubation of 10 min. However, after such a limited pre-incubation time, NP− 

aggregates were scarce, isolated, and with limited size. When NP− were let to interact 

with M1 vesicles for a few hours before SLB deposition, the NP− lattice became 

much more evident and uniformly distributed throughout the bilayer. The zoomed 

AFM scan of Figure 39b discloses the widespread ordered NP− aggregate formed 

during pre-incubation of 4 h. As shown by the digital zoom of the inset, the NP− 

aggregate is quite regular, and a periodic lattice is recognizable. The periodicity of the 

ordered NP− aggregate is also evidenced by the height profile of a NP– row and the 

Fourier transform reported in Figure 39e,f, respectively. Within the ordered aggregate, 

the average NP–NP horizontal distance was equal to 7.5  0.1 (standard error) nm 

(Figure 39c); the corresponding standard deviation, 1.6 nm, is consistent with the core 

size distribution of one-phase NP− (see Section 5.3.1). In addition, the height 

difference ᐃz between the NP– aggregates and the disordered phase was measured 

by sampling the height step along the contour of disordered patches located within 

the widespread NP– lattice (e.g., those outlined by dashed white contours in Figure 

37c). The ᐃz distribution reported in Figure 39d reveals that NP− were at least 

partially embedded within the bilayer, since the average ᐃzNP lattice was 1.2 ± 0.3 nm 

(standard deviation), way below the mean NP− diameter. As shown by Figure 36c 

and Figure 38c for M2 bilayers and Figure 38f,g for M3 bilayers, in the case of control 

membranes deposited after 4 h of vesicle pre-incubation, NP− exhibited the tendency 

to form sparse and relatively small aggregates, but never uniformly distributed 

assemblies over large – i.e. micron-sized – portions of the bilayer. 

 

https://creativecommons.org/licenses/by-nc/3.0/
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Figure 39. Ordered aggregates formed by NP– after embedding within the M1 bilayer during a) 10 
min and b) 4 h of vesicle pre-incubation. On the right of image (b), a digital zoom highlighting the 
order of the NP– aggregate is shown. The AFM scan region reported in (b) is representative of the 
entire rough phase shown in Figure 37c: the ordered NP lattice spreads over micron-sized portions 

of the bilayer and the lipid phase separation is no more appreciable. c) Distribution of the NP−NP 
horizontal distance within the ordered NP– aggregate and d) distribution of the height of the ordered 

NP– aggregate (ᐃz) measured with respect to patches of the disordered phase. e) Height profile of a 
representative NP– row traced along the white dashed line in the inset and showing the regular 
interparticle distance. f) 2D Fourier transform of the image in (b) highlighting the periodicity of the 
bilayer-embedded NP– aggregate. See Appendix C1 for all statistical and experimental details. Images 
by Canepa et al.2 (published by The Royal Society of Chemistry) licensed under CC BY-NC 3.0 
(minor changes were made). 
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Quantification of the lipid/NP– ratio in pre-incubated model neuronal membranes. QCM-

D results reported in Figure 36a were used to quantify the ratio between lipid 

molecules and NP– embedded into M1 membranes after pre-incubation of 4 h. The 

mass of a spherical NP– with a core diameter of 2.7 nm and ligand composition 

MUS:OT 80:20 is mNP=1.6·10-10 ng, considering MWNP=96279 g/mol (see the 

bottom of Appendix C1 for MWNP calculation details). Thus, the number of 

embedded NP– is ᐃm/mNP~1.7·1012 NP–/cm2, corresponding to 0.017 NP–/nm2 

(where ᐃmNP corresponds to 267 ng/cm2, Figure 36a). Concerning the lipids, the 

SLB areal mass calculated from the normalized frequency shift (26 Hz, Figure 36a) 

was 463 ng/cm2; this mass includes a water layer which has been determined to be 

~102 ng/cm2 335,336, which leaves an areal mass for the lipid bilayer of 361 ng/cm2. 

The average molecular weight of the lipid mixture with composition M1 (Table 6) is 

813.14 g/mol, corresponding to a molecular mass 1.35·10-12 ng/molecule. Dividing 

the areal mass of the SLB by the mass of a single lipid molecule, we estimated that 

there are 2.67 molecule/nm2 on the bilayer or 1.34 molecule/nm2 on the lipid 

monolayer; this value corresponds to a lipid area aL=0.75 nm2/molecule, in agreement 

with the structural data in the literature337. Therefore, the ratio between the number 

of lipid molecules and the number of embedded NP– is about 1.34/0.017=79 

lipids/NP–. On the other hand, the AFM investigation reported in Figure 39 showed 

an ordered NP– aggregate with an average NP−NP separation of 7.5 nm. As reported 

in Section 5.3.3, this horizontal distance was confirmed by simulations (inset of Figure 

41d). By assuming a hexagonal unit cell, the unit cell area is 49 nm2 which divided by 

the lipid area aL gives at least 65 lipids/NP−. This value is not far from, but smaller 

than the estimation based on the adsorbed mass measured by QCM-D. In fact, the 

latter estimation considers the total amount of lipid molecules in the SLB, including 

those within the disordered membrane patches not involved in the ordered NP– 

aggregate (Figure 37c), thus resulting in a larger lipid/NP– ratio. 

5.3.3 MD simulations and thermodynamic model 

This project was developed thanks to a continuous comparison between 

experiments and simulations. The description of the main in silico results, therefore, is 

necessary to complete the discussion of the experimental findings previously 

presented. MD simulations were performed by collaborators to 1) investigate the 

molecular mechanisms and energetics of interaction for the NP− adsorption on the 

Ld phase (as observed by AFM imaging); 2) study the effect of NP– on the lateral lipid 

phase separation; and 3) characterize, with molecular resolution, the ordered NP 

aggregation observed within the bilayer after NP/vesicle pre-incubation. The model 



• Chapter 5 
 

• 79 • 

 

used to simulate NP− and multidomain bilayers has a coarse-grained resolution and 

is compatible with the MARTINI coarse-grained force field for biomolecular 

simulations308. In silico NP– have a diameter of 2 or 4 nm, which is representative of 

the experimental size distribution, and a 70:30 MUS:OT ligand ratio (Figure 40a)129,146. 

The in silico M1 bilayer was simulated using a mixture of 1,2-dilinoleoyl-sn-glycero-3-

phosphocholine (DLiPC), SM, chol, and GM1, in the molar ratio DLiPC:SM:chol:GM1 

56:18:17:9 (Figure 40a). This composition,  containing DLiPC instead of DOPC and 

much more cholesterol, was adjusted from the experimental one (Table 6) to obtain 

a stable Lo – Ld phase separation over a long simulation time scale (Figure 40a,d).  

1. Preferential NP interaction with the membrane disordered phase. After initial 

positioning of 2 or 4 nm NP− in the water phase (not in contact with the bilayer), 

they either spontaneously adsorbed onto the Ld phase (Figure 40b, top), or transiently 

adsorbed onto the Lo phase and then quickly (~100 ns later) diffused towards the Ld 

phase, where they resided for the rest of the simulation time (20 µs). On the Ld phase, 

NP− were found to adsorb more stably and closer to the membrane midplane than 

on Lo domains, favored by the higher bilayer disorder allowing for the necessary 

conformational adjusting of the lipid headgroups in contact with the NP−. The free 

energy profile of adsorption of a single NP− on top of the Ld and Lo phase of the M1 

membrane was then quantified (Figure 40b). Notably, the Ld-NP interaction, with a 

binding free energy of ~18 kJ/mol, was favored over the Lo-NP interaction (~11 

kJ/mol). The thermodynamic advantage of the Ld-NP interaction is in close 

agreement with the experimental results of Figure 35b-f showing that amphiphilic 

NPs preferentially (and weakly) adsorb on the disordered phase of preformed SLBs. 

2. NPs can suppress membrane phase separation. After spontaneous adsorption on 

the Ld phase, model NP– showed a remarkable tendency to alter the Lo – Ld phase 

separation leading to the dissolution of Lo domains within the simulation time scale 

(Figure 40c,d). Such behavior was observed regardless of NP− size and degree of NP 

penetration within the membrane core. On the lipid side, the mixing of lipid 

constituents into the M1 bilayer – following Lo domain destabilization – was 

quantified by computing the variation of membrane lipid-lipid contacts upon 

interaction with a single NP− (Figure 40e). At equilibrium, the contacts between the 

Ld phase lipid (i.e. DLiPC) and the lipids enriching the Lo domains (i.e. SM, 

cholesterol, and GM1) increased at the expense of all intra-phase contacts. In 

addition, the adsorption of a single NP− on a bilayer with the simulated M1 

composition, but in a melted phase (i.e. deprived of the characteristic phase 
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immiscibility), was found to be thermodynamically favored over the adsorption on 

both Ld and Lo phases, as shown by the free energy profile reported in Figure 40b.   

 

Figure 40. NP– preferentially adsorb on the Ld phase and destabilize Lo – Ld phase separation in 

multidomain model neuronal membranes. a) Coarse-grained models of NP− (MUS ligands in cyan, 
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OT ligands in blue, and Au atoms in yellow) and lipid species used to simulate a stable M1 membrane. 
The latter, at equilibrium, is shown below (top and side view). b)  Top: simulation snapshot of a 4 

nm NP− adsorbed onto the Ld phase at ~5.2 nm from the membrane midplane; bottom: potential 

of mean force profiles for the adsorption of a 4 nm NP− onto the Ld, Lo, and melted phase of M1 
membranes. The NP– adsorption on the Ld phase of the phase-separated bilayer has a 
thermodynamic advantage over the adsorption on Lo domains, but after the NP-induced dissolution 
of the Lo – Ld phase separation, the NP interaction with the “melted” bilayer becomes even more 
favored. c) Top views of the M1 bilayer before and after the destabilization of phase separation 

induced by a single 4 nm NP− embedded in the Ld phase. d) Number of contacts between DLiPC 
and SM (as a function of time) before and after NP addition: as shown in (a), without NP–, the Lo 
domain was stable and well defined for all the 50 µs; on the contrary, the inter-phase contacts 
increased significantly after NP addition, corresponding to almost complete suppression of the lipid 
phase separation. e) Percentual variation of lipid-lipid contacts in the melted phase after Lo domain 
dissolution, calculated with respect to the stable, NP-free phase-separated bilayer (the lipid-lipid 
contacts were averaged over time and then normalized by the sum of all lipid-lipid contacts). See 
Canepa et al.2 for all calculation details. Images by Canepa et al.2 (published by The Royal Society of 
Chemistry) licensed under CC BY-NC 3.0 (minor changes were made). 

Both the AFM results reported in Section 5.3.2 and the MD simulations 

discussed above outlined the NP− tendency to destabilize the lipid phase separation 

in model neuronal membranes with composition M1. A simple thermodynamic 

model, based on simulations and supported by experimental results, was developed 

to interpret this behavior from a general point of view.  

In lipid bilayers, the Lo – Ld spontaneous phase separation derives from the 

minimization of the Gibbs free energy. A lipid mixture that, at equilibrium, exhibits a 

stable Lo – Ld phase coexistence is such that: 

Δ𝐺S→M = Δ𝐻S→M − 𝑇Δ𝑆S→M > 0    (8) 

where: 𝑆 refers to the phase-separated state and 𝑀 to the mixed state. 

The transition from the phase-separated state to the mixed state (S → M) 

involves an enthalpic penalty – commonly referred to as enthalpy of mixing – and an 

entropic gain338. The entropic contribution comprises both lipid configurational 

entropy and mixing entropy, the latter being the most significant. Hereafter, the S →

M subscript will be omitted for the sake of notation simplicity (yet, all energy variation 

reported henceforth will refer to the S → M transition). In the case of the current 

study, a certain concentration of NP inclusions has to be inserted within the phase-

separated membrane and the distribution of NP inclusions into the membrane 

hydrophobic core is assumed to be thermodynamically favorable (i.e. NPs 

spontaneously penetrate the membrane core). The sign of ᐃ𝐺  resulting from the 

passive NP embedding within the bilayer (ᐃ𝐺𝑁𝑃) becomes decisive in governing the 

fate of the lipid phase separation: 

https://creativecommons.org/licenses/by-nc/3.0/
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Δ𝐺NP = Δ𝐻NP − 𝑇Δ𝑆NP      (9) 

where: 𝑁𝑃 superscript indicates the presence of NP inclusions in the bilayer. 

When the molar NP concentration is way lower than that of lipids (𝐶𝑁𝑃 ≪

𝐶𝑙𝑖𝑝), as in the case of this study, ᐃS𝑁𝑃ᐃS. Thus, the change of lipid-lipid enthalpy, 

i.e the enthalpy of mixing, represents the dominant driving force towards the NP-

induced destabilization of membrane phase separation. Two are the possible 

scenarios that can be further configured:  

1. Δ𝐻 > Δ𝐻NP. In this case, the presence of NPs embedded in the Ld domain 

of the phase-separated bilayer reduces the stability of the phase-separated 

state. The term Δ𝐻NP is expected to depend somehow on 𝐶𝑁𝑃. There may be 

a threshold in the NP concentration, or 𝐶𝑡𝑟 , at which the mixed state becomes 

equally favorable than the phase-separated state ( Δ𝐻NP = TΔSNP ). For 

concentrations higher than 𝐶𝑡𝑟 , the 𝑀 state is thermodynamically favored over 

the 𝑆 state. This situation seems to fit with the case of NP− interacting with 

the multidomain M1 bilayer, in which phase separation is no more observed 

when a large number of NP− penetrate within the bilayer during 4 h of 

NP−/vesicle pre-incubation (Figure 36a and Figure 37b,c); 
 

2. Δ𝐻 < Δ𝐻NP. In this case, the presence of NPs increases the stability of the Lo 

– Ld phase separation. This stabilization may be due to different NP-lipid 

interactions; for instance, NPs may accumulate at the phase boundary driven 

by hydrophobic mismatch, thus reducing the line tension between domains in 

multicomponent membranes156,317. Alternatively, NPs may have extremely 

favorable dispersion interactions with lipids in the Ld phase, as in the case of 

fullerenes and other small hydrophobic molecules339,340. 

Relatively short equilibrium MD simulations were performed to compare the 

energetics of the bilayers with composition M1 before and after the embedding of 

NP–. Additional simulations were acquired using the control composition M3 and 

control NPs with different surface chemistry, i.e. hydrophobic C60 fullerenes341. As 

for the in silico M1 bilayer, the M3 composition was simulated by replacing DOPC 

with DLiPC, while keeping unchanged the experimental molar ratio 

(DLiPC:DPPC:chol 40:40:20, see Table 6). As reported in Table 7, the enthalpic terms 

of Equations 8 and 9, Δ𝐻𝑆→𝑀 and Δ𝐻𝑆→𝑀
𝑁𝑃 , were computed for the three 

combinations: NP– in M1, NP– in M3, and C60 in M1. All the analysis details and the 

https://pubs.rsc.org/en/content/articlelanding/2011/sm/c0sm00882f
https://pubs.rsc.org/en/content/articlelanding/2011/sm/c0sm00882f
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interaction contributions involved in defining these enthalpic terms are detailed in 

ref2.  

Table 7. Enthalpies of M1 and M3 bilayers before and after the embedding of NP– or C60 fullerenes.  
Simulation results were validated against the experimental data described in Section 5.3.2 (NP– in M1 
and NP– in M3) or taken from the literature (C60 in M1).  

in silico  
bilayer  

   Δ𝐻𝑆→𝑀 
(kJ/mol) a 

NP type  
(NP/lipid molar 

ratio in simulation) 

 Δ𝐻𝑆→𝑀
𝑁𝑃  

(kJ/mol) a 

model  
prediction 

experimental  
validation 

M1 
DLiPC:SM:chol:GM1 

56:18:17:9 
+9.96·103 

NP−  
(0.35·10-3) b 

–1.2·103 

destabilize  
phase 

separation 
already at low 
concentration 

 AFM images 
in Figure 37b-d 

M3 
DLiPC:DPPC:chol 

40:40:20 
+4.9·103 

NP− 
(0.28·10-3) b 

+1.9·103 

destabilize  
phase 

separation as 
concentration 

increases 

AFM images in 
Figure 38e-g 

M1 
DLiPC:SM:chol:GM1 

56:18:17:9 
+9.96·103 

C60 fullerene 
(1.8·10-2) 

+1.48·104 
stabilize  
phase 

separation 

Ha et al.342 c 

 
 

a The overall enthalpy differences were computed by averaging over 200 ns of unbiased MD 
simulations.  
b NP– in M1: 1 NP– in 2850 lipids; NP– in M3: 1 NP– in 3520 lipids. 
c unbiased MD simulations showing the NP-induced stabilization of the lipid phase separation are 

reported in ref2. 
 

According to this simple model,  ΔH > Δ𝐻𝑁𝑃 for both NP– in M1 and NP– 

in M3. In these systems, NP− inclusions are thus expected to destabilize the 

membrane phase separation by altering the enthalpic gain associated with lipid-lipid 

interactions within Ld domains (Table 7). This prediction is in good agreement with 

the experimental case of the M1 bilayer (Figure 37) but seems to contradict what was 

observed for the M3 bilayer, whose phase separation was not perturbed during 

NP/vesicle pre-incubation  (Figure 38d-h). Interestingly, Table 7 shows that for the 

NP– in M3 system Δ𝐻𝑁𝑃  remains positive at the NP concentration used in the 

simulations, meaning that the destabilization of phase separation may be achieved 

only at sufficiently high NP− concentration. Additional simulations reported in ref2 

demonstrated that the stability of the phase separation decreases as the NP– 

concentration in the simulated M3 bilayer increases. Experimentally, after 4 h of pre-

incubation with NP−, M3 bilayers showed only a low uptake of sparse, small NP− 

aggregates, which was not sufficient to destabilize the membrane phase separation 

(Figure 38e-g). These results demonstrate that MD can be effectively used as a 
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predictive tool to assess the propensity of NPs of different compositions to alter or 

stabilize phase separation in multicomponent lipid bilayers.   

3. Molecular-level characterization of ordered NP aggregation within the membrane. 

Simulations were repeated to investigate the NP behavior after embedding of two or 

more NP− of 2 or 4 nm in the M1 bilayer. In the case of two NP–, dimerization was 

found to be much more thermodynamically favored for larger NP–. In unbiased 

simulations, 4 nm NP− spontaneously formed a stable dimer, with embedded NP− 

significantly protruding out of the bilayer (Figure 41a,b). On the contrary, 2 nm NP− 

only formed transient dimers within the simulation time scale (10 µs), with little to no 

perturbation of the bilayer structure. At the nanoscale, fine size-dependent control of 

NP-membrane interactions has already been reported in a similar system142. Thus, in 

the current study involving NP–, the transition from the non-aggregation to the 

aggregation regime is believed to occur within the NP diameter range of 2÷4 nm (an 

in-depth computational investigation of this effect is under development). The only 

membrane damage observed upon stable dimerization of 4 nm NP– consisted of the 

formation, induced by charged MUS ligands, of a small nanopore343 in between the 

two NP− (Figure 41a,b). Such pore formation allows the hydrophilic MUS ligands of 

the two NP– to re-orient within the space between the snorkeled NP– (Figure 41b). 

Once formed, the pore at NP–NP interface was stable and did not expand. After 

investigating the spontaneous tendency to stably dimerize, the aggregation of 4 nm 

NP− was tested using several NP− embedded in the bilayer. By combining seven NP− 

not in contact with each other and let to diffuse freely in the bilayer, the spontaneous 

formation of a stable hexagonal aggregate was observed (Figure 41c), in which the 

NP–NP distance (Figure 41d) nicely matched that measured by AFM imaging after 

NP−/vesicle pre-incubation (Figure 39c). Even in the case of the hexagonal aggregate, 

the spontaneous formation of nanopores was observed in between neighboring NP−. 

On the microsecond scale, such pores opened and closed several times at the interface 

between different pairs of adjacent NP−. As for experiments, simulations reported 

that the average height of the NP− aggregate over the bilayer (ᐃz) is way below the 

mean NP− diameter (Figure 41e for simulations vs Figure 39d for experiments). These 

results consistently suggest that NP− were partially embedded into the bilayer. The 

slight ᐃz difference between experiments and simulations could be ascribed to the 

experimental NP− size dispersion (0.8 nm standard deviation). The movie reported 

in ref.2 illustrates the spontaneous formation of the stable NP− hexagonal aggregate 

within this system. 
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Figure 41. In silico structural investigation of the ordered aggregates formed by 4 nm NP−. a) Top 
view of the stable, spontaneous NP– dimerization. b) Lateral view showing both the protrusion of 

NP− dimer on top of the bilayer and the nanopore formation in between the two NP– (lipid 
headgroups are shown as semi-transparent surface, lipid tails are not shown for clarity, Na+ ions are 
shown in red, while water in blue). c) Top views of the initial and final configuration showing the 
spontaneous formation of a stable hexagonal NP– aggregate. d)  Potential of mean force for the NP–
dimerization. The inset reports the NP–NP radial distribution function, g(r), obtained during the 

unbiased run with 7 NP−: the first neighbor peak, at 7.5 nm, matches the experimental result. e) 

Height profile (averaged along the simulation time) of the protrusion of a single NP− and a NP– 
dimer with respect to the bilayer surface (mean protrusion of 1.5 nm in the simulations vs 1.2 nm in 
the experiments). See Canepa et al.2 for all calculation details. Images by Canepa et al.2 (published by 
The Royal Society of Chemistry) licensed under CC BY-NC 3.0 (minor changes were made). 
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6.   Influence of membrane stiffening in 
passive NP uptake 

6.1 Membrane fluidity and NP uptake: a reciprocal 
influence 

The variable fluidity of plasma membranes plays a critical role in providing the 

appropriate environment for the operation of metabolic enzymes, membrane-bound 

transporters, ion channels, and other cellular machinery. Several enzymatic functions 

require that membrane components diffuse freely within the lateral plane of the lipid 

bilayer, whereas other processes rely on motional constraints imposed on structural 

elements. Even in phase-separated membranes, which are discussed in Chapter 5, the 

discontinuity in membrane fluidity resulting from lateral lipid segregation is crucial 

for various cellular processes344,345. As explained in Section 1.3.4, cholesterol plays a 

key role in preserving and regulating functional membrane fluidity over a wide range 

of temperatures. Mammalian plasma membranes contain ~40÷90 % of total cellular 

cholesterol346, which in turn constitutes ~20÷50 mol % of all membrane lipids 
161,175,347,348. The cholesterol content varies by cell type and species; for instance, high 

levels of cholesterol have been found in cells of some cancer tissues349. Cholesterol 

also contributes to maintaining membrane integrity and modulating lateral phase 

separation resulting from preferential lipid-lipid interactions350,351. Cholesterol 

depletion by exogenous entities, such as certain cyclodextrins, has a major impact on 

membrane mechanics and permeability211,352. These alterations can be detrimental to 

membrane structure, even resulting in cytotoxic effects352,353.  

To date, the impact of membrane fluidity on NP uptake – and vice versa – has 

been assessed using model systems primarily composed of phospholipids, in the 

absence of cholesterol. At room temperature, small amphiphilic AuNPs have been 

reported to penetrate exclusively within fluid phases of phase-separated lipid 

vesicles142, as also confirmed by the results described in Chapter 52. Consistently, the 

temperature-induced increase in membrane fluidity has been shown to dramatically 

boost the incorporation of both negatively142 and positively132 charged amphiphilic 

AuNPs (~2÷3 nm) into gel-phase bilayers. These experiments indicate that 

membrane fluidity dramatically affects both the uptake kinetics and equilibrium 

amount of small amphiphilic AuNPs within the lipid bilayer132,142. On the other hand, 

the broader literature on the effects of NP adsorption on membrane fluidity appears 
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controversial and a general consensus is still lacking. In various model systems, NP 

adsorption has been shown to alter the phase behavior of the lipid bilayer. For 

instance, experiments by Bothum354 reported that hydrophobic silver NPs (~6 nm) 

induce an appreciable decrease in the melting temperature of DPPC bilayers. 

Furthermore, Park et al.355,356 showed that the uptake of slightly smaller hydrophobic 

silver (and gold) NPs further fluidizes the DPPC membrane even above the melting 

temperature. Slight softening of the bilayer has been also described for negatively 

charged silica NPs (~8 nm) adhered to fluid DOPC vesicles357. In contrast, Montis et 

al.358 observed that adsorption of citrate-capped anionic AuNPs (15 nm) onto POPC 

vesicles induces local membrane restructuring into stiffened lipid domains. In 

addition to AuNPs, NP-induced membrane stiffening has also been reported 

experimentally for charged polystyrene359 and silica360 NPs of similar size. Specifically, 

Granick et al.359 showed that nonspecific adsorption of negatively charged NPs onto 

single-component PC bilayers induce localized gelation around NPs in liquid-

crystalline phases, whereas positively charged NPs were observed to promote local 

fluidization in gel phases359. This charge dependence of the influence of NP uptake 

on membrane fluidity has also been supported by coarse-grained MD simulations 

involving smaller NPs (~6 nm) with different surface charge densities361.  

Although cholesterol-tuned bilayer fluidity represents an intrinsic aspect of cell 

membrane complexity, no experimental study has systematically addressed the effect 

of cholesterol concentration in nonspecific NP-membrane interactions. Recently, 

flow cytometry analysis by Atukorale et al.142 revealed no difference in the uptake of 

2÷3 nm MUS:OT AuNPs by fluid DOPC bilayers with or without only 25 % chol. 

Over a wider composition range, unbiased MD simulations by Gkeka et al362 showed 

that penetration of small MUS:OT AuNPs (~4 nm) into DPPC bilayers with 0÷50  

mol % chol induces, in all systems studied, local disorder and cholesterol depletion in 

the lipid bilayer. As a consequence of cholesterol expulsion around NPs, the authors 

observed no definite effect of cholesterol concentration in hindering the NP 

translocation within the bilayer. Evidently, the impact of  cholesterol content on the 

passive uptake of NPs in fluid bilayers composed of disordered phospholipids 

requires further experimental and computational investigation. 

6.2 Project: objective and methods 

The aim of this project – which is still under development – is to investigate, 

by adopting a systematic and comparative approach, the influence of cholesterol-

induced membrane stiffening on the passive uptake of amphiphilic NPs. In particular, 
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sub-5 nm monodisperse AuNPs with MUS:OT ligand shell have been considered. On 

the membrane side, lipid vesicles with a progressive decrease in bilayer fluidity have 

been prepared by mixing the di-unsaturated DOPC with increasing amounts of 

cholesterol. First of all, variation in membrane fluidity before interaction with NPs 

was characterized by AFM nanomechanical measurements (contact-based QITM 

mode by JPK, Section 2.1) and fluorescence anisotropy spectroscopy (Section 2.3.2). 

While former experiments allowed measuring Young’s modulus of DOPC/chol 

SLBs, the latter technique was used to reveal any constraints to the motion of bilayer-

embedded fluorophores as a function of the composition of the surrounding lipid 

environment. In general, fluorescence anisotropy assays are commonly used to detect 

structural perturbations increasing or decreasing the lipid packing in model systems, 

such as the incorporation of cholesterol in between disordered phospholipids 

considered in this project. In turn, membrane fluidity is directly related to the 

structural arrangement of lipid molecules. Even the NP-membrane interaction was 

investigated using fluorescence anisotropy to propose further considerations on the 

influence of NP uptake on membrane fluidity. However, the systematic study of NP 

uptake has been developed primarily by means of QCM measurements (Sections 2.2). 

As in previous projects, QCM-D provided a sensitive and accurate quantification of 

the amount of NP passively incorporated within the bilayer; yet, in this case, 

experiments have relied on a different NP-lipid system. Instead of analyzing the 

formation of SLBs on the crystal sensor after NP/vesicle pre-incubation, the NP-

membrane interaction was monitored in real time by incubating NPs onto a supported 

vesicle layer (SVL). QCM-D investigation, together with AFM measurements, were 

performed at the Materials Characterization Facility – IIT, Genoa – working in 

collaboration with Dr. Silvia Dante. 

6.3 Results and discussion 

6.3.1 NPs and lipid membranes 

Amphiphilic MUS:OT AuNPs with remarkably low core size dispersion were 

synthesized using the thiol-for-OAm ligand exchange procedure described in Section 

3.2. For QCM-D and fluorescence anisotropy measurements, small NPs with 2.4 ± 

0.4 nm core diameter (Figure 30a and Table 5, Section 3.2.1) were employed. 

Additional fluorescence experiments were performed using larger NPs with 4.8 ± 0.5 

nm core diameter (Figure 30b and Table 5). The ζ-potential in the experimental buffer 

(PBS, 1x, pH 7.4) was –38 ± 2 and –36 ± 1 mV (Table 5) for small and large NPs, 
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respectively. These values ensured good stability against aggregation within the 

experimental time scales considered in this study (i.e. several hours). The stability of 

colloidal NP dispersions is also confirmed by comparing the hydrodynamic diameters 

in water and PBS reported in Table 5. For all NPs, the MUS:OT molar ratio in the 

ligand shell was 2:1 (32 % OT), as determined after decomposition of the Au core 

(Table 5). See Appendices A4 and A5 for all details of NP synthesis and 

characterization. 

Unilamellar DOPC vesicles with cholesterol content varying in the biological 

range (0, 15, 26, 29, 35, 43, and 52 mol %) were extruded in PBS with a 100 nm pore 

size filter. To avoid repetition, henceforth all percent cholesterol concentrations will 

refer to the molar content. For fluorescence anisotropy assays, small amounts of DPH 

or TMA-DPH (Section 2.3.2) were incorporated within the vesicle bilayer. All details 

of vesicle preparation and characterization are provided in Appendix B.  

Although DOPC-rich lipid mixtures are widely used to prepare model membranes 

with or without lateral phase separation, the characterization of DOPC phase 

behavior in combination with cholesterol is less studied than expected. Most phase 

studies focus on ternary systems from which the behavior of the DOPC/chol 

boundary mixture in the cholesterol solubility range (0÷67 % chol191) can only be 

inferred based on a few isolated experimental points, mostly concentrated at low 

cholesterol content. At room temperature, these studies consistently reveal a uniform 

phase for the DOPC/chol mixture between 0÷20 % chol363. Although cholesterol is 

universally accepted to inhibit the membrane dynamics and decrease membrane 

fluidity in liquid-crystalline bilayers, the DOPC/chol phase behavior above 20 % chol 

is still assumed to be a delicate issue. While confocal images of dye-labeled GUVs 

show uniform fluorescence that is consistent with a single phase363, some 

spectroscopy results show the occurrence, at ~30 % chol, of nanosized Lo domains 

within the Ld bilayer, followed by a uniform Ld →Lo phase transition at higher 

cholesterol content364. If real, nanoscopic Lo domains are extremely likely to evade 

direct microscopic detection; at the same time, bilayer-embedded probes may 

represent impurities that interfere with the lipid phase behavior, inducing the 

formation of localized artifactual structures. Recently, Chakraborty et al.365 reported 

a comprehensive structural characterization of the physical state of DOPC 

membranes upon progressive cholesterol addition (0÷50 %). According to 

experiments and simulations, DOPC bilayers undergo a cholesterol-induced increase 

in membrane thickness and viscosity and a reduction in local fluctuation dynamics. 

More important, cholesterol has been shown to locally increase the bilayer bending 

stiffness, similar to saturated membranes, by increasing the lipid packing density365.  
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6.3.2 AFM, fluorescence anisotropy, and QCM-D experiments 

Characterization of fluid bilayers with progressive membrane stiffening. 

After extrusion in PBS, fluid DOPC vesicles with increasing cholesterol content were 

deposited on silicon at 60 °C to promote SLB formation. AFM imaging of the planar 

bilayers was performed in tapping mode and QI mode to investigate the surface 

topography and measure the Young’s modulus of the samples, respectively. Unlike 

the DOPC-based multicomponent membranes studied in Chapter 5, no lateral lipid 

phase separation was observed for each cholesterol content, and the SLB surface was 

uniformly flat on a scale of tens of microns. Topographic tapping-mode images of 

SLBs with three representative compositions are shown in Figure 42a; the white 

dashed line marks the location of the height profiles (ᐃz) reported in Figure 42b. In 

general, the surface roughness of the samples was very similar regardless of the 

cholesterol content; moreover, the ~4 nm hole in the sample at 29 % chol confirms 

the presence of a lipid bilayer. Compared to the AFM images reported in Chapter 5, 

here the DOPC-based SLBs always reported a slightly increased surface roughness 

(even at 0 % chol). This difference may be due to either the different microscope 

model or the different substrate for SLB deposition (mica vs silicon); in general, each 

substrate shows a peculiar surface roughness and slightly different chemical 

properties233.  

AFM imaging was then shifted to contact-based QI mode to acquire force vs 

tip-sample separation curves within 5 × 5 μm2 lateral scans (a schematic of a typical 

force spectroscopy experiment is illustrated in Figure 57 of Appendix C1). Force 

curves were then processed to map the bilayer Young’s modulus (E) distribution. As 

expected, the results plotted in Figure 42c indicated a clear linear increase in the mean 

E value with increasing cholesterol content up to ~40 %; this is consistent with a 

progressive stiffening of the fluid DOPC/chol bilayer. Surprisingly, at 52 % chol, the 

E value did not increase further; this result may be due to an overestimation of the 

actual cholesterol content in the bilayer (Appendix B1) or to reaching the maximum 

membrane stiffness within the cholesterol solubility range. The E values shown in 

Figure 42c, on the order of several tens of MPa, are similar to those reported for other 

DOPC-based liquid bilayers at similar loading force366. For the 0 % and 35 % chol 

bilayers, maps of the Young’s modulus are shown in Figure 42d. In general, the E 

distribution was homogeneous on a scale of several microns, indicating lateral 

uniformity in membrane stiffness. Figure 42e reports the respective E distributions 

obtained from multiple maps. Full experimental details on the AFM set-up, analysis 

parameters, and sample preparation are described in Appendix C1.  
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Figure 42. AFM characterization of fluid DOPC SLBs with progressive chol-induced membrane 
stiffening (deposited on silicon). For all samples in the 0÷52 % chol range, no microscopic phase-
separation was observed. a) Representative topographic images (tapping mode) in the absence of 
cholesterol and in the case of medium or high cholesterol content (29 % and 43 %, respectively). b) 
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Height profiles of the SLBs taken along the white dashed lines in the images shown in (a); the peak 
in the orange curve at 29 % chol corresponds to the bilayer hole (~4 nm) indicated by the white 
arrow in the corresponding image. c) Young’s modulus (E) vs chol %. d) Two representative E maps, 
acquired in contact-based QI mode, at 0 % and 35 % chol. e) E distributions at the same percentages 
reported in (d); histograms were elaborated from a different number of counts: ~31000 at 35 % chol 
and ~53000 at 0 % chol. See Appendix C1 for full details on data analysis. 

Cholesterol-induced membrane stiffening was further investigated by 

fluorescence anisotropy assays. As described in Section 2.3.2, the anisotropy emission 

of DPH and TMA-DPH molecules embedded in the phospholipid bilayer is widely 

used to obtain information on the lipid ordering at different depths of the bilayer: 

while the highly apolar DPH is buried within the hydrophobic core of the membrane, 

in between the phospholipid tails, TMA-DPH is firmly anchored to the polar region 

of PC heads due to its terminal cationic group. Anisotropy results as a function of 

cholesterol concentration (0÷52 %) are shown in Figure 43.  

 

Figure 43. Fluorescence anisotropy of DPH and TMA-DPH in DOPC vesicles with increasing 
cholesterol content (0÷52 %; 20 °C). Right: simulation snapshot of the DOPC/chol bilayer with 30 
% chol; lipid heads in gray (surface representation), lipid tails in light-gray sticks, and cholesterol in 
tan sticks (lipid tails are made transparent to make tan cholesterol visible). DPH and TMA-DPH tend 
to reside within the separate bilayer regions framed in the snapshot (i.e. the hydrocarbon core and 
the hydrocarbon-water interface, respectively). Their rotation is not isotropic as they exhibit preferred 
orientations276. Their anisotropy emission (r) increases as their translational and orientational freedom 
within the bilayer decreases (rmax=0.4, see Section 2.3.2). 

In the absence of cholesterol, the behavior of the two membrane-embedded 

molecular probes differs significantly. While DPH tends to occupy a larger portion of 

the bilayer with a discrete translational and rotational freedom, which thus 

corresponds to a reduced anisotropy emission (r = 0.110), the motional order of TMA-

DPH at the hydrocarbon-water interface is much more constrained, and therefore its 

emission is more anisotropic (r = 0.218). When cholesterol is added, the anisotropy of 

DPH increases linearly, whereas the emission of TMA-DPH is almost unaffected and 
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settles around the maximum value reached by DPH at 52 % chol. The trend shown 

by DPH suggests that the lipid environment in which the probe is inserted undergoes 

a progressive stiffening as cholesterol increases. In the case of cationic TMA-DPH, 

the anisotropy is maintained at higher constant values, indicating that the constraints 

on probe motion due to the anchoring of the cationic group at the hydrocarbon-water 

interface are likely to overcome those induced by the presence of cholesterol. Full 

details of the fluorescence anisotropy assays carried out for this project (including 

data analysis) are described in Appendix D2. 

NP uptake by fluid bilayers with progressive membrane stiffening. 

Freshly extruded lipid vesicles with increasing membrane rigidity were deposited on 

gold-coated crystal sensors to form stable SVLs which were then incubated with 

MUS:OT AuNPs (2.4 nm). SVLs have already been tested on other systems to study 

NP-membrane interactions367,368. Unlike SLBs, SVLs are viscoelastic films with non-

negligible energy dissipation (i.e. ᐃDsensor<ᐃDsensor+SVL). Throughout the experiment 

– which is schematized in Figure 59 (Appendix C2) – changes in frequency and 

dissipation were recorded in real time by QCM-D to monitor vesicle integrity and 

quantify NP uptake. For this project, this NP-lipid system has the following 

advantages: 1) unlike SLBs, the motional constraints imposed by the substrate on the 

supported vesicles can be considered negligible (see Chapter 5); 2) using viscoelastic 

modeling, Δf and ΔD data can be quantitatively interpreted to extract information 

about SVL properties, such as layer density (g/cm3) and thickness (nm)257; and 3) by 

adding NPs onto preformed SVLs – instead of vesicles pre-incubated with NPs as in 

Chapter 5 – the kinetics of NP uptake can be monitored in real time. All details of 

QCM-D set-up are thoroughly described in Appendix C2.  

Figure 44a shows the frequency shifts for SVL formation as cholesterol 

concentration varied in the 0÷52 % range. The time required for homogeneous 

coverage of the sensor surface by vesicles – corresponding to a plateau in the 

frequency curve (ΔfSVL) – was significantly longer than for SLB formation (hours vs 

minutes, see Chapters 4 and 5). Moreover, the vesicle layer formed more rapidly and 

caused higher ΔfSVL as the cholesterol content increased. Since a decrease in resonance 

frequency is commonly interpreted as an increase in the mass adsorbed onto the 

sensor (as in the case of rigid films), it is tempting to directly correlate different ᐃfSVL 

values to different surface coverages by the vesicles (i.e. different number of vesicles 

per unit area). However, the interpretation of QCM data should include potential 

variations in viscoelastic properties of the SVL (e.g. density and thickness) due to 

differences in experimental conditions (e.g. vesicle concentration in solution) or in 
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vesicle characteristics (e.g. size and lipid composition)257. In all experiments, vesicle 

size after extrusion (Figure 56, Appendix B2) did not vary significantly and vesicles 

were injected in the QCM chamber at the same concentration. Application of the 

Voigt model (whose details are described in ref256) to QCM-D data after SVL 

formation showed that, as the cholesterol content increased, the layer density 

increased, whereas the layer thickness remained unchanged (Figure 44b).  

 

Figure 44. SVL formation onto gold-coated QCM sensors at pH 7.4 and 22 °C. a) Asymptotic 

frequency variation, ᐃf, recorded in real time (5th overtone) after the injection in the QCM-D 
chamber (t=600 s) of fluid DOPC/chol vesicles with varying cholesterol content (vesicle 
concentration in solution is the same for all experiments). Unlike the frequency traces reported in 

Chapters 4 and 5, the frequency shifts were normalized by √𝑛, which is typical for viscoelastic films. 

The time required for ᐃfSVL to stabilize at a plateau – corresponding to complete coverage of the 
sensor surface by vesicles – was different for each vesicle composition, e.g. ~6000 s at 52 % chol and 
~18500 min at 0 % chol (intermediate times were recorded for intermediate cholesterol 
concentrations). b) Left: SVL cartoon and simulation snapshot of the DOPC/chol membrane (same 
color code as in Figure 43). Right: layer density (ρ) and thickness (L) as a function of cholesterol 
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content. In (b), data analysis was performed by fitting the ᐃf and ᐃD data from multiple overtones 
to the model described in ref.256 and using the layer density and thickness as fitting parameters. The 
layer mass can be obtained as thickness × density257. See Appendix C2 for more details on data 
analysis. 

Since both SVL thickness and vesicle diameter can be assumed to be constant 

from one bilayer composition to another, it can be concluded that the number of 

vesicles per unit area of the sensor was the same among all SVLs under investigation. 

Moreover, no increase in frequency shift was recorded after complete SVL formation, 

indicating no significant loss of vesicles from the sensor. These assumptions allow 

considering the same overall aqueous content for all SVLs (same number of vesicles 

with the same volume). Thus, the mass (gross of water content) contained in the SLV 

at each cholesterol content can be derived from the density and thickness data in 

Figure 44b. In light of all these considerations, the increase in ᐃfSVL can be explained 

by the increase in layer density and thus, for the same aqueous content, in lipid bilayer 

packing. This result is consistent with structural measurements indicating a 

cholesterol-induced increase in the lipid packing of DOPC/chol membranes365,369,370. 

Interestingly, in the case of pure DOPC vesicles, the layer density reported in Figure 

44b (0.762 ± 0.019 g/cm3) is in excellent agreement with QCM-D data of ref257 (0.776 

± 0.024 g/cm3). Furthermore, the comparison of the average SVL thickness reported 

in Figure 44b (~101 nm) with the average vesicle diameter reported in Figure 56 

(~135 nm, Appendix B2) strongly suggests that SVLs were composed of vesicles 

deformed to the same extent257.  

After SVL rinsing, NPs and SVLs were incubated for at least 20 h at 22 °C and 

pH 7.4. As an example for all experiments, the frequency and dissipation traces for 

the DOPC SVL before and after interaction with NPs are shown in Figure 45a. Figure 

45b compares the NP uptake in the first four and a half hours between membranes 

with the highest (0 % chol) and lowest (52 % chol) bilayer fluidity, respectively. At 0 

% chol, NP uptake started immediately after vesicle injection and reached a plateau 

after ~4 h, whereas at 52 % chol, NP uptake was significantly slowed down (however, 

an asymptotic value was reached at similar times). The flattening of the frequency 

signals was interpreted as the achievement of membrane saturation by embedding 

NPs. This assumption was confirmed by control experiments at low cholesterol 

content, and thus high membrane fluidity: after a second addition of NPs, no further 

uptake was recorded within the supported vesicles. Furthermore, the times recorded 

for bilayer saturation are consistent with the NP/vesicle pre-incubation 

measurements reported in Chapter 5, which involved DOPC-rich multicomponent 

membranes and similar amounts of NPs. Indeed, after 4 h of NP/vesicle 

preincubation, AFM imaging revealed the presence of numerous, uniformly 
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distributed NPs embedded within the bilayer in the form of ordered aggregates 

(Figure 39b). In general, NPs did not show significant destructive behavior during 

passive uptake within zwitterionic SVLs, which is consistent with the results discussed 

in Chapter 41. Only in a few experiments, at intermediate cholesterol content, a slight 

and slow increase in frequency shift (corresponding to a limited mass loss at the 

sensor surface) was recorded after several hours of NP/SVL incubation under 

continuous sensor oscillation. However, this event always occurred after ᐃf stabilized 

at a minimum value. Figure 45c reports the percentage change in the mass of the SVL 

at membrane saturation by NPs, i.e. 
ᐃm𝑁𝑃

ᐃm𝑆𝑉𝐿
 100, where ᐃmNP is the net mass change 

due to maximum NP uptake and ᐃmSVL is the mass of the SVL before NP addition. 

ᐃmNP and ᐃmSVL values were calculated separately using two different models: a 

modified Sauerbrey model based on frequency shifts normalized by √𝑛, and the Voigt 

model256,257 used to extract the SVL density and thickness before NP addition (Figure 

44b); more details on data processing are described in Appendix C2. In general, the 

frequency and dissipation shifts after NP uptake were always sampled at the plateau 

and before any bilayer destabilizations. Thus, NP quantification always assumed that 

the SVL was unaffected in terms of vesicle number and water content after NP 

uptake. In the case of the Voigt model, ᐃf and ᐃD data at NP saturation were 

analyzed to obtain post-uptake SVL thickness and density values from which the net 

mass of adsorbed NPs was deduced. As shown by Figure 45c, both models provided 

very similar NP uptake efficiencies: as membrane stiffness increases, the amount of 

NP penetrating the bilayer decreases linearly up to approximately 35 % chol; from 

this percentage onwards, the NP incorporation remained stable at very low values. 

The higher uptake observed at 52 % may be attributable to dynamic inhomogeneities 

in the distribution of the high cholesterol content within the bilayer. The mechanical 

measurements shown in Figure 42c also disclosed an anomalous behavior at this 

cholesterol concentration, revealing lower than expected bilayer stiffness comparable 

to that measured at 35 % cholesterol (an underestimation of the cholesterol content 

incorporated into the bilayer was suggested as a possible cause). 

 As shown in Figure 45c, increasing membrane cholesterol from 0 % to ~40 

% dramatically decreases the NP uptake efficiency by about 90 %, whereas an addition 

limited to 15 % is sufficient to reduce the uptake by 30 %. Interestingly, the ᐃmNP 

values used to calculate the percent mass change of the SVL shown in Figure 45c 

were normalized by the total mass of the SVL, when in fact only the overlying portion 

of the vesicle layer was available for NP uptake. Given the geometry of the system, 

the actual mass changes in free-standing fluid vesicles due to NP uptake is expected 
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to be higher. To date, this is the first NP/membrane study in which the Voigt model 

has been used to quantify the NP uptake in SVLs, as the previously cited studies367,368 

have relied predominantly on the classical Sauerbrey method. However, the modified 

Sauerbrey equation proposed in this project has been shown to be suitable for 

interpreting mass changes in the viscoelastic vesicle layer due to NP adsorption. 

 

Figure 45. NP-SVL interaction monitored by QCM-D. a) Frequency (ᐃf ) and dissipation (ᐃD) 
traces of a representative experiment (0 % chol) before and after NP addition (t=20000 s). The 
continuous increase in energy dissipation after vesicle injection is consistent with the formation of a 
viscoelastic vesicle layer. The SVL was rinsed twice: before NP injection and at the end of the 
recording; in general, no SVL destabilization was observed in either event. In the absence of 
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cholesterol, NP uptake began immediately after NP addition. Simulation snapshot: bilayer color code 
as in Figure 43, while for the embedding NP Au atoms are in yellow, OT ligand in green, and MUS 
ligand in purple. b) Comparison of NP uptake kinetics at 0 % and 52 % chol, which is the highest 
cholesterol concentration considered in this study (the thicker trace corresponds to 1 s sampling rate; 
a point average every 10 s was then recorded overnight). c) Percent mass changes of the SVL at 

membrane saturation by NPs (i.e. at ᐃf plateau after NP addition) calculated using both the modified 
Sauerbrey equation and the Voigt model. The reduction (%) in NP uptake was normalized with 
respect to the maximum uptake efficiency at 0 % chol; vertical error bars at ~30 % and ~40 % chol 
refer to the Student’s error (95 % confidence level, n=18) calculated by averaging the data at 26-29 
% chol and 35-43 % chol, respectively.  

After quantifying the change in NP uptake as a function of membrane 

stiffness, fluorescence anisotropy spectroscopy was used to investigate the influence 

of MUS:OT AuNPs on membrane fluidity. Figure 46a reports the anisotropy of DPH 

emission after vesicle incubation with NPs of both 2.4 nm and 4.8 nm diameter, while 

Figure 46b reports the anisotropy of TMA-DPH emission after vesicle incubation 

with 2.4 nm NPs.   

 

Figure 46. Fluorescence anisotropy emission (r ) of a) DPH and b) TMA-DPH before and after 
vesicle incubation for ~3 h with 2.4 nm NPs and ~4 days with 4.8 nm NPs. See Appendix D2 for 
details on experimental set-up and data analysis. 

In the case of 2.4 nm NPs, the same as used in QCM-D experiments, 

fluorescence measurements indicated that passive NP uptake within the fluid bilayer 

limited the motional freedom of the fluorophores both in the hydrophobic tail region 

(Figure 46a) and at the hydrocarbon-water interface (Figure 46b). This evidence 

suggests diffuse membrane stiffening, additional to that attributed to cholesterol, 

induced by NP incorporation (and proportional to NP size). However, this 

conclusion seems not to hold in the case of the DPH-labeled DOPC bilayer (0 % 

chol) after incubation with 2.4 nm NPs (Figure 46a). Here, the anisotropy emission 

did not vary after NP/vesicle incubation. A preliminary hypothesis that would explain 
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this behavior is related to the lower lipid packing of the di-unsaturated DOPC 

bilayer365,369,370: indeed, the larger area available for each phospholipid could promote 

abundant penetration of NPs into the membrane (Figure 45c) without significantly 

limiting the rotational and translational motion of DPH molecules. On the other 

hand, at 0 % chol, a shift in TMA-DPH emission was recorded before and after 

incubation with NPs (Figure 46b). Interestingly, among all vesicles tested with 2.4 nm 

NPs, 100 % DOPC vesicles labeled with TMA-DPH were the only ones to be 

incubated for ~4 h (instead of ~3 h). As observed by QCM measurements, NP uptake 

by 100 % DOPC membranes reached the plateau after at least 4 h of NP/SVL 

incubation (Figure 45b). Therefore, in the case of TMA-DPH, the difference in 

anisotropy recorded at 0 % chol can be attributed not to increased bilayer stiffening 

at the hydrocarbon-water interface but to more NPs penetrating the membrane. At 

the same time, a direct interaction between the cationic head of the probe and the 

negatively charged NPs cannot be ruled out. Finally, the increase in anisotropy 

induced by bilayer-embedded NPs was found to be sensitive to NP concentration 

during incubation. Indeed, by reducing the amount of 2.4 nm NPs by 75 % during 

incubation with vesicles containing the highest cholesterol content (52 %), the 

anisotropy shift before and after NP-membrane interaction decreases slightly, but 

clearly, by ~10 % for DPH (from r =0.256 to r =0.235) and ~5 % for TMA-DPH 

(from r =0.296 to r =0.280). 

Unfortunately, the trends in fluoresce anisotropy observed in the presence of 

NPs are not easily understood with previous information obtained from QCM-D. 

Experiments on SVLs showed that NPs enter the membrane at all bilayer 

compositions, from 0 % to 52 % chol, and that NP uptake is severely reduced by the 

cholesterol-induced membrane stiffening. On the other hand, the anisotropy results 

after NP/vesicle incubation suggest a general increase in the anisotropy emission by 

bilayer-embedded fluorophores, which is compatible with a decrease in the fluidity of 

the vesicle membrane upon NP incorporation. This could be due to structural 

changes and specific interactions between lipid molecules (DOPC and cholesterol) 

and NPs within the bilayer. The probe itself may interfere with these interactions, 

albeit present in very limited amounts. Furthermore, the increase in fluorescence 

anisotropy for both DPH and TMA-DPH may also be consistent with the results 

shown by Gkeka et al.362 on DPPC:chol membranes, which report the formation of 

cholesterol-depleted membrane regions between the bilayer-embedded NPs. 

However, this hypothesis would only be justified if the probes are also displaced into 

stiffer, cholesterol-enriched membrane patches. Definitely, more information needs 

to be obtained at the molecular level to fully elucidate the results shown in Figure 46.  
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7.   Conclusions 

In this thesis, an ensemble of biophysical techniques was employed to 

investigate experimentally the interaction occurring between small amphiphilic 

AuNPs and model lipid membranes with variable structural and morphological 

complexity. This work has provided original contributions in the interpretation of 

three specific aspects of NP-membrane interaction, as detailed below. 

 

o Effect of NP surface charge at the NP-membrane interface  

The first project discussed in this thesis concerns the comparative study of the 

interaction between charged amphiphilic AuNPs and neutral (zwitterionic) lipid 

membranes. To date, the effect of NP surface charge at the membrane interface is 

one of the most controversial aspects of NP-membrane interaction mechanisms. In 

this project, the influence of the NP surface charge, negative or positive, was 

compared using particles of similar size distribution, ligand shell compositions, and ζ-

potentials. For both NP– and NP+, the average core diameter is ~3÷4 nm, a size that 

is known to allow passive NP penetration within fluid membranes130,132,141. By QCM-

D investigation, the incorporation of NP– and NP+ into the lipid bilayer of POPC 

vesicles was confirmed and quantified at very similar adsorbed mass values. 

Furthermore, NP uptake was found to be stable and irreversible on a time scale of 

several hours. After checking the embedding of NPs into the zwitterionic bilayer, 

leakage assays performed on calcein-loaded vesicles incubated with NP– or NP+ 

revealed that NP-membrane interaction did not induce significant release of the inner 

dye. This evidence strongly suggests that membrane integrity is not disrupted during 

penetration of anionic and cationic amphiphilic NPs within zwitterionic membranes. 

These results are in good agreement with previous experiments by Liu et al.371, 

reporting that AuNPs functionalized by chemisorbed thiols (in their case 

mercaptopropionic acid and glutathione) do not cause calcein release from PC 

vesicles during passive incorporation into the bilayer.  

Leakage and QCM results discussed in this project were corroborated by 

coarse-grained MD simulations. On the one hand, the computational investigation 

revealed, at the molecular level, that the anchoring of charged ligands to the distal 

leaflet induces transient membrane deformations regardless of the charge sign. 

However, this partial destabilization has never been found to promote the permeation 

of calcein molecules through the bilayer. On the other hand, simulations have clearly 
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indicated that, at fixed surface charge density, anionic and cationic amphiphilic NPs 

share the same molecular mechanisms and energetics of interaction with the 

zwitterionic PC bilayer. This result is particularly significant for the cationic case, as a 

large body of literature (Section 1.2.3) supports that translocation of positively 

charged NPs across cell membranes induces a permanent or transient loss of bilayer 

integrity. 

These results are in line with the growing number of studies addressing the 

interaction between neutral lipid bilayers and charged molecules372–375. Here, the 

incorporation of both charged NPs within the core of the lipid bilayer was observed 

to only transiently perturb membrane integrity, an interaction mechanism similar to 

charged amino acids376 and positive and negative atomic ions (i.e. Na+ and Cl–)377. 

Moreover, the calculated free energy barriers for the translocation of anionic or 

cationic NP ligands across the PC bilayer are also in reasonable agreement with those 

calculated, by all-atom simulations, for charged amino acids376 and Na+ and Cl–377.  

In general, the experiments and simulations discussed in this project clearly 

show that the opposite sign of the NP surface charge does not lead to a different 

outcome of the interaction between anionic or cationic amphiphilic NPs and 

zwitterionic bilayers. Notably, both charged amphiphilic NPs are observed to 

passively and nondisruptively penetrate fluid PC membranes. These results suggest 

that, when considering the interaction between neutral lipid membranes and small 

amphiphilic NPs that share similar core size distribution and charged ligand content, 

the sign of the NP surface charge does not differentiate their behavior at the 

membrane interface. Other intrinsic characteristics of NPs, such as core size or shape, 

and the design of the surface monolayer in terms of ligand length, surface density, 

and patterning, likely have a greater impact on the mechanisms of nonspecific NP-

membrane interactions. 

 

o Effect of NPs on the membrane lipid phase separation  

The second project discussed in this thesis concerns the behavior of small, 

amphiphilic, and negatively charged AuNPs interacting with phase-separated model 

membranes. This study is one of the very first aimed at elucidating experimentally the 

influence of nonspecific NP-membrane interaction on the membrane phase 

separation. By means of AFM imaging and QCM-D experiments, the same anionic 

AuNPs used in project 1 (NP−) were observed to significantly perturb the lateral lipid 

organization of neuronal model plasma membranes enriched in zwitterionic 
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phospholipids and containing gangliosides. Indeed, NP−, which have been previously 

shown to passively and nondisruptively enter zwitterionic lipid bilayers1, reported a 

sharp tendency to alter the stability of ordered membrane domains, leading to their 

suppression. Also, experiments revealed that NP− form stable, diffuse, and partially 

embedded aggregates in the lipid bilayer. Within these NP-lipid aggregates, NP−  are 

organized into peculiar, highly ordered two-dimensional lattices. 

Further experiments on control membranes revealed that the ability of NP− 

to destabilize the lipid phase separation depends on their concentration in the 

membrane: when NP uptake is very abundant, as in model neuronal membranes, the 

ordered – disordered phase separation disappears. An effective thermodynamic 

model based on MD simulations, but validated by experiments, was developed to 

elucidate the driving force behind the effect of NPs on lateral lipid segregation.  This 

model shows that the change in lipid-lipid enthalpy between the phase-separated and 

the mixed (domain-lean) lipid state, with and without NPs, is the dominant 

physicochemical indicator of the influence that NP-membrane interaction will have 

on lipid phase separation. The model is simple, yet of general application: after 

successful testing on control systems (three different NP-bilayer compositions), its 

applicability is strongly believed to be extendible with equal validity to any bilayer-

embedded NP with nanometric dimensions comparable to the bilayer thickness. 

The thermodynamic model developed in this study can be used as an effective 

tool to predict whether a specific NP will tend to stabilize or destabilize the phase 

separation of multidomain lipid membranes. The same approach may be used to study 

the influence on lateral lipid heterogeneity by other inclusions embedded in the 

bilayer, such as membrane-bound peptides and proteins378,379. Indeed, it is now 

known that some transmembrane proteins can stabilize lipid rafts380,381, while others 

can induce their destabilization382. In some cases, these opposing tendencies may even 

distinguish the behavior of the same protein in slightly different lipid membranes. For 

instance, the hydrophobic helical peptide gramicidin-A has been reported to partition 

in the disordered phase of DOPC/DSPC/chol bilayers and then, depending on the 

lipid ratio, to stabilize or destabilize the lipid phase separation382. 

In addition to the NP effect on the lipid phase separation, the formation of 

ordered NP− aggregates within the bilayer has been addressed. The ligand snorkeling 

ability that characterizes small amphiphilic AuNPs during penetration and 

stabilization within lipid bilayers closely resembles the snorkeling effect adopted by 

some transmembrane peptides or protein segments150. Indeed, there is a close analogy 

between the configuration assumed by many transmembrane proteins and that of 
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NPs snorkeled in the bilayer. Moreover, even the physicochemical factors governing 

protein-protein aggregation in lipid membranes exhibit strong similarities to the 

behavior of bilayer-embedded amphiphilic AuNPs. For instance, the presence of a 

hydrophobic mismatch between the protein, or NP, and the host lipid phase can 

induce proteins, or NPs, to aggregate381,383. Protein- or NP-induced membrane 

curvature can also induce aggregation to minimize membrane deformation. In the 

case of amphiphilic NP– used in this project, MD simulations revealed that the 

conformational flexibility of surface ligands, which is greater than that of proteins, 

contributes to stabilizing NP− aggregates: after interparticle aggregation has occurred, 

the ligands all reorient around the NP− and ion-stabilized transient water nanopores 

form within the interstitial space between adjacent NP−. However, a comprehensive 

analysis of the different driving forces governing NP aggregation in PC-based bilayers 

is still lacking and further investigation is needed. Given the need for a molecular-

level interpretation of this phenomenon at the nanoscale, simulations will play a 

crucial role in this investigation. 

 

o Influence of membrane stiffening in passive NP uptake 

This study, which is still in progress, has primarily focused on the effects of 

membrane fluidity changes on the passive incorporation of amphiphilic NPs. To date, 

several studies have addressed this aspect of NP-membrane interaction focusing 

mainly on the impact of temperature in promoting NP penetration within bilayers 

composed of saturated phospholipids, such as DPPC142 and DSPC132. However, 

when mammalian plasma membranes are considered, other factors, far more 

neglected than temperature variation in studies involving NPs, contribute to modulate 

lipid bilayer fluidity. Among these, the variable membrane cholesterol content 

considered in this study plays a key role. The amphiphilic AuNPs employed in this 

project share the same negatively charged coating as those used in the first two 

projects; however, they exhibit much narrower core size dispersion and thus a more 

uniform behavior in spontaneous penetration into lipid bilayers141. By means of a 

comparative QCM-D investigation, the ability of fluid membranes with increasing 

cholesterol content in internalizing NPs was systematically quantified. The 

experiments revealed that the peculiar ability of these small amphiphilic AuNPs to 

passively and nondisruptively translocate within lipid bilayers is not arrested in the 

considered cholesterol concentration range, i.e. 15÷52 mol %, which is representative 

of the cholesterol content in mammalian plasma membranes. More importantly, the 

progressive cholesterol-induced increase in bilayer stiffness was revealed to have a 
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strong impact on the equilibrium amount of embedding NPs: indeed, NP uptake was 

severely reduced by the increasing cholesterol content. For the first time, an 

experimental quantification of cholesterol-tuned variation in NP uptake has been 

provided. Furthermore, some additional experiments were performed to understand 

how, in turn, the NP uptake affects the physical state of the bilayer. This aspect, more 

extensively studied and widely debated in the literature, is still under development. 

Further investigation will certainly need interpretation at the molecular level to 

determine the changes in the energetics of NP-bilayer interaction and to elucidate the 

interaction mechanisms occurring between NPs, cholesterol, and phospholipids.  

Overall, this study presents an important applicative perspective. Indeed, 

quantitative characterization of the ability of amphiphilic NPs to passively penetrate 

multiple types of cell membranes, with different degrees of fluidity, is crucial to 

develop biomedical technologies that rely on NP-assisted intracellular administration 

of site-specific therapies in the optimal dosage ranges. Furthermore, variability in 

membrane cholesterol concentration can be exploited in the selective targeting of 

cancer cells by amphiphilic NPs for advanced drug delivery applications. 

Future perspectives 

The results obtained in this work provide further evidence that the specific 

physicochemical features of both NPs (e.g. size and surface functionalization) and 

lipid bilayers (e.g. composition, morphology, and structure) play a crucial role in 

shaping the nano-membrane interaction. More efforts, however, need to be devoted 

to elucidating further aspects of this interaction necessary for the design of 

amphiphilic NPs as safe, versatile drug carriers or imaging probes. Future 

developments should include a structural investigation of the effects that embedded 

amphiphilic AuNPs have on the nanoscale organization, and thus phase behavior, of 

the surrounding bilayer. This study is particularly relevant to the project involving 

cholesterol-containing membranes described in Chapter 6. Indeed, such a structural 

analysis could clarify, along with a molecular-level interpretation provided by 

simulations, the fluorescence anisotropy results observed after NP/vesicle 

incubation. Finally, the work of this thesis can further develop into a mechanical 

characterization of lipid membranes upon interaction with NPs. The potential NP-

induced alteration of bilayer mechanical properties, such as bilayer compressibility, 

stiffness, and bending modulus, may represent a biologically relevant consequence of 

the impact that NPs have, directly or indirectly, on the functioning of several 

membrane components, including transmembrane proteins. 
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Appendix A – Nanoparticles 

When used, water was always purified with a Milli-Q ultrapure water system (18.2 

MΩcm resistivity at 25 °C; MilliPore). 

A1) One-phase synthesis of AuNPs 

Materials. Hydrogen tetrachloroaurate (III) trihydrate (HAuCl4·3H2O, 

99.999 % trace metal basis), 1-octanethiol (OT,  98.5 %), (11-mercaptoundecyl)-

N,N,N-trimethylammonium bromide (TMA, 98 %), sodium borohydride (NaBH4, 

fine granular,  96 %), ethanol absolute (EtOH, > 99.8 %), anhydrous methanol 

(MeOH, 99.8 %), methanol ( 99.9 %), acetone ( 99.9 %), and 2-propanol ( 99.5 

%) were purchased from Sigma Aldrich and used without further purification unless 

otherwise stated. The anionic ligand 11-mercapto-1-undecanesulfonate (MUS, 93 %) 

was prepared in house as detailed in Appendix A3.  

Synthesis protocol. Before adding all chemicals, the solvent ethanol was 

purged in argon (Ar) for nearly 30 min. All the steps thereafter were performed in the 

presence of a gentle flow of Ar. Gold precursor HAuCl4·3H2O (0.225 mmol) was 

dissolved in ethanol (45 mL) at 0 °C in a 250 ml 2-neck round-bottomed glass flask. 

The solution was stirred with a magnetic bar (600-800 rpm) till complete dissolution 

of the salt. A thiol mixture (0.225 mol), composed of 1-octanethiol (OT, 0.075 mmol) 

and the ω-charged thiol (0.15 mmol, twice the amount of OT), was prepared in 

anhydrous methanol (5 mL, 0 °C). After mild sonication to ensure complete ligand 

dispersion, the thiol mixture was added to the gold solution and they were stirred 

together for 15 min before the addition of the reducing agent. During this time, the 

color and turbidity of the gold mixture changed from transparent yellow to turbid 

yellowish, indicating the formation of the polymeric gold-thiolate complex (Equation 

5, Section 3.1). NaBH4 (2.5 mmol, large excess) was dissolved in ethanol (50 mL, 0 

°C) and slowly added dropwise by using a syringe needle (optimized flux speed: 1.25 

mL/min). Upon reduction, the gold-thiol solution slowly darkened to reddish-black. 

After the complete addition of NaBH4, the solution was stirred for 3 h.  

NOTE: in the case of all-MUS and all-TMA AuNPs, 0.225 mmol of MUS and TMA 

were used, respectively. Amphiphilic NPs coated by homoligand shells were not used 

in experiments with lipid membranes. 
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NP washing. The reaction mixture was then placed in the refrigerator (-21 

°C) to precipitate the NPs overnight.  Different optimized washing protocols were 

adopted to wash cationic and anionic AuNPs, consisting of repeated overnight 

precipitations at -21 °C in EtOH, MeOH, and acetone for anionic AuNPs (MUS:OT 

and all-MUS monolayers), and in EtOH, MeOH, and 2-propanol for cationic AuNPs 

(TMA:OT and all-TMA monolayers). Two cleaning cycles per solvent were 

performed on each NP batch. Before each precipitation, NP dispersions were 

sonicated in an ultrasonic bath for ca. 5 min to promote the separation of NPs from 

unbound molecules, thus increasing the washing efficiency. Purified AuNPs were 

finally dried under high vacuum to obtain shiny dark powders stable in air. Before 

characterization and experiments with biomimetic membranes, amphiphilic AuNPs 

were suspended in water and diluted in buffer solution when specified.  

NP treatment before characterization and experiments with lipid 

membranes. Cationic TMA:OT AuNPs dispersed in water showed slightly less long-

term colloidal stability than anionic MUS:OT AuNPs (the former were used in the 

project of Chapter 4, while the latter were used in the projects of Chapters 4 and 5). 

Thus, TMA:OT NP dispersions were centrifuged (10 min at 11900 g) to remove the 

minority of unstable NPs and only the stable colored supernatant was kept for further 

use (DLS, ζ-potential, and NMR characterizations and experiments). All NP 

dispersions were finally filtered using a 20 nm pore size filter (Anotop® 10, Whatman) 

before interaction with lipid membranes. This step was particularly important for the 

fluorescence spectroscopy experiments reported in Chapter 4, where the potential 

presence of large entities such as dust and NP aggregates can give rise to undesired 

scattering phenomena. The concentration of filtered NP dispersions was accurately 

determined by UV-Vis absorption measurements (4 replicates), using a Jasco V-530 

spectrophotometer. Calibration curves were previously obtained with NP aqueous 

dispersions of known concentration prepared from dried powders (Figure 47). 

 

Figure 47. Calibration curves for one-
phase MUS:OT and TMA:OT AuNPs 
(2:1 molar feed ratio) used in the 
experiments of Chapters 4 and 5. These 
curves were elaborated by preparing NP 
aqueous dispersions of varying 
concentration and measuring their UV-
Vis absorption (λ=550 nm). UV-Vis 
spectra of MUS:OT and TMA:OT 
AuNPs are reported in Appendix A2.  
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A2) Characterization of one-phase AuNPs 

One-phase AuNPs were characterized by TEM, DLS, ζ-potential, 1H NMR, and UV-

Vis analyses. 

TEM. Bright-field transmission electron microscopy (BF-TEM) and high-

angle annular dark-field scanning TEM (HAADF‐STEM) analyses were performed 

to characterize the NP core morphology and size distribution. TEM images were 

collected by Dr. Rosaria Brescia (IIT, Genoa) using a Tecnai G2 F20 TWIN TMP 

TEM, operated at 200 kV. NP samples were prepared by suspending a small amount 

of NP powders in water; after sonication in a bath-type sonicator, few drops of diluted 

dispersions were deposited onto an ultrathin carbon-coated Cu grid. TEM results of 

one-phase AuNPs synthesized in this thesis are shown in Figure 23 and Table 3 

(Section 3.1.1). The NP mean diameter and standard deviation were calculated by 

assuming spherical morphology and by counting at least 300 particles with ImageJ 

software.  

DLS and ζ-potential. The NP hydrodynamic size after dispersion in water 

was measured by DLS. Average diameters were obtained from number distributions. 

DLS characterization was performed on all NPs prepared with the one-phase method; 

size results are reported in Table 3 (Section 3.1.1). NP ζ-potentials were evaluated 

from electrophoretic mobility measurements to assess the colloidal stability of NP 

dispersions before interaction with lipid membranes. For this reason, the ζ-potential 

analysis was performed on MUS:OT and TMA:OT AuNPs used in the experiments 

of Chapters 4 and 5. ζ-potential measurements were carried out in water and in the 

experimental buffer (pH 7.4) used in the project of Chapter 4; results are summarized 

in Table 4 (Section 3.1.1).  For NP size analysis, measurements were acquired at 2·10-

2 mg/mL since lower NP concentrations did not provide a good quality report; ζ-

potential acquisitions were carried out at 1·10-2 mg/mL. In all cases, NP dispersions 

were filtered and sonicated in an ultrasonic bath before analysis; in the case of 

TMA:OT AuNPs, before filtration NP dispersions were also centrifuged (see above). 

Uncertainties on average values were obtained using Student’s statistics, assuming a 

confidence level of 95 %. Both DLS and ζ-potential measurements were performed 

at room temperature using a Malvern Zetasizer Nano ZS instrument with a 173° 

detection angle (Malvern Instruments). 

1H NMR. NMR characterization of one-phase AuNPs was performed in 

collaboration with Dr. Chiara Lambruschini (DCCI, University of Genoa). In 

particular, NMR spectra of MUS:OT and TMA:OT AuNPs used in the projects of 
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Chapters 4 and 5 were recorded with a Varian Mercury Plus 300 (300 MHz for 1H) 

spectrometer equipped with ATB (USA) broadband probe at 27 °C using as internal 

standard tetramethylsilane (TMS, 0.00 ppm). All deuterated solvents were purchased 

from Sigma Aldrich and used without further purification. 1H NMR analysis was first 

used to confirm the purity of washed NPs (i.e. to verify the absence of unbound 

ligands). When ligands are grafted onto the NP surface, they only generate broad 

signals due to the complex gold core effect; although this is a demonstration of the 

effective bond between gold and thiols, it prevents an accurate and quantitative 

interpretation of integrated peaks384,385. For this control, NPs (ca. 5 mg) were 

dispersed in MeOH-d4 (600 μL), the sample was sonicated for 30 min and the 1H 

NMR spectrum was acquired. The absence of clear and sharp peaks indicated that no 

unbound ligands were present for both MUS:OT and TMA:OT AuNPs. 

Subsequently, the Au core was etched with a large iodine excess to quantify the ligand 

shell composition. This procedure induces the decomposition of the NP core by 

releasing all thiolated ligands as free disulfides286,287. MUS:OT AuNPs (ca. 5 mg) were 

dispersed in the etching solution (I2 in MeOH-d4, 0.5 mg/mL, 600 μL) and the 

mixture was sonicated for 30 min. Minor modifications were applied to the 

preparation of TMA:OT samples. As reported above, aqueous dispersions of cationic 

AuNPs (ca. 5 mg in 2 mL water) were centrifuged before NMR characterization to 

remove unstable NPs. The stable supernatant was kept and evaporated to dryness. 

The residue was taken up in DMSO-d6 (600 μL), I2 (1.6 mg) was added, and the 

mixture was sonicated for 30 min to etch the gold core. In both cases, a black 

precipitate (Au aggregates) was formed and only the clear orange solution was 

transferred into 5 mm NMR tubes and analyzed. 1H NMR spectra were then acquired 

(delay: 60 s, acquisition time: 4 s, number of scans: 1024). Post-acquisition processing 

was performed with MestReNova (Mestrelab research v. 11.0): manual phase 

correction, 264 k zero filling, 3rd order polynomial baseline correction, apodization 

LB=0.1 Hz, and manual integration. Representative NMR spectra of iodine-etched 

MUS:OT and TMA:OT AuNPs are reported in Figure 48. After normalization on the 

number of nuclei and correction due to each contribution, the integral values were 

used to calculate the ratio between OT and the ω-charged ligand. Three spectra were 

repeated on separately weighed NP samples; uncertainties on average values were 

obtained using Student’s statistics, assuming a confidence level of 95 % (Table 4, 

Section 3.1.1). All details of ligand ratio calculation are thoroughly described in 

Appendix A5.   
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Figure 48. Expansion of 1H NMR spectra (with corresponding peak assignment) of iodine-etched 
a) MUS:OT and b) TMA:OT one-phase AuNPs (f1 stands for the chemical shift). Monolayers 
contain an average of 80 % and 72 % (mol %) of MUS and TMA, respectively. In solution, a 2:1 
MUS (or TMA):OT stochiometric feed ratio was used. Image (a) by Canepa et al.2 (published by The 
Royal Society of Chemistry) licensed under CC BY-NC 3.0 and image (b) by Canepa et al.1 licensed 
under CC BY 4.0; minor changes were made in both cases. 

UV-Vis. The LSPR absorptions of one-phase MUS:OT and TMA:OT AuNPs 

employed in Chapters 4 and 5 were characterized by UV-Vis spectroscopy using a 

Jasco V-530 spectrophotometer. NP powders were first dispersed in water (0.125 

mg/mL), mildly sonicated in an ultrasonic bath, and finally transferred into a quartz 

cuvette for analysis. UV-Vis spectra reported in Figure 49 show the characteristic 

LSPR peak of sub-6 nm AuNPs at around 550 nm. 

https://creativecommons.org/licenses/by-nc/3.0/
https://creativecommons.org/licenses/by/4.0/


• Appendix A 
 

• 110 • 

 

 

 

Figure 49. Expansion of the UV-Vis 
spectra of one-phase MUS:OT and 
TMA:OT AuNPs (2:1 molar feed 
ratio) used in the experiments of 
Chapters 4 and 5. MUS:OT AuNPs 
have a mean core diameter of 2.7 nm, 
while TMA:OT AuNPs of 4.5 nm 
(Table 3, Section 3.1.1). 

 

A3) Synthesis and characterization of MUS ligand 

Materials. All the chemicals indicated in the following protocols were 

purchased from Sigma Aldrich and used without further purification unless otherwise 

stated.  

Synthesis protocol. The anionic ligand 11-mercapto-1-undecanesulfonate 

(MUS) used in the one-phase synthesis described in Appendix A1 was home 

synthesized with the precious contribution of Dr. Chiara Lambruschini (DCCI, 

University of Genoa). A modified literature procedure was used (Figure 50)144,285. In 

particular, we optimized the thiol-ene reaction (step 2) and calculated the purity of 

MUS by quantitative NMR (qNMR). 

 

Figure 50. Reaction scheme of the MUS synthesis. This procedure is divided into three steps, which 
are detailed below. Image by Canepa et al.2 (published by The Royal Society of Chemistry) licensed 
under CC BY-NC 3.0. 

 

 

https://creativecommons.org/licenses/by-nc/3.0/
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1) Synthesis of sodium undec-10-ene-1-sulfonate 

 

To a solution of sodium sulphite (5.77 g, 184.5 mmol) in a mixture of MeOH (40 mL) 

and water (90 mL), benzyltriethylammonium bromide (13 mg, 0.05 mmol) and 11-

bromo-1-undecene (5 mL, 22.8 mmol) were added. The resulting solution was stirred 

for 48 h under reflux, then it was extracted with Et2O (80 mL × 5), the aqueous layer 

was evaporated, and the resulting white solid was further dried under high vacuum. 

To remove inorganic salts, the solid was suspended in MeOH (150 mL) and the 

solution collected after filtration was evaporated. This step was repeated twice, and 

the desired product was obtained as white solid (4.176 g, yield 71 %, purity qNMR 76 

%) and directly used in the next step. 1H NMR (300 MHz, D2O) chemical shift (δ) 

characterization: δ 5.79 (ddt, J=17.0, 10.2, 6.7 Hz, 1H, CH=CHcisHtrans), δ 4.92 (ddt, 

J=17.3, 2.2, 1.6 Hz, 1H, CH=CHcisHtrans), δ 4.84 (ddt, J=10.2, 2.4, 1.1 Hz, 1H, 

CH=CHcisHtrans), δ 2.83–2.67 (m, 2H, CH2CH2SO3Na), δ 1.98–1.83 (m, 2H, 

CH2CH=CH2), δ 1.68–1.50 (m, 2H, CH2CH2SO3Na), and δ 1.36–1.08 (m, 12H, 

6×CH2). 

 

2) Synthesis of sodium 11-(acetylthio)undecane-1-sulfonate 

  

To a solution of sodium undec-10-ene-1-sulfonate (4.176 g, 16.28 mmol) in dry 

MeOH (75 mL, previously degassed with nitrogen) in a Pyrex tube under N2 

atmosphere, thioacetic acid (4.03 mL, 56.4 mmol) was added. The tube was placed 

into the Rayonet apparatus and irradiated under stirring at 300 nm for 16 h (14 lamps, 

8 W each) (see Table 8 for the optimization of this step). Then the solvent was 

evaporated and the excess of thioacetic acid was removed with n-heptane (5 mL × 4). 

The resulting beige solid was washed with Et2O (30 mL × 4) obtaining a white solid 

that was dried under high vacuum. The product was dissolved in MeOH (40 mL) by 

sonication in an ultrasonic bath and was further purified by adding active charcoal 

(600 mg). After stirring for 2 h, the charcoal was removed by filtration through a 

Celite plug and the solvent was evaporated. The desired product was obtained as 

white solid (6.588 g) and used directly in the next step. 1H NMR (300 MHz, D2O) 

chemical shift (δ) characterization: δ 3.00–2.81 (m, 4H, 2×CH2CH2S), δ 2.38 (s, 3H, 

CH3CO), δ 1.84–1.67 (m, 2H, CH2CH2S), δ 1.60 (p, J=7.1 Hz, 2H, CH2CH2S), and δ 

1.51–1.22 (m, 14H, 7×CH2). 



• Appendix A 
 

• 112 • 

 

Table 8. Optimization of the reaction time and the number of lamps for the thiol-ene reaction. For 
this step, a Rayonet apparatus was used. The optimized combination is reported in bold.  

Entry Number of lamps (300 nm) Time Conversion (1H NMR) 

1 8 14 h 60 % 

2 15 20 h 100 % 

3 14 16 h 100 % 
 

3)  Synthesis of sodium 11-mercapto-1-undecanesulfonate (MUS) 

 

A solution of sodium 11-(acetylthio)undecane-1-sulfonate (6.588 g, 19.8 mmol) in 1 

M HCl (75 mL) was stirred under reflux for 12 h. The mixture was cooled at 0 °C, 

then water (75 mL) and 1 M NaOH (35 mL) were added. The mixture was kept at 4 

°C overnight and the product crystallized as a viscous precipitate. After decantation 

of the clear supernatant, the resulting suspension was centrifuged (6500 rpm, 45 min) 

to favor the separation of the product. A white solid was collected and dried under 

high vacuum in the presence of P2O5, while the supernatant was subjected to three 

subsequent crystallizations and more product was obtained. The purity was checked 

for each batch (Table 9) and the purest one was used for the synthesis of one-phase 

MUS:OT and all-MUS AuNPs (purity qNMR 93 %). The qNMR protocol is reported 

in the next section. 1H NMR (300 MHz, D2O) chemical shift (δ) characterization: δ 

2.84–2.67 (m, 2H, CH2CH2S), δ 2.41 (t, J=7.1 Hz, 2H, CH2CH2S), δ 1.69–1.54 (m, 2H, 

CH2CH2S), δ 1.48 (p, J=7.1 Hz, 2H, CH2CH2S), and δ 1.36–1.08 (m, 14H, 7×CH2). 

Table 9. Purities of final MUS batches. The batch used for the one-phase synthesis of 2:1 MUS:OT 
and all-MUS AuNPs (Section 3.1) is reported in bold; anionic 2:1 MUS:OT AuNPs were used in the 
projects of Chapters 4 and 5. 

Batch Purity (qNMR) 

1 82 % 

2 93 % 

3 84 % 

4 87 % 
 

Characterization of MUS purity: qNMR protocol. The sample MUS (ca. 

10 mg) and the internal standard 3-(trimethylsilyl)propionic-2,2,3,3-d4 acid sodium 

salt (TMSP, ca. 10 mg) were precisely weighed into a vial, then D2O (600 µL) was 

added and the mixture was sonicated in an ultrasonic bath for 10 min. The clear 

solution was transferred into a 5 mm NMR tube and the 1H NMR spectrum was 

acquired (delay: 60 s, acquisition time: 4 s, number of scans: 64). Post-acquisition 

processing was performed with MestReNova (Mestrelab research v. 11.0): manual 
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phase correction, 264 k zero filling, 3rd order polynomial baseline correction, 

apodization LB=0.1 Hz, and manual integration. The purity was calculated by 

applying the following equation: 

                   𝑃 % =
𝑛𝐼𝑆𝑇𝐷 ∙ 𝐼𝑛𝑡𝑡 ∙ 𝑀𝑊𝑡 ∙ 𝑚𝐼𝑆𝑇𝐷

𝑛𝑡 ∙ 𝐼𝑛𝑡𝐼𝑆𝑇𝐷 ∙ 𝑀𝑊𝐼𝑆𝑇𝐷 ∙ 𝑚𝑆
 ∙ 𝑃𝐼𝑆𝑇𝐷     (10) 

where: n is the number of protons that give rise to the integrated signal, Int is 

the integral value of the signal used for the quantification, MW is the molecular 

weight, m is the weight (mass) and P is the purity of the internal standard. The 

subscript notations are ISTD for the internal standard, t for the target analyte, and S 

for the analyzed sample. 

A4) Synthesis of monodisperse AuNPs 

Materials. Hydrogen tetrachloroaurate (III) trihydrate (HAuCl4·3H2O, 0.2 % 

max. alkalis and other metals), oleylamine (C18-content 80-90 %), and n-octane (97 

%) were purchased from Acros Organics (Fisher Scientific). Tert-butylamine borane 

complex (tBAB, powder, 97 %), 1-octanethiol (OT,  98.5 %), (11-mercaptoundecyl)-

N,N,N-trimethylammonium bromide (TMA, 98 %), ethanol absolute (EtOH, > 99.8 

%), dichloromethane (DCM,  99.8 %), acetone ( 99.9 %), and tetrahydrofuran 

(THF,  99.9 %) were purchased from Sigma Aldrich. All chemicals were used 

without further purification unless otherwise stated. The anionic MUS ligand285 and 

the branched form of OT, i.e. the 3,7-dimethyl-1-octanethiol (br-OT)133, were 

prepared in house at EPFL by other members of Prof. Stellacci’s group.  

Step 1: OAm-AuNP synthesis. All glassware was washed in aqua regia (3 

moles hydrochloric acid to 1 mole nitric acid) before use. The reaction mixture was 

continuously stirred (and heated, when needed) using a magnetic hotplate stirrer 

equipped with temperature control. Magnetic stirring was finely regulated at 300 rpm 

and the occurrence of temperature gradients was avoided by immersing the reaction 

flask in a thermostated water bath. HAuCl4·3H2O (0.5 mmol) was first dissolved in a 

solvent mixture of 16 mL OAm and 20 mL n-octane within a 100 ml 3-neck round-

bottomed glass flask. The flask was then sealed with rubber septums, abundantly 

flushed with Ar to exchange all air, and then placed in a sonicator bath for ca. 1 min 

before stirring at designed temperature. In particular, to obtain monodisperse OAm-

AuNPs with ~2÷4 nm mean core diameter, the reaction temperature was varied 

within the 22÷52 °C range (Figure 25, Section 3.2). A static Ar atmosphere was 

maintained throughout the NP synthesis. After ca. 10 min, a tBAB reducing solution 
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(0.5 mmol in 4 mL of OAm) was quickly added to the gold-OAm mixture. The 

immediate gold reduction was evidenced by the rapid color change of the reaction 

mixture from transparent yellow to black. One hour after tBAB addition, ca. 40 mL 

of EtOH was added to quench the reaction and facilitate NP precipitation. The flask 

content was equally divided into (at least two) centrifuge tubes (50 mL capacity, 

polypropylene, conical bottom) and final OAm-AuNPs were collected by 

centrifugation at 5000 g for 10 min.  

NOTE: OAm-AuNPs of ~5 nm mean core diameter were obtained at RT  (22 °C ) 

by following a slightly modified scale-up version of this protocol. The reaction was 

carried out in a 500 mL 3-neck round-bottomed glass flask and the magnetic stirring 

was increased to 700-800 rpm. HAuCl4·3H2O (2 mmol) was dissolved in a solvent 

mixture of 34 mL OAm and 50 mL n-octane, while tBAB (2 mmol) was solubilized 

in 16 mL OAm. In this case, ca. 100 mL of EtOH was added to separate final AuNPs 

from the reaction solution. 

Hydrophobic NP washing. Three more washing cycles in EtOH were 

performed to purify OAm-AuNPs. Before each centrifugation (5000 g, 10 min), NPs 

were redispersed in a small volume of DCM (~5 mL) and diluted in fresh EtOH. 

Both after DCM and EtOH addition, NP dispersions were vortexed and sonicated in 

an ultrasonic bath to promote the removal of unbound ligands. Final OAm-AuNPs 

were dried under high vacuum to obtain shiny dark powders. Despite OAm-AuNPs 

are stable in air for several months, the following thiol-for-OAm ligand exchange was 

always performed within a few days of storage. 

Step 2: thiol-for-OAm ligand exchange. Thiol-for-OAm ligand exchange 

was performed at RT. A concentrated NP dispersion was prepared by dispersing ca. 

30 mg of hydrophobic OAm-AuNPs in 5 mL of DCM. In a separate glass vial (40 

mL capacity), a large excess (0.1 mmol) of the thiol mixture was dissolved in 20 mL 

of DCM. In the case of heteroligand mixtures, preset ligand feed ratios (mol %) were 

used. While OT and br-OT are nicely soluble in DCM, ω-charged thiols (especially 

MUS) tend to form small aggregates that loosely dissolve to form turbid solutions. In 

all cases, an ultrasonic bath for several minutes of sonication was adopted before NP 

injection into the thiol vial under vigorous magnetic stirring (600 rpm). During the 

first 2 h of ligand exchange, the exchange mixture was mildly sonicated for ca. 30 s 

every half hour; the stirring was then left overnight. The same sonication procedure 

was repeated 2 h before NP washing. Successful replacing of OAm with amphiphilic 

(water-soluble) thiol shells was indicated by the different solubility in DCM of final 

AuNPs, which tend to slowly precipitate upon stirring removal.  
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NOTE: in the case of ligand exchange with only MUS (i.e. all-MUS AuNPs), a two-

phase system water:DCM (1:1 v/v) was used instead of DCM alone. While the 

concentrated OAm-NPs dispersion was prepared in DCM, MUS was nicely 

solubilized in water. The MUS-for-OAm ligand exchange was confirmed by NP 

displacement from the lower organic phase (DCM) to the upper aqueous phase, 

which separates upon stirring removal. 

Amphiphilic NP washing. After ~12-15 h, the exchange mixture was diluted 

in acetone (ca. 15 mL) and centrifugated (5000 g, 4 min) to speed up NP separation. 

Collected AuNPs were then redispersed in ca. 5 mL of fresh DCM, diluted in fresh 

acetone, and recentrifuged. Both after DCM and acetone addition, NP dispersions 

were vortexed and sonicated in an ultrasonic bath to promote the removal of 

unbound ligands (OAm and excess thiols). In total, 6 washing cycles in organic 

solvent were performed before vacuum drying to remove all DCM and acetone traces. 

After a few hours, dried AuNPs were dispersed in water (ca. 15-20 mL) and 

transferred into a hydrated AMICON® ultra centrifugal tube (regenerated cellulose 

membrane, 10 kDa cutoff molecular weight). NP dispersions were then centrifuged 

(4000 g, 6 min) to filter off the excess of water-soluble ω-charged thiol. This cleaning 

process was repeated at least 10x; in between each cycle, NP concentrated dispersions 

were rediluted in fresh water, vortexed, and sonicated.  

NOTE: using AMICON® tubes, the absence of foaming when agitating the aqueous 

waste of final centrifugation is a good indication of complete removal of amphiphilic 

molecules such as MUS and TMA. 

To turn final AuNPs into a manageable powder, concentrated NP aqueous 

dispersions were transferred into a 15 mL centrifuge tube, diluted in THF, and 

ultracentrifuged at 14500 g for 10 min. Alternatively, to avoid THF addition, NP 

aqueous dispersions were freeze-dried. In all cases, at least two days of vacuum drying 

were waited before storing NP powders in air. Before characterization, monodisperse 

amphiphilic AuNPs were suspended in water and diluted in buffer solution when 

specified. 

NP treatment before characterization and experiments with lipid 

membranes.  Unlike the previous case, water dispersions of monodisperse 

amphiphilic AuNPs were not filtered before characterization and interaction with 

lipid membranes. In particular, only 2:1 MUS:OT AuNPs were used in the 

experiments described in Chapter 6. These NPs showed remarkable long-term 

colloidal stability in water and their dispersions did not require further manipulation 

before use. To confirm the absence of aggregates or dust in the fluorescence 
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spectroscopy measurements reported in Chapter 6, DLS characterization was 

performed prior to all experiments. 

A5) Characterization of monodisperse AuNPs 

Monodisperse AuNPs, before and after thiol-for-OAm ligand exchange, were 

variably characterized by TEM, DLS, ζ-potential, and 1H NMR analyses. 

TEM. BF-TEM images were collected with the precious contribution of 

Matteo Gasbarri (EPFL, Prof. Stellacci’s group) by using a FEI Tecnai Osiris operated 

at 200 kV. TEM characterization was performed on all NP batches before and after 

thiol-for-OAm ligand exchange. NP samples were prepared by suspending a tiny 

amount of NP powders in DCM and water, respectively. After sonication in an 

ultrasonic bath, few drops of diluted dispersions were deposited onto an ultrathin 

carbon-coated Cu grid. Representative TEM images of hydrophobic OAm-AuNPs 

and amphiphilic thiol-protected AuNPs are shown in Figure 28 and Figure 29 (Section 

3.2.1), respectively. Table 5 (Section 3.2.1) reports the average TEM core size of 2:1 

MUS:OT AuNPs used in the project of Chapter 6 (corresponding TEM images are 

reported in Figure 30, Section 3.2.1). In all cases, the core mean diameter and standard 

deviation were calculated by assuming spherical morphology and by automatically 

counting a few thousand (at least 1000) particles with ImageJ software.  

DLS and ζ-potential. As for one-phase AuNPs, both DLS and ζ-potential 

analyses were performed at room temperature using a Malvern Zetasizer Nano ZS 

instrument (Malvern Instruments, UK). Average hydrodynamic diameters (from 

number distributions) and ζ-potentials were characterized only for anionic 2:1 

MUS:OT AuNPs used in the experiments with lipid membranes (Chapter 6). 

Measurements were performed in water and the experimental buffer (PBS, 1x, pH 

7.4); results are reported in Table 5 (Section 3.2.1). NP concentrations of 3·10-1 

mg/mL and 2·10-1 mg/mL were used for size analysis in water and in buffer, 

respectively. ζ-potential acquisitions were performed at 7·10-2 mg/mL in water and 

1·10-1 mg/mL in buffer. In all cases, NP dispersions were sonicated in an ultrasonic 

bath before analysis. Uncertainties on average values were obtained using Student’s 

statistics, assuming a confidence level of 95 %.  

1H NMR. NMR spectra of amphiphilic AuNPs were acquired in a Bruker 

AVIII400 UltraShield Plus (400 MHz for 1H) spectrometer. All deuterated solvents 

were purchased from Sigma Aldrich and used without further purification. NMR 

characterization was systematically performed only after thiol-for-OAm ligand 
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exchange. As for one-phase AuNPs, 1H NMR analysis was first used to confirm the 

absence of unbound ligands (OAm and thiols). For this control, NPs (4-5 mg) were 

dispersed in D2O (800 µL), sonicated for ca. 20 min, transferred into a 5 mm NMR 

tube, and the 1H NMR spectrum was acquired. The absence of sharp peaks 

demonstrated the effectiveness of the adopted washing protocol in removing all 

unbound ligands. A representative spectrum of amphiphilic AuNPs before iodine 

etching is reported in Figure 51.  

 

Figure 51. Representative NMR spectrum of MUS:OT AuNPs before decomposition of the Au core 
(f1 stands for the chemical shift). This spectrum clearly shows the peak-broadening effect of ligands 
owing to the complex chemical environment on the Au surface.  

Subsequently, the Au core was decomposed with a large excess of iodine to quantify 

the amount of hydrophobic thiol (OT or br-OT) in MUS:OT, TMA:OT, and 

MUS:br-OT mixed monolayers. A concentrated iodine solution was prepared by 

dissolving 15-20 mg of iodine in 800 µL CD3OD. After ca. 20 min of sonication to 

favor the complete solubilization of iodine, 800 µL of the etchant solution was added 

to 4-5 mg of NPs. The NP-iodine mixture was sonicated in an ultrasonic bath for ca. 

30 min before transferring the clear orange supernatant into a 5 mm NMR tube. 1H 

NMR spectra were then acquired with 32 scans; post-acquisition processing was 

performed with MestReNova (Mestrelab research v. 11.0): automatic phase 

correction, full auto (polynomial fit) baseline correction, and manual integration. 

Representative NMR spectra of iodine-etched MUS:OT, TMA:OT, and MUS:br-OT 

AuNPs are reported in Figure 52. In general, no residual trace of OAm was recorded 

in all spectra, thus confirming that the thiol-for-OAm ligand exchange has always 
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been complete. Full details on ligand ratio calculation are reported right after the 

NMR spectra.  
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Figure 52. Expansion of 1H NMR spectra (with corresponding peak assignment) of iodine-etched 
a) MUS:OT, b) TMA:OT, and c) MUS:br-OT AuNPs obtained via thiol-for-OAm ligand exchange. 
Mixed monolayers contain, respectively, 34 % OT % (I2: 35.3 %, I3: 31.8 %, I4: 33.7 %),  20 % OT 
% (I2: 18.7 %, I3: 20.4 %), and 13 % br-OT % (I2: 10.9 %, I3: 12.2 %, I4: 16.1 %). In solution, the 
corresponding feed % of the hydrophobic thiol (mol %) was 45 %, 75 %, and 45 %, respectively. 

Details on ligand ratio calculation. All peaks assignments were made on the basis 

of chemical shifts (ppm). In the case of OT-containing NPs, 3 is the number of 

protons giving rise to the peak at ~0.9 ppm, since it corresponds to the terminal 

methyl group (–CH3) of OT. The integral value of this signal is referred to as I1. When 

br-OT takes the place of OT, this peak corresponds to 9 protons (3 methyl groups 

due to two additional branches). As reported in each spectrum, the other peaks (with 

overall integral values I2, I3, and I4) are assigned to protons of either the hydrophobic 

or the ω-charged thiol. To calculate the relative OT (or br-OT) mol % in the 

amphiphilic monolayer, it is necessary to normalize I1 to 3 (or 9) and apply the 

following equations285,287:  

𝑂𝑇 % =
1

𝐼2 −10

14
 + 1

  100          (11) 𝑂𝑇 % or 𝑏𝑟– 𝑂𝑇 % =
1

𝐼3 (𝑜𝑟 𝐼4)−2

4
 + 1

 100    (13) 

 

𝑏𝑟– 𝑂𝑇 % =
1

𝐼2 −8

14
 + 1

  100   (12) 
 

 

These calculations assume that there is one arbitrary unit of OT (or br-OT) in the 

system. At least two of the previous equations were applied to each spectrum and the 
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molar yield (%) of the hydrophobic thiol was calculated as the average of the results. 

When uncertainties on average values are reported (Table 5, Section 3.2.1), NMR 

analysis was repeated on separately weighed NP samples; Student’s statistics was then 

applied assuming a confidence level of 95 %. 

Finally, NMR characterization was also performed on iodine-etched all-MUS and all-

TMA AuNPs (Figure 53).  

Figure 53. Expansion of 1H NMR spectra of iodine-etched a) all-MUS, and b) all-TMA AuNPs 
obtained via thiol-for-OAm ligand exchange of the same OAm-capped precursor. As expected, no 
methyl (–CH3) peak at ~0.9 ppm was detected in both cases indicating the presence of the 
hydrophobic thiol. Peak assignments of MUS and TMA ligands are the same as in Figure 52. 
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Appendix B – Model membranes  

Within this thesis, two types of model membranes have been considered, i.e. lipid 

vesicles and supported lipid bilayers (SLBs). The latter were obtained via vesicle 

fusion onto a hydrophilic solid substrate, i.e. mica or silicon for AFM measurements 

and silica (SiO2) for QCM experiments (Figure 16b, Section 1.3.6). Appendix B 

contains all protocols used for vesicle preparation and characterization. In general, 

vesicle preparation was based on the thin-film hydration method illustrated in Figure 

16a. Protocols used for SLB formation are included in the description of AFM and 

QCM-D sample preparation, which is addressed in Appendices C1 and C2.  

As for NP synthesis and characterization (Appendix A), when used, water was always 

purified with a Milli-Q ultrapure water system. 

B1) Preparation of unilamellar lipid vesicles 

Materials. Figure 54 illustrates the chemical structure of the membrane lipids 

used to prepare model lipid membranes.  

 

Figure 54. Chemical structures of the lipids used to prepare biomimetic membrane models. 

1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC, 16:0-18:1 PC, > 99 %), 

1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC, 18:1(ᐃ9-Cis) PC, > 99 %), 1,2-

dipalmitoyl-sn-glycero-3-phosphocholine (DPPC, 16:0 PC, > 99 %), sphingomyelin 

(SM, porcine brain, > 99 %), and ganglioside GM1 (ovine brain, sodium salt, > 99 %) 
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were purchased as lyophilized powders from Avanti Polar Lipids. Cholesterol (chol, 

 99 %, lyophilized powder), 2-[tris(hydroxymethyl)methylamino]-1-ethanesulfonic 

acid (TES,  99 %), L-histidine ( 99 %), ethylenediaminetetraacetic acid disodium 

salt (EDTA, 99 %), sodium chloride ( 99.5 %), 1,6-diphenyl-1,3,5-hexatriene (DPH, 

98 %), (1-(4-trimethylammoniumphenyl)-6-phenyl-1,3,5-hexatriene (TMA-DPH,  

96.0 %), chloroform (CHCl3,  99.5 %), methanol (CH3OH,  99.9 %), Sephadex® 

G-50 (fine powder), 3-(trimethylsilyl)propionic-2,2,3,3-d4 acid sodium salt (TMSP, 99 

%), phosphate buffered saline (PBS, 1x, pH 7.4), and deuterated solvents were 

purchased from Sigma Aldrich. Calcein (Merck,  96 %) was purchased from VWR 

International PBI. All chemicals were used without further purification.  

Zwitterionic lipid vesicles. Monocomponent zwitterionic lipid vesicles were 

prepared from POPC (Figure 54) and used in the fluorescence assays and QCM-D 

measurements described in Chapter 4. Lyophilized POPC was weighed in a glass vial, 

dissolved in CHCl3, and divided into aliquots. Lipid solutions were gently dried under 

a stream of nitrogen (N2) to form homogeneous thin films, which were put under 

vacuum in a desiccator for ca. 24 h to remove residual solvent. For membrane leakage 

assays, POPC films were hydrated at a lipid concentration of 1 mg/mL in a 175 mM 

calcein, 2 mM histidine, 2 mM TES buffer solution (adjusted to pH 7.4 using NaOH 

and HCl). This calcein concentration is self-quenched. Hydration was made easier by 

employing a bath-type sonicator for 10 min to form multilamellar lipid vesicles. 

Sonication is also helpful to promote the incorporation of all the lipid within the 

membrane. The multilamellar dispersion was then sonicated with a probe-type 

sonicator under N2 at room temperature for 15 min to obtain small unilamellar 

vesicles. To remove large lipid aggregates and titanium impurities (the latter derived 

from the sonicator probe), the vesicle preparation was centrifuged for 10 min at 11500 

g. Additional unilamellar calcein-loaded vesicles with larger diameter were prepared 

using the Avanti Mini-Extruder (Avanti Polar Lipids) illustrated in Figure 55a-b. In 

this case, after the hydration step in the ultrasonic bath, the lipid suspension was 

passed through a polycarbonate membrane (100 nm pore diameter) 11 times at room 

temperature (Figure 55b-c). Sonicated and extruded calcein-loaded vesicles were 

separated from the non-encapsulated dye by gel filtration using the minicolumn 

centrifugation technique268,269. Minicolumns (1.0 cm × 10 cm; Pierce) were filled with 

Sephadex® G-50 swollen in a 2 mM histidine, 2 mM TES, 100 mM NaCl, 1.0 mM 

EDTA buffer solution (adjusted to pH 7.4) and centrifuged twice for 1 min at 3000 

g to remove the excess buffer from the gel filtration medium. The vesicle preparation 

was then divided into aliquots of 100 µL per column and filtered by centrifugation at 

3500 g for 1 min. The lipid concentration after vesicle filtration was determined by 
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1H NMR, as described in the following section. For QCM-D measurements reported 

in Chapter 4, sonicated calcein-free POPC vesicles (3 mg/mL) were prepared using 

the 2 mM histidine, 2 mM TES, 100 mM NaCl, 0.1 mM EDTA buffer instead of the 

self-quenched calcein solution. All vesicle suspensions were stored at 4 °C and used 

within a few days; in the presence of calcein, vesicle batches were protected from light 

before use. 

 

Figure 55. a) Avanti Mini-Extruder kit commercialized by Avanti Polar Lipids; b) central extruder 
unit framed in (a) shown in its single components. Within this thesis, 100 nm pore size polycarbonate 
membranes (Nuclepore filters, Whatman) were used for all extrusions. c) Using this preparation 
technique, the size distribution of final vesicles depends on the number of passes through the 
extruder membrane. In general, at least 11 passes are performed to obtain homogeneous suspensions 
of monodisperse unilamellar vesicles. Images (a) and (b) are taken from avantilipids.com. 

Lipid concentration after gel filtration of zwitterionic vesicles. The 

phospholipid content in vesicle samples after the minicolumn filtration (see the 

previous section) was quantified by 1H NMR following with minor modifications the 

procedure reported by Hein et al.386. This analysis was performed with the 

contribution of Dr. Chiara Lambruschini (DCCI, University of Genoa). TMSP (0.00 

ppm) was used as internal standard.  200 µL of vesicle solution was directly mixed 

with 430 µL CD3OD, 100 µL CDCl3, and 15 µL 5.9 mM TMSP in D2O in a 5 mm 

NMR tube. After mixing, a clear and homogeneous solution was obtained and directly 

analyzed. After integration, the concentration of phospholipid was calculated and 

resulted to be 1.15 mM (0.9 mg/ml) of POPC. This concentration was diluted before 

the following leakage assays (Appendix D1). 

Details on concentration calculation. (H)PRESAT parameters: from –2.0 to 14.0 

ppm spectral window, presaturation of H2O peak (δ 4.6 ppm), 256 scans, 3.0 s 

https://avantilipids.com/divisions/equipment-products/mini-extruder-assembly-instructions
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relaxation delay. Post-acquisition processing was performed with MestReNova 

(Mestrelab research v. 11.0): manual phase correction, 264 k zero filling, 3rd order 

polynomial baseline correction, apodization LB=1.0 Hz, and manual integration. Peak 

assignments were made on the basis of chemical shifts. The following equation was 

employed to calculate the concentration of phospholipid: 

𝐶𝑃𝐿 =
3 ∙ 𝐶𝑆𝑡𝑑 ∙ 𝑉𝑆𝑡𝑑 ∙ 𝐼𝑃𝐿

2 ∙ 𝑉𝑃𝐿 ∙ 𝐼𝑆𝑡𝑑
    (14) 

where: CPL is the final concentration of phospholipid (mM), CStd is the 

concentration of TMSP (mM), VPL is the volume of phospholipid (µL), VStd is the 

volume of TMSP (µL), IPL is the integral value of terminal CH3 of phospholipid (δ 

0.90 ppm) and IStd is the integral value of TMSP (δ 0.00 ppm). 

Multidomain lipid vesicles. Vesicles showing lateral lipid phase separation 

– commonly referred to as multidomain vesicles – were used in the AFM and QCM-

D measurements described in Chapter 5. Multidomain vesicles were prepared from 

three lipid mixtures spontaneously exhibiting ordered – disordered phase 

immiscibility: DOPC:SM:chol:GM1 63:31:1:5320, DOPC:SM:chol 66:33:1320, and 

DOPC:DPPC:chol 40:40:20322 (Figure 54). All compositions are reported as molar 

ratios and are referred to as M1, M2, and M3, respectively. Briefly, stoichiometric 

quantities of the lipid components – previously dissolved in CHCl3:CH3OH (2:1, v/v) 

– were mixed, gently stirred for a few minutes to promote homogenization, and then 

dried under a gentle N2 flux. The solvent evaporation was performed at 60 °C, above 

the transition temperature of all the lipids in the mixture. The dried lipid film was 

stored one day under vacuum and resuspended in water at a lipid concentration of 

0.5 mg/mL. For QCM-D measurements, the film was hydrated to a lipid 

concentration of 1 mg/mL in PBS to help the merging of the vesicles on the sensor 

of the QCM-D chamber (Appendix C2)387. All lipid suspensions were first sonicated 

in an ultrasonic bath for 15 min at 60 °C and thereafter extruded 11 times at the same 

temperature to form unilamellar vesicles. Extrusion was performed using the Avanti 

Mini-Extruder reported in Figure 55. All vesicle suspensions were stored at 4 °C and 

used within a few days. The morphology of the lipid phase separation in multidomain 

membranes was characterized by AFM imaging after SLB deposition; results are 

reported in Figure 34 (Section 5.3.2). 

Lipid vesicles with progressive bilayer stiffening. Lipid vesicles with 

varying membrane fluidity were used in the fluorescence assays and AFM and QCM-

D measurements described in Chapter 6. Samples were prepared at room temperature 

by adding increasing amounts of cholesterol to fluid membranes composed of DOPC 
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(Figure 54). As described in Section 1.3.4, the incorporation of cholesterol within lipid 

bilayers consisting of unsaturated lipids reduces membrane fluidity. Briefly, 

lyophilized DOPC was weighed in a glass vial, dissolved in CHCl3:CH3OH (2:1, v/v), 

and divided into aliquots. Stochiometric amounts of cholesterol – previously 

dissolved in the same solvent mixture  – were added to DOPC aliquots to set the chol 

mol % to 17, 30, 33, 40, 50, 60 %. After gently mixing for a few minutes to 

homogenize each sample, the solvent was evaporated under a stream of N2. Residual 

CHCl3:CH3OH traces were removed under vacuum for ca. 24 h. The lipid films were 

then hydrated at a lipid concentration of 2 mg/mL in PBS. To ensure that all the lipid 

was incorporated within the membrane and to promote the formation of 

multilamellar vesicles, hydrated samples were subjected to a brief period (ca. 15 min) 

of sonication at room temperature in an ultrasonic bath. Subsequently, each lipid 

suspension was extruded 19 times at room temperature (Figure 55). In the case of 

fluorescence anisotropy assays, the fluorescent labeling of the bilayer was obtained by 

adding small aliquots of DPH and TMA-DPH probes to DOPC/chol organic 

mixtures. The probe-to-lipid molar ratio was set to 1:1000388 and 1:500389, 

respectively. Highly concentrated stock solutions of the probes were previously 

prepared in CHCl3:CH3OH (2:1, v/v). Such relatively low DPH and TMA-DPH 

molar fractions were chosen to yield adequate signal to noise ratio and avoid any 

probe-induced perturbation of the bilayer structure. Upon hydration of labeled lipid 

films, both fluorophores are known to readily separate from aqueous dispersions to 

intercalate into the lipid bilayer, accompanied by strong fluorescence enhancement390. 

The amount of probe partitioning in water solution was considered negligible due to 

the high lipid-water partition coefficient (Kp) of DPH and TMA-DPH (Kp=1.3106 

and 2.4105, respectively391) and to the low probe-to-lipid molar ratio used in vesicle 

preparation. All vesicle suspensions were stored at 4 °C and used within a few days; 

batches containing fluorescent probes were also protected from light till further use. 

Estimated cholesterol content into the extruded DOPC bilayer. The vesicle 

phospholipid:chol composition is not equal to the lipid ratio before film hydration. 

Indeed, the actual cholesterol content in the vesicle bilayer is always lower than the 

nominal content added in solution, and in general, the gap between the two values 

increases with increasing cholesterol. A robust and accurate determination of the de 

facto cholesterol content in DOPC/chol vesicles extruded as in this thesis was 

reported by Goñi et al.392 Based on the incorporation efficiency derived from data of 

ref.392 – determined in the 0÷67 mol % chol range – the cholesterol content of vesicles 

used in Chapter 6 was estimated as reported in Table 10. These estimated cholesterol 
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mol % are reported in Chapter 6 and in Appendix B2 instead of the nominal values 

used in vesicle synthesis. 

Table 10. Average estimated cholesterol content in DOPC/chol vesicles extruded using Nuclepore 
filters (0.1 μm pore diameter) at room temperature and pH 7.4. According to ref.392, the standard 
deviation relative to estimated concentrations is within 15 % of the mean value. 

Nominal mol % chol Estimated mol % chol 

17 15 

30 26 

33 29 

40 35 

50 43 

60 52 
 

B2) Characterization of unilamellar lipid vesicles 

DLS and ζ-potential. DLS and ζ-potential measurements were performed at 

room temperature using a Malvern Zetasizer Nano ZS instrument with a 173° 

detection angle (Malvern Instruments). All measurements were carried out right after 

extrusion or probe-type sonication, without diluting final vesicle suspensions 

(Appendix B1). The vesicle hydrodynamic diameter was assessed by DLS from 

number distributions; size results are reported in Table 11 and Figure 56.  In the case 

of zwitterionic POPC vesicles and M1 multidomain vesicles, additional ζ-potential 

measurements were performed to characterize the vesicle surface potential before 

experiments with NPs. The ζ-potential was −5.5  0.4 mV (experimental buffer, 

pH 7.4) and −64 ± 3 mV (water) for POPC and M1 vesicles, respectively; 

uncertainties on average values were obtained using Student’s statistics, assuming a 

confidence level of 95 % (n=9). 

Table 11. Hydrodynamic diameters (nm) of freshly prepared unilamellar lipid vesicles measured by 
DLS. Uncertainties on average values were obtained using Student’s statistics, assuming a confidence 
level of 95 % (n=12). 

Model  Lipid composition  
(molar ratio) 

Probe-type 
sonicated vesicles  

Extruded  
vesicles 

Zwitterionic vesicles a POPC  23 ± 2 nm 105 ± 6 

 
Multidomain vesicles b 

M1 DOPC:SM:chol:GM1 63:31:1:5  only extruded 108.7 ± 1.4 

M2 DOPC:SM:chol 66:33:1  only extruded 102.8 ± 0.7 

M3 DOPC:DPPC:chol 40:40:20 only extruded 101.8 ± 0.5 

Vesicles with progressive 
bilayer stiffening c 

DOPC:chol 100:0÷48:52 only extruded Figure 56 

 

a in the experimental buffer (pH 7.4) after gel filtration (Appendix B1). 
b in water. 
c in PBS (1x, pH 7.4). 
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Figure 56. Hydrodynamic diameters 
(nm) of lipid vesicles composed of 
DOPC and increasing amounts of 
cholesterol (final size range: 129÷142 
nm). Single diameters were averaged 
over all vesicle preparations in PBS 
used for fluorescence and QCM 
measurements (Chapter 6). Given the 
copious amount of prep and data, 
error bars refer to the standard errors.  
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Appendix C – AFM and QCM-D  

AFM and QCM-D investigations of the NP-membrane interaction were performed 

for the projects described in Chapters 5 and 6, in which multidomain bilayers and 

bilayers with progressive membrane stiffening were studied, respectively. QCM-D 

measurements were also carried out for the project reported in Chapter 4, where 

zwitterionic POPC membranes were employed.  

When indicated, phosphate buffered saline (PBS) 1x at pH 7.4 and water purified with 

a Milli-Q ultrapure water system (see Appendix A) were used. 

C1) AFM: sample preparation and measurements 

AFM analysis. AFM investigation was performed in liquid using two 

microscopes: 1) a Multimode SPM equipped with “E” scanning head (maximum scan 

size 15 μm) and driven by a Nanoscope V controller (Digital Instruments-Bruker), 

and 2) a Nanowizard III AFM (JPK Instruments) mounted on an Axio Observer D1 

inverted optical microscope (Carl Zeiss). In these microscopes, the scanning 

mechanism is attached to the sample stage and the probe holder, respectively (Section 

2.1). In all experiments, V-shaped silicon nitride cantilevers (DNP-10, cantilever C, 

Bruker) were used (nominal spring constant: 0.24 N/m; drive frequency in liquid: 12-

14 kHz; 0.5-1.5 Hz scan rate).  All AFM measurements were performed at room 

temperature. 

- In Chapter 5, AFM imaging in liquid (tapping mode, Bruker Multimode) was 

performed to study both the morphology of multidomain SLBs and the effect 

of amphiphilic NPs on the membrane lateral phase separation. 
 

- In Chapter 6, contact-based QITM in liquid (Nanowizard, JPK) was exploited 

to map the Young’s modulus of SLBs with progressive membrane stiffening. 

Additional imaging (Nanowizard, JPK) was performed in tapping mode to 

obtain topographic images at higher resolution. All AFM measurements 

reported in this chapter were performed in the absence of NPs. 

For the QI characterization of model membranes discussed in Chapter 6, QI images 

(5 × 5 µm2 scan size) based on 128 × 128 force curves were collected after cantilever 

calibration with the thermal noise method (Section 2.1)245,393. Very short force curves, 

with low tip-sample interaction, were acquired for each scan point to obtain small 
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bilayer indentations (setpoint or loading force: 0.6 nN; Z length: 50 nm; speed 10 

µm/s; data acquisition rate: 200 kHz; extend/retract time: 2 ms). These parameters 

are also recommended to minimize tip contamination by the lipid and preserve the 

tip and the sample from damage. A typical force spectroscopy experiment is illustrated 

in Figure 57. The Young’s modulus of SLBs was determined by fitting the force vs 

tip-sample separation curves (one for each pixel) with the well-known Hertz model 

described in ref 247 ( JPK application note) (Equations 15-18 and Figure 57). The Hertz 

model is valid only for small indentations that do not exceed ~20 % of the sample 

thickness; it is commonly used in the case of spherical indenters and biological 

samples394.  

 

Figure 57. Cartoon (not to scale) illustrating a typical force spectroscopy experiment used in this 
thesis on SLBs: 1. the tip and the SLB are not interacting, 2. the bilayer is elastically deformed by the 
AFM tip until 3. the loading force (i.e. the setpoint) is reached. After step 3, the tip is retracted to the 
initial position 1 for the next curve acquisition (in contact-based QI imaging, this experiment is 
repeated for each scanned point). Since the Young’s modulus describes the linearity between stress 
and strain in the elastic regime,  the setpoint is kept much lower than the breakthrough force (which 
is typically of several nN). During the breakthrough event, the tip indents the bilayer and comes into 
contact with the substrate; such event marks the onset of the bilayer plastic deformation regime395.  

          𝐹 =
𝐸

1−2
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                  𝑎 = √𝑅𝛿      (17) 

https://www.sciencedirect.com/topics/engineering/elastic-regime
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    𝛿 = −𝑑(𝑡) for 𝑑0    (18) 

 where: F is the indenting force, E is the Young’s modulus,  is the Poisson 

ratio (0.5 in this case), a is the contact radius, R is the probe radius, δ is the indentation, 

and d(t) is the instantaneous tip-sample separation. 

AFM data analysis was performed as follows: 

- Chapter 5. All mean height differences (ᐃz) were calculated counting at least 

200 values on 5 different AFM images using NanoScope 7.30 software; a 

similar analysis was applied for the NP−NP horizontal distance (ᐃxNP−NP) 

shown in Figure 39c. Average domain circularity reported in Table 6 was 

calculated by counting with ImageJ software a few hundred area and perimeter 

values of ordered domains from AFM images328.  
 

- Chapter 6. The Young’s modulus of lipid bilayers was calculated using the JPK 

Data Processing software. At least 3 QI images were collected for each lipid 

composition. The AFM tip was approximated to a sphere with a curvature 

radius of 20 nm (Figure 57); results were averaged on at least 30000 curves 

(Figure 42c,e). 

NOTE: in general, AFM data are reported as mean value ± standard error. It is 

specified if standard deviation is used instead of standard error. 

AFM samples without amphiphilic NPs. SLBs without NPs were 

deposited either on mica (Chapter 5) or silicon (Chapter 6) via fusion of lipid vesicles 

prepared in water and in PBS, respectively (Appendix B1).  

Chapter 5. For each bilayer, a diluted suspension of multidomain lipid vesicles (40 

µL, 0.1 mg/mL) and a fresh CaCl2 solution (10 µL, 10 mM) were deposited onto an 

approximately 1.0  1.0 cm2 freshly cleaved mica foil glued on metal support (the latter 

is required to magnetically fix the sample to the Bruker Multimode sample stage).  

Chapter 6. Vesicles with varying cholesterol content (40 µL, 0.1 mg/mL) were 

deposited onto plates of silicon wafer of similar size (in this case attached to a glass 

slide) in the absence of Ca2+. In the presence of PBS, vesicle fusion onto silicon occurs 

without the need for bivalent ions.  

In all cases, after vesicle deposition samples were first stored for 10 min at room 

temperature and then incubated for 15 min at 60 °C in a close chamber at 100 % 

relative humidity. During this time, vesicles merge on the hydrophilic substrate to 
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form a homogeneous and defect-free SLB. SLBs were then let to cool down at room 

temperature and finally gently rinsed with water. This step was necessary to remove 

non-deposited vesicles from the liquid that may interfere with AFM measurements. 

AFM imaging usually started at least two hours after rinsing to let the system to 

equilibrate. 

AFM samples with amphiphilic NPs. The NP-membrane interaction was 

studied by AFM only in the case of multidomain bilayers deposited on mica (Chapter 

5). All AFM samples containing amphiphilic NPs were prepared using a 0.12 mg/mL 

(1.2 µM) filtered stock solution of one-phase MUS:OT AuNPs (Appendix A1). As 

illustrated in Figure 58, NPs were let to interact with the multidomain bilayer 

following two different procedures: the incubation and the pre-incubation method.  

 

Figure 58. AFM samples containing NPs were prepared in water following two protocols: a) the 
incubation and b) the pre-incubation method. In (a), NPs were incubated on a preformed 
multidomain SLB deposited onto a freshly cleaved mica foil. In (b), NPs were pre-incubated with 
multidomain lipid vesicles before their deposition on mica and subsequent SLB formation. NP-
vesicle pre-incubation always occurred at room temperature and in the absence of stirring. Image by 
Canepa et al.2 (published by The Royal Society of Chemistry) licensed under CC BY-NC 3.0 (changes 
were made). 

- In the incubation method (Figure 58a), the first used, a drop of NP dispersion 

was cast onto a preformed multidomain SLB obtained as described above. The 

bilayer was rinsed with water immediately before NP addition and no second 

rinse was carried out before AFM investigation. Different NP volumes were 

https://creativecommons.org/licenses/by-nc/3.0/
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tested (10-20-40 µL). Each bilayer was observed either shortly after the 

addition of NPs or after several hours.  
 

- In the pre-incubation method (Figure 58b), which was developed later, 

multidomain vesicles (40 µL, 0.1 mg/mL) and NPs (20 µL) were pre-incubated 

for different times (10 min and 4 h) before their deposition on mica and CaCl2 

addition. Each SLB sample prepared with this protocol was rinsed a few hours 

before AFM investigation.  

With both methods, NPs were let to interact with the multidomain membrane before 

AFM imaging. In the first method, NPs interact directly with a supported planar 

membrane, whereas in the second case the interaction takes place in the presence of 

the curved and free-standing membrane of the vesicle, without any constraints from 

the substrate218. 

NOTE: the same methods shown in Figure 58 were variably applied to prepare NP-

containing samples for the QCM-D investigations reported in Chapters 4 and 5. 

Details on NP molecular weight calculation. To calculate the lipid/NP 

ratio reported in Section 5.3.2, the mean NP molecular weight (MW) was estimated 

considering an Au density of 34.377 atoms/nm3 and a ligand density of 4.775 

molecules/nm2. These values derive from the NP model reported by Lopez-Acevedo 

et al.396, which considers a NP with a 2 nm diameter, a core of 144 Au atoms in 

icosahedral symmetry, and 60 S atoms bonded on its surface – i.e. Au144(SR)60. In the 

case of one-phase MUS:OT AuNPs used in Chapter 5 – 2.7 nm mean core diameter 

and 4:1 ligand molar ratio – the MWNP is 96279 g/mol. 

C2) QCM-D: sample preparation and measurements  

QCM-D analysis. QCM-D measurements were carried out in liquid using a 

QCM-Z500 microbalance (KSV Finland LLC) equipped with a thermostated flow 

chamber to characterize the NP uptake by model membranes. QCM-D investigation 

was based on two different lipid systems: 

- in Chapters 4 and 5, vesicles were deposited onto the surface of a SiO2-coated 

crystal sensor where they rapidly merge to form a homogeneous SLB305,397; 
 

- in Chapter 6, vesicles were deposited onto the surface of a gold-coated crystal 

sensor where they accumulate but do not rupture. In this way, a supported 
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vesicle layer (SVL) was formed257. Vesicular monolayers can form on gold 

surfaces, but not on SiO2
398. 

Both sensor types contain a AT-cut disk-typed quartz crystal with standard resonance 

frequency of 5 MHz, a sensitivity coefficient (Cf) of 17.7 ng/(cm2·Hz) (Sauerbrey 

equation, Section 2.2), and a piezoelectrically active surface of 78.5 mm2. Before 

usage, the sensors were subjected to UV/Ozone for at least 10 min. For all 

experiments, the monitoring of higher (3rd-11th) overtones was carried out at a 

sampling rate of 1 s; when overnight acquisitions were performed, a point average 

every 10 s was recorded. For all QCM-D results shown within this thesis, frequency 

and dissipation traces are reported only for one overtone, which is specified in the 

caption of each figure (the most stable among overtones was considered). 

QCM-D data analysis was performed as follows: 

- Chapters 4 and 5 (SLB formation). QCM-D results based on SLB formation were 

interpreted in the assumption of acoustically rigid film formation (see Figure 

19c, Section 2.2) and the Sauerbrey equation (Equation 2, Section 2.2) was 

used to calculate the mass per unit area adsorbed onto the sensor surface after 

normalization of the frequency shifts (i.e. ᐃf/n, where n is the overtone 

number)399.  
 

- Chapter 6 (SVL formation). QCM-D results based on SVL formation were 

processed in the assumption of a modified Sauerbrey model to include the 

viscoelasticity of the deposited layer. In particular, frequency shifts entered in 

the Sauerbrey equation (Equation 2, Section 2.2) were not normalized by n, 

which is typical for rigid films, but by √𝑛, which is typical for viscoelastic films. 

Overall, this model assumes that the shift in resonant frequency (ᐃf) during 

the NP-membrane interaction is attributed solely to changes in mass on the 

sensor surface. Such data processing, which only considers ᐃf, was validated 

by comparing the results with a more complicated viscoelastic modeling. As 

explained in Section 2.2, information on membrane viscoelastic properties can 

be derived considering also the variation in energy dissipation (ᐃD)400. In 

particular, the thickness (nm) and density (kg/m3) of SVLs before and after 

interaction with NPs were determined by fitting experimental ᐃf and ᐃD data 

(from at least 2 harmonics) to the Voigt model included in the KSV QCM 

Impedance Analyzer Software. A thorough describtion of the Voigt theory is 

provided in ref256. The mass per unit area adsorbed onto the sensor surface 
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after SVL formation and after NP addition was then derived from thickness 

and density data.  

The KSV QCM-Z500 measurement principle is based on the impedance analysis of 

the quartz crystal. In turn, the model included in the software of this instrument (used 

to obtain the thickness and density of SVLs) is based on the concept that, with a 

viscoelastic film of finite thickness, the surface mechanical impedance associated to 

the QCM-D circuit is given by the following equation: 

𝑍𝑠 = √𝐺𝜌𝑓tanh (𝛾ℎ𝑓)        (19) 

𝛾 = √
𝑗𝜔𝜌𝑓

𝐺
      (20) 

 where: G is the complex shear modulus (G=G'+jG'', with G'=storage 

modulus and G''=loss modulus), 𝜌𝑓  is the film density, 𝛾  is the complex wave 

propagation constant, ℎ𝑓 is the film thickness, and ω=2πf where f is the frequency. 

Details on the software elaboration to fit 𝜌𝑓 and ℎ𝑓 data are reported in the QCM-

Z500 operation manual. 

In general, for each QCM-D experiment reported in this thesis at least two replicates 

were performed. All uncertainties on mass values (ᐃm) were processed by averaging 

the overtones of different replicates and by applying the Student’s statistics (95 % 

confidence level). Only for the SVL thickness and density values shown in Figure 44b 

(Chapter 6), error bars correspond to standard deviation. 

QCM-D samples on SiO2 (SLBs) without amphiphilic NPs. SLBs alone, 

in the absence of NPs, were prepared for the projects of Chapters 4 and 5. 

Chapter 4. Before the deposition of POPC SLBs, the chamber and the access 

tubing to the chamber (pre-chamber) were filled with the experimental buffer (100 

mM NaCl, 2 mM histidine, 2 mM TES, 0.1 mM EDTA, adjusted to pH 7.4) and let 

to equilibrate at 22 °C until the frequencies of all overtones were stable.  

Chapter 5. In the case of multidomain SLBs, the same procedure was performed 

in PBS at 40 °C. This temperature was kept during the entire sample preparation to 

promote the formation of a homogeneous fluid-state SLB.  

For both projects, a freshly extruded vesicle suspension was diluted in the 

corresponding buffer to a final concentration of 0.25 mg/mL. The vesicle suspension 

(2 mL) was then injected into the thermostated pre-chamber and let to equilibrate at 

https://fdocuments.in/reader/full/qcm-z500-manual
https://fdocuments.in/reader/full/qcm-z500-manual
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either 22 °C for 10 min (POPC vesicles, Chapter 4) or at 40 °C for 30 min 

(multidomain vesicles, Chapter 5). When all overtones were stable, the recording was 

started and the frequencies and dissipations of all overtones were set as baselines (i.e. 

frequency, f, and dissipation, D, zero values). After 300 s or 600 s, the diluted vesicle 

suspensions were injected in the chamber, carefully avoiding microbubble formation; 

in all cases, SLB formation began immediately after vesicle insertion (Figure 31b,c of 

Chapter 4 and Figure 36a,b of Chapter 5). Final SLBs were rinsed with fresh buffer 

thermostated at either 22 °C (for POPC bilayers) or 40 °C (for multidomain bilayers) 

to remove the excess of undeposited vesicles. In general, all SLBs deposited on SiO2 

showed high stability upon rinsing.   

Only in the case of multidomain SLBs (Chapter 5), PBS was subsequently exchanged 

with water (thermostated at 40 °C) and the experimental temperature was finally set 

to 22 °C. These additional steps were applied to mimic the experimental conditions 

used for AFM analysis (Appendix C1). 

QCM-D samples on SiO2 (SLBs) with amphiphilic NPs. SLBs in the 

presence of amphiphilic NPs were studied by QCM-D in the projects of Chapters 4 

and 5. In both cases, one-phase MUS:OT AuNPs were tested, while only in Chapter 

4 also one-phase TMA:OT AuNPs were used (Appendix A1).  

Chapter 4. QCM-D samples containing NPs were prepared following the pre-

incubation method described in Figure 58b. Filtered NP dispersions were added to a 

POPC vesicle suspension (0.25 mg/mL) diluted in 100 mM NaCl, 2 mM histidine, 2 

mM TES, 0.1 mM EDTA (pH 7.4) to reach a NP/lipid mass ratio, Rm=
𝑚𝑁𝑃

𝑚𝑙𝑖𝑝
, of 0.05. 

POPC/NP dispersions (2 mL) were then pre-incubated for ca. 4 h at room 

temperature without stirring. In the case of cationic TMA:OT AuNPs, the ionic 

strength of the buffer was changed after POPC/NP incubation to 200 mM NaCl, to 

allow vesicle fusion on the sensor397. As in the case of SLB preparation without NPs, 

before each measurement, the chamber and the pre-chamber were filled with the 

experimental buffer and let to equilibrate at 22 °C until the frequencies of all 

overtones were stable. After 10 min equilibration at 22 °C in the pre-chamber, each 

POPC/NP dispersion was injected into the QCM chamber and the SLB was rapidly 

formed (Figure 31). As for SLB formation in the absence of NPs, the buffer was then 

exchanged to remove vesicle excess from the chamber. No difference in the frequency 

signal was recorded before and after rinsing (Figure 31).  
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Chapter 5. One-phase MUS:OT AuNPs were added to the bilayer using both 

procedures described in Figure 58. The same 0.12 mg/mL filtered NP stock solution 

used for AFM investigation was employed for all QCM experiments (Appendix C1).  

- Incubation method. After SLB formation and rinsing as described in the previous 

paragraph, a diluted NP water dispersion (2 mL, 0.03 mg/mL) was injected in 

the pre-chamber, let to equilibrate at 22 °C for 20 min, and then inserted in the 

QCM chamber. The NP-membrane interaction was then monitored for more 

than 18 h at 22 °C, at a sampling rate of 10 s; the solution containing excess 

NP was finally exchanged with fresh water to rinse the SLB (Figure 35g).  
 

- Pre-incubation method. Before each measurement, the chamber and the pre-

chamber were filled with PBS and let to equilibrate at 40 °C until the 

frequencies of all overtones were stable. Vesicles (500 µL, 1 mg/mL) and NPs 

(500 µL) were added to PBS (1 mL) to obtain final concentrations of 0.25 

mg/mL and 0.03 mg/mL, respectively. Vesicles were pre-incubated with NPs 

for 4 h at room temperature before injection into the QCM pre-chamber. 

After equilibration for 30 min at 40 °C, the measurement was started, and 

vesicles were introduced into the QCM chamber. After vesicle fusion and SLB 

formation, PBS was exchanged with fresh buffer. No difference in the 

frequency signal was recorded before and after rinsing (Figure 36a,b). 

QCM-D samples on gold (SVLs) without amphiphilic NPs. For lipid 

vesicles with varying cholesterol content (Chapter 6), the homogeneous SLB 

formation used in Chapters 4 and 5 proved unsuccessful because vesicles containing 

more than 20 mol % chol partially (and variably) remained intact on the SiO2
401. This 

behavior generated remarkable irreproducibility between measurements, with final 

ᐃf/n values considerably higher than those expected for a typical SLB formation (i.e. 

~25 Hz).  Therefore, a new experimental set-up was adopted: lipid vesicles were 

deposited at 22 °C on Au to form a stable SVL which was then let to interact with 

amphiphilic AuNPs. For SVL formation, freshly extruded vesicle suspensions were 

diluted in PBS (0.25 mg/mL) and then inserted into the pre-chamber. After 10 min 

of equilibration at 22 °C, vesicle suspensions were injected into the QCM chamber. 

In general, SVL deposition was much slower than SLB formation and occurred with 

different kinetics depending on the cholesterol content (Figure 44a).  Before NP 

addition, each SVL was gently rinsed with fresh PBS (thermostated at 22 °C) to 

remove the excess of undeposited vesicles as well as any vesicle loosely attached to 

the SVL surface (Figure 45a). In general, SVLs were highly stable after deposition and 

rinse. 
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QCM-D samples on gold (SVLs) with amphiphilic NPs. Monodisperse 

MUS:OT AuNPs (Appendix A4) were added to preformed SVLs and let to interact 

for several hours under QCM monitoring (Chapter 6). A scheme of the experimental 

set-up is illustrated in Figure 59.  Before each experiment, a fixed NP volume was 

taken from a stock solution in water (0.6 mg/mL) and diluted in PBS (2 mL) to 

achieve a lipid/NP molar ratio of ~1600 with respect to the vesicle concentration 

previously injected to form the SVL (0.25 mg/mL). This ratio is nominal since excess 

vesicles were rinsed away before NP addition (Figure 59, step 2); the real lipid/NP 

value during SVL-NP incubation is therefore lower. Each NP dispersion in PBS was 

then sonicated for a few minutes in an ultrasonic bath and finally inserted into the 

pre-chamber. After 10 min of equilibration at 22 °C, NPs were injected into the 

chamber and let to interact with the preformed SVL for at least 20 h at 22 °C (Figure 

45a). After a few hours with a sampling rate of 1 s, a point average every 10 s was 

selected. The following day, the NP-SVL complex was gently rinsed with PBS before 

the end of the recording. In all cases, no mass losses were recorded after buffer 

exchange (Figure 45a).  

 

Figure 59. Schematic drawing (not to scale) illustrating the QCM-D experiments with NPs of 
Chapter 6. Vesicles (0.25 mg/mL) were first injected into the QCM chamber (1) and allowed to 
deposit on the surface of a gold-coated quartz sensor, where they accumulated but did not merge. 
After rinsing away the excess of undeposited vesicles (2), the stable SVL (3) was let to interact with 
NPs for several hours (at least 20) (4). At the end of the experiment, the NP-SVL complex was rinsed 
with fresh PBS to flush out the excess NPs. 

NOTE: to calculate the lipid/NP molar ratio, the MWNP was estimated as indicated 

in the bottom of Appendix C1 for one-phase MUS:OT AuNPs. In the case of 

monodisperse MUS:OT AuNPs let to interact with SVLs – 2.4 nm mean core 

diameter and 2:1 ligand molar ratio – the MWNP is 68689 g/mol.  
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Appendix D – Fluorescence assays  

Within this thesis, all fluorescence spectroscopy measurements were performed using 

a Fluorolog-3 spectrofluorometer (Horiba Jobin-Ivon) equipped with polarizers and  

temperature control of the cell holder. 

D1) Dye-leakage assays  

In the project of Chapter 4, NP-induced vesicle leakage was tested by means 

of calcein release265–267 (Section 2.3.1). This technique is commonly used for leakage 

assays involving AuNPs to probe the bilayer integrity during NP-membrane 

interactions61,263. Measurements were performed at 25 °C in quartz cuvette (Hellma, 

optical path length 10 mm  10 mm) using a sample volume of 2.4 mL. After 

filtration, calcein-loaded vesicles suspensions (175 mM calcein, Appendix B1) were 

diluted in 100 mM NaCl, 2 mM histidine, 2 mM TES, 0.1 mM EDTA (adjusted to 

pH 7.4) to a lipid concentration of 0.035 mM (i.e. 0.03 mg/mL). Throughout the 

whole experiment, calcein fluorescence (λex=490 nm, λem=520 nm) was monitored as 

a function of time with a sampling rate of 1 s. To ensure the homogeneity of the 

system before and after NP addition, the sample was continuously stirred with a 

magnetic bar. As shown in Figure 32b, the introduction of the stirring bar in the 

cuvette was found to cause a transient, reproducible fluorescence increase that 

reached a plateau after 30 min. This behavior was absent if fluorescence was recorded 

for the same length of time in the absence of the magnetic bar. This phenomenon 

was thus interpreted as due to the adsorption of lipids by the hydrophobic Teflon 

surface of the magnetic bar and by the hydrophilic walls of the quartz cuvette, 

facilitated by stirring, and resulting in the disruption of some vesicles with subsequent 

calcein release. Similar behavior has already been observed for vesicles of different 

compositions and the extent of release was shown to depend on the lipid mixture and 

the cuvette material402. Therefore, to avoid artifacts, NPs were always added to the 

POPC vesicle suspension 30 min after introducing the stirrer in the cuvette. In 

particular, filtered NP dispersions (one-phase MUS:OT and TMA:OT AuNPs, 

Appendix A1) were added to POPC vesicles at a NP/lipid mass ratio, Rm, of 0.03 and 

0.05. Such mass ratios (excluding higher values) were chosen to limit as much as 

possible NP aggregation before interaction with lipid vesicles. These NP/lipid mass 

ratios are slightly higher than those used in the literature for similar experiments with 

Au NPs264. Besides, they correspond to a sufficiently high NP uptake by the POPC 

bilayer, as demonstrated by QCM-D results reported in Figure 31b (Section 4.3.2). 
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Therefore, these Rm values represent a good compromise to study the effect of NP 

uptake on the bilayer integrity of calcein-loaded vesicles and to limit undesired NP 

aggregation in solution. As shown in Figure 32d-f (Section 4.3.2), the NP volumes 

added to POPC vesicles were in the range between 14.6 and 124 µL, depending on 

the concentration of NP aqueous dispersions after filtration (Figure 47, Appendix 

A1). At the end of each experiment, the complete leakage of the inner dye was induced 

by the detergent addition, i.e. 0.5 % (w/v) sodium cholate.  

Statistical analysis of leakage data. The mean leakage % reported in Figure 32d-f 

were processed averaging the results of Equation 3 (Section 2.3.1) calculated over the 

last 10 min before the addition of the detergent. The minimum and the maximum 

fluorescence levels – i.e. F0 and Fmax – were calculated as the mean fluorescence 

intensity immediately before NP injection (F0) and immediately after detergent 

addition (Fmax) (data averaged over 10 minutes). Error bars were calculated using 

Student’s statistics (n=3). 

D2) Fluorescence anisotropy assays  

In the project of Chapter 6, steady-state fluorescence anisotropy 

measurements were performed on lipid vesicles labeled with either DPH or TMA-

DPH fluorophores (Appendix B1). These assays were used to investigate the changes 

in membrane fluidity of DOPC vesicles due to the incorporation of increasing 

amounts of cholesterol. Measurements were also performed after membrane 

interaction with NPs. In particular, monodisperse 2:1 MUS:OT AuNPs with core 

diameter of 2.4 nm or 4.8 nm (Table 5, Section 3.2.1) were incubated with lipid 

vesicles for ~3 h and ~4 days (respectively) in the dark and at room temperature 

(passive penetration of large NPs is usually slower than small NPs). Measurements 

were carried out at constant temperature (20 °C), under continuous magnetic stirring, 

using a quartz cuvette (Hellma, optical path length 10 mm  4 mm) with sample 

volume of 850 µL. For each experiment, freshly extruded vesicle suspensions were 

diluted in PBS (1x, pH 7.4) to a lipid concentration of 500 µM403. When NPs were 

incubated with vesicles, a fixed NP volume was added from a stock solution in water 

(6 mg/mL) to obtain a final NP concentration of 3.2 µM. Thus, the lipid/NP molar 

ratio was ~160. Notably, this value is similar to that of NP/vesicle pre-incubated 

samples used in AFM experiments of Chapter 5 (see Appendix C1). Before all 

acquisitions, polarizers were appropriately set on the excitation and the emission 

beams. The fluorescence intensity emitted by the fluorophores was detected after 

passing through the emission polarizer held vertical or horizontal to the direction of 
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the electric vector of the polarized excitation (Figure 21, Section 2.3.2). All 

experiments were performed using excitation and emission slits with a bandpass of 

4.5 nm; λex/λem were set as 358/428 nm for DPH and 360/428 nm for TMA-DPH.  

NOTE: in the case of monodisperse 2:1 MUS:OT AuNPs with mean core diameter 

of 4.8 nm, the MWNP is 470836 g/mol (see bottom of Appendix C1 for calculation 

details). As indicated in Appendix C2 for QCM-D measurements involving SVLs, the 

MWNP of 2.4 nm NPs is 68689 g/mol. 

Statistical analysis of anisotropy data. The fluorescence anisotropy (r) of DPH and 

TMA-DPH reported in Figure 43 and Figure 46 (Chapter 6) was calculated using 

Equation 4 reported in Section 2.3.2. Four replicates were acquired in the case of 

vesicles alone and vesicles incubated with 2.4 nm NPs, while 8 replicates were carried 

out when 4.8 nm NPs were tested. Indeed, with larger NPs, on average the 

measurements were noisier due to higher light scattering caused by NPs that remained 

in solution. Uncertainties on mean values were calculated using Student’s statistics 

assuming a 95 % confidence level. 
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