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Abstract: The development of novel and effective methods for the isolation of chitin, which remains
one of the fundamental aminopolysaccharides within skeletal structures of diverse marine
invertebrates, is still relevant. In contrast to numerous studies on chitin extraction from crustaceans,
mollusks and sponges, there are only a few reports concerning its isolation from corals, and
especially black corals (Antipatharia). In this work, we report the stepwise isolation and
identification of chitin from Cirrhipathes sp. (Antipatharia, Antipathidae) for the first time. The
proposed method, aiming at the extraction of the chitinous scaffold from the skeleton of black coral
species, combined a well‐known chemical treatment with in situ electrolysis, using a concentrated
Na2SO4 aqueous solution as the electrolyte. This novel method allows the isolation of α‐chitin in the
form of a microporous membrane‐like material. Moreover, the extracted chitinous scaffold, with a
well‐preserved, unique pore distribution, has been extracted in an astoundingly short time (12 h)
compared to the earlier reported attempts at chitin isolation from Antipatharia corals.
Keywords: chitin; biological materials; electrolysis; Antipatharia; black corals; Cirrhipathes sp.

1. Introduction
Chitin is composed of β‐(1,4)‐N‐acetyl‐D‐glucosamine units, and plays a crucial role in the
formation of skeletal structures in invertebrate organisms, where rigidity and strength are required
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[1]. This most abundant aminopolysaccharide has been isolated and identified in skeletal structures
of diverse species of fungi, algae and invertebrates (i.e., sponges, hydrozoans, mollusks, worms,
insects, spiders and crustaceans) [2–12]. Here, chitin is present in the form of biocomposites, being
chemically bound to proteins, pigments and other polysaccharides, as well as mineral phases [13,14].
Consequently, its extraction from such biocomposites is fraught with a number of methodological
difficulties that must be overcome using different approaches.
Nowadays, chitin of marine invertebrate origin is commonly isolated via two types of extraction
process: chemical or biological [15,16]. In brief, the chemical treatment requires three main steps,
namely deproteinization, demineralization and depigmentation. The deproteinization is generally
carried out as the first stage. During this part of the process, the chitin‐based structure is treated with
alkaline solutions, which causes the dissolution of most of the proteins. This step is highly important
in terms of medical and technological applications, because it determines the purity of the obtained
product as well as the deacetylation degree and the possible hydrolysis of the chitin polymeric chain,
depending on temperature conditions used [17]. The demineralization step usually follows
hydrolysis of the proteins of the chitinous structure, and involves its treatment with acid solution
(i.e., CH3COOH or HCl). This step is conducted to treat highly mineralized biomaterials; it ensures
the elimination of calcium carbonates via decomposition of these insoluble compounds into water‐
soluble calcium salts, along with the release of carbon dioxide [13]. The third step, called
depigmentation, is a treatment optimally carried out by adding highly reactive oxidizing agents, such
as hydrogen peroxide. However, all three steps of the chemical treatment rely on extraction agents
that have to be used in great excess, thus generating effluents that are hazardous to the environment.
Moreover, a relatively long treatment time, along with the increased temperature of the
deproteinization process, can cause uncontrolled degradation of the chitinous polymeric chain [18–
20]. The biological isolation of chitin, being an alternative method to the chemical treatment, uses
microorganisms which produce diluted organic acids and enzymes to fulfill the role of the chemical
extraction agents. Despite the longer time of treatment, chitin obtained via the biologically catalyzed
process possesses a better‐preserved spatial structure than that of an industrial source [21].
Regardless, in order to increase efficiency and reduce the environmental impact of chemical the
process, novel and modified methods have been developed [22–24]. The recently reported assisted
methods are mostly focused on the use of microwave irradiation as the accelerating factor [9]. Indeed,
the application of this approach leads to a significant reduction of treatment time (from days to a few
hours) [15].
Among the assisted methods for the isolation of chitin, electrolysis has been relatively poorly
investigated. Only one proposed approach that includes the electrochemical treatment of chitin‐
containing crustacean exoskeletons has been described to date [25–27]. The principle of this method
is based on the electrolysis of a diluted NaCl aqueous solution to ensure the acidic and alkali
treatment of the crustacean Gammarus pulex’s (Linnaeus, 1758) biomass. However, being based on the
electrolysis of a low‐concentration NaCl solution, this method is characterized by significant
treatment time (13–19 h) [28]. The evolution of chlorine gas on the anode surface, which is a highly
corrosive compound, is another drawback of the method [29]. Thus, electrolysis‐assisted isolation of
chitin has not received much attention over traditionally used extraction procedures. As we recently
showed with experiments on chitin from the skeleton of the marine sponge Aplysina aerophoba (Nardo,
1833), the electrolysis process can be very flexible in terms of electrochemical conditions [16]. Thus,
there is possible scope for the improvement of this overlooked approach—for example, by the
application of different electrolytes.
In this study, we present the results of electrochemical isolation of chitin from the black coral
Cirrhipathes sp. (Antipatharia, Antipathidae) (Figure 1,2) for the first time. The intense research on
these marine invertebrates has been focused mostly on the isolation and characterization of the
special, dark‐pigmented biopolymer antipathin, and the accompanying diphenol compounds [30–
32]. Unfortunately, Cirrhipathes species are poorly described as a source of chitinous scaffolds.
Previously, we have shown that the isolation of chitin from selected black corals is mostly performed
via the chemical method [33]. It involves long, alternating alkaline and acidic extraction steps, and
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hence the duration of treatment often exceeds 7 days [33]. Therefore, this method can be modified in
order to reduce the treatment time and amount of chemicals used. For this purpose, we decided to
modify the known electrolysis method for the isolation of chitin from crustaceans, as reported earlier
[34]. Since the described process is based on similar steps to the chemical process, it was essential to
ensure a highly alkaline environment in order to achieve a successful result. Therefore, in this study,
a concentrated Na2SO4 aqueous solution was utilized as the electrolyte, and a novel electrochemical
method (which combined a well‐known chemical treatment with in situ electrolysis) was investigated
in terms of its usefulness for the extraction of chitinous scaffold from Cirrhipathes sp. skeletons.

Figure 1. Overview of the Cirrhipathes sp. coral fragments used in the study. (A) Central portion of
the unbranched, unpinnulated stem of the colony. (B) Close‐up view of the skeletal surface showing
the multiple longitudinal rows of spines. (C) Basal plates of the spines after erosion. (D) Close‐up
view of one spine basal plate showing the concentric layers of skeleton.
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Figure 2. Insights into the inner structure of Cirrhipathes sp. skeleton. (A) Transversal section of the
stem, showing a clearly hollow central canal surrounded by concentric layers of skeleton. The outer
surface is covered in small triangular spines. (B,C) Spines’ roots visible between the skeletal concentric
layers. (D) Transversal section of the stem with a central canal partially closed by a skeletal septum.
(E,F) Clusters of concentric skeletal layers intersecting perpendicularly with the spines’ roots,
connecting vertically the outer surface with the internal channel.

2. Results
The water electrolysis process is a well‐known electrochemical phenomenon that has to be
thermodynamically forced via the flow of a direct electric current from an external source [35]. In
order to pass the current between two electrodes, a specific electrolytic cell (electrolyzer) must be
constructed. Briefly, the modern electrolyzer is composed of two symmetrical, polarizable electrodes,
made of electrically and chemically inert materials with high active surface areas. Usually, both
electrodes are dipped in an electrically conductive solution (electrolyte) and separated with an ion
exchange membrane (cation, anion or bipolar), forming two compartments [36–41]. The chamber
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with the anode contains the electrolyte solution, called the anolyte, whereas the chamber with the
cathode is filled with the catholyte. Aqueous solutions of low molecular salts, such as NaCl or Na2SO4,
which are generated as by‐products in a wide variety of chemical processes, serve as perfect
substrates for the production of alkalis and acids by electrolysis. The splitting of the Na2SO4 aqueous
solution into NaOH and H2SO4 solutions, which occurs in the cation exchange membrane (CEM) of
the electrolyzer, is one of the most popular ways to utilize the overproduction of this salt [42]. Figure
3 shows the basic principle of this process [43]. During Na2SO4 aqueous solution electrolysis
(decomposition of water particles), fundamental electrochemical reactions take place on the
electrodes’ surfaces. These redox reactions result in an excess of H+ and OH− ions in the anolyte and
catholyte, respectively. Simultaneously, sodium ions from the anolyte migrate through the CEM
towards the cathode, where they are reduced to a sodium metal, which immediately reacts with the
water to form NaOH [44]. Thanks to this phenomenon, it is possible to establish and change the pH
in each part of the electrolyzer by applying a specific potential. This feature can be useful in terms of
the extraction process that is responsive to the pH parameter. Thus, we have applied the fundamental
feature of chitin, i.e., strong resistance to alkaline solutions up to temperatures between 70 °C and 80
°C, where its de‐acetylation and transformation into chitosan occurs [45]. However, in our method,
the alkaline environment has been achieved via electrolysis.

Figure 3. Schematic illustration of the electrolysis cell assembled in this study, and a general principle
of Na2SO4 aqueous solution electrolysis [44].

The changes in the surface morphology of the selected fragments of Cirrhipathes sp., occurring
during the electrolysis within the electrolytic chamber, were monitored using digital microscopy.
Nearly three hours after the electrolysis treatment was started, the rejection of the upper layer, in the
form of a membrane‐like film, became observable (Figure 4A,B). At this step, no structural changes
on the surface of this film could be observed at the microlevel (Figure 5), however, the fact of the
appearance of such an alkali‐resistant structure implies the destruction of proteins that secured it in
the coral’s skeleton.
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Figure 4. Rejection of the membranous film‐like structure following 3 h of catholyte treatment on the
Cirrhipathes sp. black coral surface (A) becomes well visible. This biological material was still
pigmented and kept regular spine formations (B) on its surface (See also Figure 5).

Figure 5. Regular longitudinal rows of spines (A,B), which are characteristic of the surface of
Cirrhipathes sp. skeleton, remain without visible changes (C) also on the surface of the rejected film‐
like membrane after 3 h of electrolysis. The surface ornamentation of small, sparse papillae is visible.

Following 6 h of electrolysis, both digital (Figure 6A,B,D,E) and scanning electron microscopy
(Figure 6C,F) images showed defined structural changes. Spines partially disappeared, and only
spongy and nanoporous structures (Figure 6C) became visible at the sites of their previous
localization, though at some sites these structures also disappeared (Figure 6F). We suggest that these
spines are composed of proteins and not of chitin, which is well recognized as a biological material
with high resistance to alkaline treatment [4–6]. After 12 h of electrolysis, the nanoporous structures
disappeared completely (Figure 7). Thus, we obtained a membranous organic matrix, with regular
pores up to 100 μm large. Calcofluor white staining of this matter (Figure 7B) allows us to assume,
with a high probability, the chitinous nature of the matrix, taking into account previously published
results on chitin identification using this broadly applied technique [3–5,9,10,13,16,46–58].
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Figure 6. Surface morphology of the film‐like, membranous structure, that was rejected from the
Cirrhipathes sp. coral stem after 3 h of electrolysis (see Figures 4,5), continues to be structurally
changed following 6 h of electrolysis. Disappearance of spines becomes well visible using digital
(A,B,D,E) as well as SEM (C,F) microscopy (see also Figure7).
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Figure 7. Cirrhipathes sp. sample after 12 h of electrolysis (A) and after Calcofluor white staining for
preliminary chitin identification (B) (Light exposure time 1/500s).

For indisputable identification of chitin, we used infrared spectroscopy (ATR FT‐IR), the
chitinase digestion test, and ESI‐MS‐based analytics as represented below.
ATR‐FTIR spectroscopy was used to identify the functional groups typical for chitin in the
investigated samples. Spectra, obtained for the naturally occurring rod of Cirrhipathes sp., the α‐chitin
standard, and a chitinous membrane‐like scaffold (Figure 7A) which was isolated after full
electrolysis treatment, are shown in Figure 8. The spectrum of the analyzed coral skeleton fragment
(Figure 1B) shows bands which are similar to those previously reported for antipatharians by other
authors [30,31]. Since the chemical composition of the Cirrhipathes sp.’s skeleton is highly diverse and
complex (scleroproteins, lipids, diphenols and polysaccharides), most of the characteristic bands
within the spectrum are overlapped by each other. Despite this, the characteristic bands for α‐chitin,
such as amide I (carbonyl stretching vibrations of N‐acetyl groups) at 1645 cm−1, amide II (νN–H and
νC–N) at 1531–1510 cm−1 and amide III (νC–N and δN–H) at 1306 cm−1, visible in the analyzed
spectrum (Figure 8, black line), are sufficient to confirm the presence of chitin [6,59] within the sample
under study. IR analysis of the isolated chitinous scaffold spectrum (Figure 8, red line) indicated that
the characteristic band at 895 cm−1 (C–H deformation of the β‐glycosidic bond, as well as the C–O–C
bridge) suggests the occurrence of α‐chitin in the sample (for comparison, 890 cm−1 for β‐chitin)
[4,6,33,45–48]. Moreover, the wavelengths of all other characteristic bands in this specimen are nearly
identical to the α‐chitin standard spectrum (Figure 8, green line), which additionally proves the
presence of chitin in the α form in the electrochemically isolated organic matter. No presence of
chitosan, as a possible product of the chitin de‐acetylation under electrolysis conditions used here,
has been confirmed using infrared spectroscopy.
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Figure 8. ATR‐FTIR spectra of Cirrhipathes sp. sample (black line), α‐chitin standard (green line) and
electrochemically isolated chitinous scaffold (red line) in the region of 1900–500 cm−1.

Determination of N‐acetylglucosamine (GlcNAc) is a key step for chitin identification in
biological materials of unknown origin. To quantify chitin in the specimens of the membranaceous
matter, isolated from Cirrhipathes sp. after 12 h of electrolysis, we measured the quantity of GlcNAc,
released by chitinases using a classical Morgan–Elson colorimetric assay, which, owing to its
specificity, is recognized as the most reliable method for the identification of alkali‐insoluble chitin
[4–6,47,48]. We detected 875.3 + 0.5 μg of N‐acetylglucosamine per mg of depigmented skeleton of
Cirrhipathes sp. Furthermore, the chitinase digestion test, based on the observation of the enzymatic
dissolution of the purified, pigments‐ and proteins‐free black coral organic matrix by light
microscopy, confirmed the presence of pure chitin (Figure 9). Previously, we have shown that
chemically impure chitin cannot be digested in chitinase solution [3,13].
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Figure 9. Chitinase digestion of electrochemically extracted chitin isolated from Cirrhipathes sp. at
room temperature (light microscopic images). (A) Initial stage; (B) after 12 h of chitinase treatment.

It is well recognized that the D‐glucosamine (GlcN) signals in the mass spectrum of hydrolyzed
(6M HCl) biological samples reveal the presence of chitin. This method was utilized previously for
chitin identification in diverse chitin‐producing organisms [9,13,47,48], including heavy mineralized
fossil specimens [46]. The acid hydrolysis of the Cirrhipathes sp. sample (see Figure 7A) revealed five
main signals (Figure 10). The signals with m/z = 162 and 180 correspond to the [M − H2O + H+], [M +
H+], while species with signal m/z = 359 correspond to proton‐bound non covalent GlcN dimmer [2M
+ H+], which is common for ESI‐MS spectra of amino monosaccharides. The signals with m/z = 202
and 381 correspond to the same species in which the hydrogen ion is substituted on sodium
[M + Na+] and [2M + Na+], respectively, which is very common for the spectra of natural samples.
Together, these results prove that the membrane‐like, alkali‐resistant biological material isolated
from Cirrhipathes sp. contains chitin biopolymer.

Mar. Drugs 2020, 18, 297

11 of 20

Figure 10. Electrospray‐ionization mass spectroscopy (ESI‐MS) characterization. (A) Cirrhipathes sp.
after acid hydrolysis. (B) ESI‐MS spectrum of GlcN standard reference.

Chitin was not the only product that was isolated from Cirrhipathes sp. using the electrochemical
procedure represented in our study. Electrochemically mediated alkalization of the medium leads to
the extraction of black pigment from the chitinous matter. Figure 11 shows the UV‐visible spectra of
the extracts obtained from the cathode chamber, after 6 h (extract I) and 12 h (extract II) of electrolytic
treatment. According to data in the literature [60], both spectra show bands characteristic for
polyphenols, most likely catechol derivatives, due to the peaks at 212 nm and 293 nm (Figure 11;
extract I—green line) and 216 nm and 290 nm (extract II—red line). The diphenol trace within the
extract samples could have resulted from the decomposition of the antipathin–chitin structural
complex, as well as the reduction of 3,4‐dihydroxybenzaldehyde (DOBAL) and
3‐(3,4‐dihydroxyphenyl)‐L‐alanine (DOPA) compounds [32,61]. We suggest that the presence of
catechol‐related compounds in the skeleton of the black coral Cirrhipathes sp. affects its fine, solid
structure, ultimately resulting in the easier erosion of this biocomposite‐based construct by NaOH.
Similar results were reported for chitin isolated from beetle larva, where derivatives of catechol in its
cuticle inhibited chitin crystallinity and led to the amorphous chitin structure [62].
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Figure 11. UV‐visible absorption spectra of catholyte extracts isolated from the specimens of
Cirrhipathes sp., following electrolysis for 6 h (green line) and 12 h (red line), suggest the catechol‐like
nature of the pigments.

3. Discussion
Black corals (Hexacorallia: Antipatharia) are a taxonomic group that appear worldwide in all
the oceans and exhibit a wide depth distribution, ranging between coastal shallows and abyssal
depths [63–65]. To date, the order Antipatharia comprises about 247 valid species, and they are most
abundant in tropical and subtropical seas, in deep waters (≥50 m) beneath the photic zone [63,66,67].
For this reason, since most species are found below the depth limits of conventional SCUBA diving,
very little is known about the basic biology and ecology of black corals. Despite this, all these species
are characterized as having exclusively colonial habitus, with generally slow growth rates depending
on the environment and high longevity, varying from decades to millennia [68–72]. Antipatharian
colonies have various morphologies, either unbranched in the form of a whip or branched into a bush
or a fan, with maximum sizes among species ranging from a few centimeters to many meters [73,74].
Moreover, to ensure stiffness and high mechanical strength, which are necessary to withstand high
hydrostatic pressure and turbulent oceanic currents, the skeletons of antipatharians (Figure 1) usually
have a layered scleroproteinaceous structure, strengthened by an inner chitinous scaffold [33,75]. The
general morphology of their skeletons has been described as a laminated composite (Figure 2), where
chitinous fibrils play a crucial role in terms of the growth support and elasticity of the entire colony.
In addition, the internal structure of spines is believed to represent a significant reinforcing effect in
the architecture of black coral skeletons, where the forces of the torsion imposed by currents are
released [32]. This is particularly important in whip black corals, such as those belonging to the
genera Cirrhipathes, Stichopathes and Pseudocirrhipathes, forming dense forests in the sites with the
highest currents [76]. However, the dominant fraction within black coral skeletons is represented by
a non‐fibrillar formation, composed mostly of a halogen‐containing scleroprotein and chitin [77]. This
compound, known as antipathin, is exclusive to this taxon, and has unequalled thermal and
mechanical stability which ensures the stiffness of the coral skeleton. Moreover, the chitin–antipathin
based composite shows a unique combination of flexibility and hardness that provides better
resistance to stress factors in a marine environment than inorganic structural materials [14]. Beside
this, the chemical arrangement of the black coral skeleton also contains proteins, lipids and diphenols,
and the chitin content within is estimated to constitute between 6% and 18% of the total organism
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mass (which is a considerable amount for marine invertebrates). Therefore, black corals can be
considered as a potential source of chitinous scaffolds [78].
The finding of chitin within the skeletal structures of black coral Cirrhipathes sp. is important for
gaining a better understanding of the structural biology of these organisms. Of course, black coral
chitin cannot be used for practical application on a large scale, as is the case with crustacean or sea
sponge chitin. However, this type of chitin is an interesting biomaterial in terms of its inspirational
potential for biomimetics and material science. For example, the development of new chitin–catechol
composite materials has an intriguing potential in biomedicine and technology. The first attempts in
this direction have been recently made and patented (EP2778179A2 Chitosan and/or chitin composite
having reinforced physical properties and use thereof. 2015). Definitively, more detailed studies on
the chemistry and biosynthesis of naturally occurring chitin–polyphenol composites should be
carried out in the near future. Chitin matrices of this type, with regularly located micropores, can
serve as model systems for biomimetic studies into the creation of chitin‐based membranes. An
equally promising direction may be the creation of chitin membranes modified with polyphenolic
compounds, which have antibacterial properties. The study of such membranes for the treatment of
burns and other wounds seems to be in demand.
4. Materials and Methods
4.1. Biological Samples and Chemicals
Cirrhipathes sp. dry sample was purchased from INTIB GmbH (Freiberg, Germany). Sodium
sulfate (Na2SO4, ≥99.7%), purchased from VWR (Darmstadt, Germany), was used for the preparation
of aqueous electrolyte solution. Sodium hydroxide (NaOH, ≥99.0%), purchased from VWR
(Darmstadt, Germany), was utilized as substrate to prepare an extracting solution. Distilled water
was used to prepare all aqueous solutions.
4.2. Electrolytic Cell Setup
The schematic illustration of the experimental system for the electrochemically‐assisted isolation
of chitin is shown in Figure 12. The CEM (cation exchange membrane) electrolyzer consisted of two
cylindrical poly(propylene) chambers (50 mL each) separated by a cellulose membrane made from
filter paper (75 g cm−2, ChemLand, Poland) and sealed with parafilm (Bemis Company Inc., Neenah,
WI, USA). Electrodes (cathode and anode) were made of platinum sheets (effective area: 2.2 cm2).
Distance between both electrodes was kept at about 10.0 cm and they were connected with DC power
supply VoltCraft PS2043D (Conrad Electronic International GmbH & Co., Wels, Austria) by platinum
wire current collectors. 1.9 M sodium sulfate aqueous solution with an initial temperature of 40 °C
was utilized as anolyte as well as catholyte.
4.3. Electrochemically‐Assisted Isolation of Chitin
A novel electrochemically‐assisted method of chitinous scaffold isolation from Cirrhipathes sp.
was performed in two main steps (see Figure 12). In both stages, the sample was treated in the
catholyte solution, and anolyte treatment (low pH) was not necessary to remove proteins, lipids and
pigments. It should be noted that the initial concentration of the electrolyte (Na2SO4) for every step
was 1.9 mol L−1 and the starting temperature for both anolyte and catholyte was 40 °C.
Pretreatment: A 0.3 g piece was cut from the Cirrhipathes sp. sample and rinsed repeatedly with
distilled water (25 °C) in order to get rid of the major solid impurities and water‐soluble salts of
marine origin.
Step 1: The first part of the electro‐alkali treatment was performed in the cathode chamber for 6
h (16 V, 1.5 A, 70 °C). High pH (up to 12.5) of the catholyte caused complete lysis of corals cells and
degradation of lipids and proteins, which resulted in the removal of soft tissues from interlayer
spaces of the chitinous skeleton. Moreover, this effect was followed by partial depigmentation and
possible desilicification of the sample. Remaining chitinous skeleton was in the form of a light brown
cell‐free layered tube.
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Step 2: In order to complete the depigmentation and deproteinization, the exchange of the
electrolyte was required. With fresh 1.9 M Na2SO4 solution, the process was further carried out in the
cathode chamber for 6 h (16 V, 1.5 A, 70 °C). Free access of the catholyte solution to the coral skeleton,
along with high pH (up to 12.5), resulted in complete dissolution of pigments and residual proteins.
After treatment, the remaining sample in the form of a colorless scaffold was extensively rinsed using
distilled water up to neutral pH, and stored in ethanol absolute (4 °C).

Figure 12. Schematic illustration of the experimental setup for all steps of the electrochemically‐
assisted isolation of Cirrhipathes sp. chitin [43].

4.4. Calcofluor White Staining
The Calcofluor white staining (CFW) (Fluorescent Brightener M2R, Sigma‐Aldrich, St. Louis,
MO, USA) was used to confirm the presence of chitin in the sponge skeleton several times (see [5–8]).
For the staining process, 30 μL of a solution containing 10 g glycerin and 10 g NaOH in 90 mL of
water was applied. After a minute, the CFW was added, and the investigated material was incubated
in staining solution for 6 h without light at 25 °C. Then, the sample was washed with distilled water
to eliminate the unattached stain, dried at 25 °C and analyzed using fluorescent microscopy. On
binding to polysaccharides containing β‐glycosidic bonds (such as chitin), this fluorochrome secretes
bright blue light under UV excitation even with a very short light exposure time.
4.5. Chitinase Digestion Test
The fragment of isolated chitinous scaffold from Cirrhipathes sp. was treated with Yatalase
enzyme solution (pH 6.5) [58]. The treatment was carried out for 6 h at 37 °C. The progress of
digestion was observed under light microscopy using BZ‐9000 microscope (Keyence, Osaka, Japan).
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4.6. Attenuated Total Reflectance Fourier Transform Infrared Spectroscopy
Attenuated Total Reflectance Fourier Transform Infrared Spectroscopy (ATR‐FTIR) was used
for the qualitative characterization and identification of the isolated materials. The samples were
analyzed by Nicolet 210c spectrometer (Thermo Fisher Scientific, Waltham, MA, USA).
4.7. Estimation of N‐acetyl‐D‐glucosamine (NAG) Contents
The Morgan–Elson assay was used to quantify the N‐acetyl‐D‐glucosamine released after
chitinase treatment, as described previously [79]. Purified and dried Cirrhipathes sp. samples (6 mg)
were pulverized to fine powder in an agate mortar. The samples were suspended in 400 mL of 0.2 M
phosphate buffer at pH 6.5. A positive control was prepared by solubilizing 0.3% colloidal chitin
(INTIB GmbH, Freiberg, Germany) in the same buffer. Equal amounts of 1 mg/mL from three
chitinases (EC 3.2.1.14 and EC 3.2.1.30)—N‐acetyl‐D‐glucosaminidase from Trichoderma viride (Sigma,
No. C‐8241), and two poly (1,4‐α‐[2‐acetamido‐2‐deoxy‐D‐glucoside]) glycanohydrolases from
Serratia marcescens (Sigma, No. C‐7809), and Streptomyces griseus (Sigma, No. C‐6137)—were
suspended in 100 mM sodium phosphate buffer at pH 6.0. Digestion was initiated by mixing 400 mL
of the sample and 400 mL of the chitinase mix. Incubation was performed at 37 °C and stopped after
114 h by adding 400 mL of 1% NaOH, followed by boiling for 5 min. The vessels were centrifuged at
7000 rpm for 5 min and the purified reducing sugars were used for 3,5‐dinitrosalicylic acid assay
(DNS) [47,48]. For this purpose, 250 mL of the supernatants and 250 mL of 1% DNS were dissolved
in a solution containing 30% sodium potassium tartrate in 0.4 M NaOH. The reagents were mixed
and incubated for 5 min in a boiling water bath. Thereafter, the absorbance at 540 nm was recorded
using a Tecan Spectrafluor Plus Instrument (Mannedorf/Zurich, Switzerland). Data were
interpolated using a standard curve prepared with a series of dilutions (0–3.0 mM) of N‐acetyl‐D‐
glucosamine (Sigma, No. A‐8625) and DNS. A sample, which contained chitinase solution without
substrate, was used as a control.
4.8. Electrospray Ionization Mass Spectrometry (ESI‐MS)
Specimens obtained after electrochemical isolation in the final step (Figure 7A) were hydrolyzed
in 6 M HCl for 24 h at 50 °C. Following the HCl hydrolysis, the samples were filtrated with 0.4 μm
filter and freeze‐dried in order to remove excess HCl. The remaining solid was dissolved in water for
ESI‐MS analysis. As standard, D‐glucosamine was purchased from Sigma‐Aldrich (Taufkirchen,
Germany). The ESI‐MS analytical measurements were performed using Agilent Technologies 6230
TOF LC/MS spectrometer (Applied Biosystems, Santa Clara, CA, USA). Nitrogen was used as the
nebulizing and desolvation gas. Graphs were generated using Origin 8.5 for PC (Originlab
Corporation, Northampton, MA, USA).
4.9. UV‐VIS Spectroscopy
To conduct UV‐VIS Spectroscopy, 0.5 mg of pigments, electrochemically isolated from
Cirrhipathes sp. (Figure 1), were dissolved in 1 mL of 0.1 M KOH. The spectra were measured by
JASCO V‐750 spectrometer, in the wavelength range of 200 to 800 nm, which was operated at a
resolution of 5 nm using a quartz cuvette with path length of 1 cm (quartz suprasil, Hellma Analytics,
Müllheim, Germany).
4.10. Scanning Electron Microscopy (SEM)
The specimens were fixed on an aluminum sample holder with conductive carbon adhesive tabs
and were sputtered with platinum for 15 s at a distance of 30 mm by an Edwards S150B sputter coater.
The scanning electron micrographs were observed using a high‐resolution Hitachi S‐4700‐II (Hitachi,
Ltd., Tokyo, Japan) equipped with a cold field emission gun.
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5. Conclusions
In the present work, we utilized the in‐situ electrolysis of a 1.9 M Na2SO4 aqueous solution in
the CEM of an electrolyzer as the method for isolating chitinous scaffolds from Cirrhipathes sp. black
coral. The final results of the electrochemically‐assisted isolation of chitin were a colorless,
membrane‐like film, and catechol‐based extracts. The digital light and scanning electron microscopy
investigations of this final product revealed that, despite the highly alkaline environment of the
catholyte and the destruction of proteins within the coral’s skeleton, the general spatial structure of
the sample preserved its original membranous formation, with regular pores up to 100 μm large.
Further characterization of the isolated sample with various techniques proved that a pure chitinous
scaffold can be obtained via the application of the described method. Moreover, as the ATR‐FTIR
spectroscopy analysis showed, the electrochemically‐supported isolation process does not cause a
chitin–chitosan transformation, and the obtained scaffold was fully α‐chitin. All these features,
boosted additionally by the advantages of the electrolysis method (i.e., reduction of time treatment
and amount of chemicals used), show that our method can be considered as an alternative to the
standard chemical chitin extraction process. Thus, without doubt further development of the
electrochemical isolation of chitin from marine sources should be carried out in the near future.
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